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SUMMARY 

The distal airways can become obstructed and limit lung function in many 

pulmonary diseases, both acute and chronic. This small airway dysfunction results from 

aberrant mechanical forces, inflammatory mediators, abnormal fluid properties, and other 

factors. However, studying these contributions to small airway disease is challenging. 

Existing methods, such as biopsy of human tissue, animal models, and 2D in vitro models 

cannot reflect the dynamic processes of fluid-mediated injury and inflammation in the 

small airways with adequate precision and control. Therefore, in this thesis we develop 

methods to model the small airways in vitro using microphysiological systems (MPS). 

MPS are complex cell culture models that capture functional aspects of the tissue in a 

human-cell based, controlled microenvironment. Here, we utilize microfluidic platforms 

and high-throughput culture systems to recreate phenomena that contribute to small airway 

injury. In Aim 1, we demonstrate that fluid-mediated injury results in small airway 

epithelial cell death. In Aim 2, we develop a high-throughput method for generation of 

small airway air-blood barrier mimetic microtissues that respond to viral exposure with 

epithelial-endothelial coordination. Finally, in Aim 3 we apply the air-blood barrier array 

(ABBA) to develop a standardized, high-throughput method for modeling and studying the 

infiltration of neutrophils into the epithelial lumen. we demonstrate the model’s disease-

mimetic capability and generate patient-specific dose-response curves for anti-

inflammatory therapeutics. Overall, this thesis contributes substantially to the field of lung-

mimetic microphysiological systems and demonstrates novel applications of such systems 

for the investigation of complex components of small airway dysfunction. 
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CHAPTER 1.  INTRODUCTION AND LITERATURE REVIEW 

Portions of this chapter are reproduced from “Viola, H. et al. Microphysiological systems 

modeling acute respiratory distress syndrome that capture mechanical force-induced 

injury-inflammation-repair. APL Bioeng. 3, 041503 (2019)”1 with the permission of AIP 

Publishing. 

1.1 Introduction 

1.1.1 Pulmonary anatomy 

The lungs perform gas exchange with circulating blood to maintain cellular 

respiration. Gas exchange is performed in the alveoli, a sponge-like network of sub-

millimeter air sacs that create a surface area of over 50-100 square meters in the adult 

lungs2. The alveoli are interspersed with capillaries that deliver oxygen-depleted blood for 

diffusive exchange of blood carbon dioxide and air oxygen. Alveo-capillary gas exchange 

tissue comprises about ¾ of the lung’s total volume with the other ¼ occupied by gas 

conducting airways that efficiently move gas in and out of the lungs during respiration2. 

The bronchioles, or small airways, are conduits smaller than 2 mm in diameter that 

comprise the last few generations of conducting airways before gas reaches the alveoli. 

The proximal bronchioles are ~2-0.5 mm diameter airways lined with a pseudostratified 

epithelium containing mucus-producing goblet cells, ciliated cells, secretory and basal 

cells3.  The more distal terminal bronchioles are approximately 0.2-0.2 mm diameter 

airways and transition to primarily exocrine, dome-shaped, monolayered club cells. In this 

region, air transport transitions from laminar bulk flow to diffusion2,4. The respiratory 
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bronchioles are the smallest and most distal airways that are interspersed with alveoli. In 

these airways and in the alveoli, air moves only by diffusion.  

1.1.2 Small airway pathophysiology 

The small airways can become resistant to air flow due to disease processes such 

as inflammation, airway constriction, transient or permanent obstruction, airway or lobe 

collapse, or fibrosis5. Resultantly, the affected lungs become less efficient at exchanging 

oxygen and carbon dioxide, leading to systemic negative health effects3,5. This 

phenomenon, termed small airway dysfunction, has been documented in a number of lung 

diseases including chronic obstructive pulmonary disease (COPD)6, cystic fibrosis (CF)7,8, 

acute respiratory distress syndrome (ARDS)1,9, bronchiolitis obliterans (BOOP)10, 

particulate exposure3,11, asthma12, and many others, especially primary bronchiolar 

disorders5.  

Therefore, physicians and researchers are interested in studying the cellular and 

molecular pathophysiology of small airway dysfunction so that effective treatments can be 

developed. Investigations so far have led to tremendous advances in understanding disease 

processes in the small airways. These investigations have shown that common features of 

diseased small airways across etiologies include abnormal fluid properties (volume, 

viscosity, composition), immune cell infiltration, epithelial injury, and airway tissue 

remodeling5. The involved mediators of injury, inflammation and remodeling are disease-

specific, though the overall features are similar. Further advances are required because 

therapeutics are not yet available to curb small airway dysfunction. 
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Figure 1-1 Injury-inflammation-repair in lung disease 

Inflammation and fibrosis (resolving or non-resolving) cooperate to remodel tissue after 

injury13,14. Both processes are heavily influenced by stressors in the tissue 

microenvironment. In various diseases, mechanical forces arising from surfactant 

dysfunction15, mechanical ventilation16, mucus dysfunction17,18, or other stressors interfere 

with the tissue repair process by re-injuring the tissue, thereby inducing inflammation19 

and promoting fibrosis20,21. The interactions between tissue stress, inflammation and 

remodeling can direct the tissue towards successful tissue repair or towards aberrant 

remodeling that consists of progressive fibrosis and systemically dysregulated immunity. 

 

1.1.3 Established methods of studying small airway disease 

Unfortunately, the small airways are difficult to access directly in living human 

patients. Biopsies present patient risk and are rarely performed in routine clinical care. 

Therefore lung tissues are routinely obtained from deceased patients, biasing pathology 
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studies towards severe disease. Additionally, pathology studies cannot characterize the 

entire organ and lack information on the composition of the soluble mediators in the airway 

and capillary microenvironment. 

The distal airway lumen can instead be sampled in human patients using 

bronchoalveolar lavage, wherein the deep lungs are rinsed with a saline solution22. The 

saline rinse collects liquid and debris from the surface of the epithelium in the small 

airways and alveoli, allowing characterization of the cellular and molecular components 

present during disease. BALF studies have yielded tremendous insights into the 

pathophysiology of disease in the distal lungs22–25. However, they do not provide temporal 

or spatial information: that is, the arrangement of cells and tissues in space and the ways in 

which that arrangement evolves over time. Additionally, BALF is diluted with an 

impossible-to-quantify volume of saline, making quantitative comparison between 

different BALF samples unreliable, even across the same patient over time22,26–30.  

Various animal models have also been established to study small airway disease. 

Mice lack the respiratory bronchioles that comprise a crucial portion of the small airways 

in humans31. Therefore larger mammals such as rats32, minipigs33, sheep34 are employed to 

investigate the small airways, with increased associated expenses.  In animal models, 

pathology sections can be obtained at any stage of disease, and whole-organ dissociation 

followed by genomic analysis or flow cytometry can provide information about the cellular 

composition of the organ. BALF can be collected like in human lungs26. However, most of 

the same limitations to pathology and BALF apply in animals, and new constraints are 

introduced. Species-specific differences in gene expression, molecular mechanisms, and 

cell functions present a barrier to human translation35,36. Animal models at present do not 
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capture the clinically observed variation in disease presentation, termed subphenotypes, 

nor the individual patient-specific differences in disease progression and tissue 

microenvironment1,37,38.  

 

1.2 Modeling pulmonary physiology in vitro 

1.2.1 Traditional Models 

To understand the biological mechanisms that drive pulmonary disease, preclinical 

models are essential. The ideal preclinical model of pulmonary pathophysiology should 

recapitulate only the critical aspects of the complex disease microenvironment, focusing 

on a specific disease and its pathophysiologic features. Current models are limited in their 

ability to represent human pathophysiology for the study of disease and drug mechanisms. 

2-D monoculture of the airway epithelium in vitro cannot capture intricacies of 

inflammatory networks and crosstalk between processes of injury, inflammation and 

remodeling. This culture method typically also neglects tissue-level stresses such as 

mechanical force and does not account for fluid stresses that are dominant in many lung 

diseases due to surfactant depletion, bronchoconstriction, pulmonary edema, and other 

causes. Finally, cell lines are limited in their relevance to pathophysiology. However, 

primary human cells are becoming more accessible. For example, the Marisco Lung 

Institute’s CF Center Tissue Procurement and Cell Culture Core has pioneered isolation 

and culture techniques for primary human lung cells39. 
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Animal models, notably mouse models, capture complex interactions between 

injury, inflammation and tissue repair in the lungs. However, species-specific differences 

in lung physiology and molecular pathophysiology could interfere with attempts to test 

therapeutics and investigate disease mechanisms. There is conflicting evidence regarding 

whether murine gene expression profiles in response to lung injury correlate well with 

those in humans. Sweeney et al. argue for significant similarity between murine and human 

inflammation after lung injury40,  although limitations to this study include the small human 

sample size (n=3) and the number of genes evaluated (n=432). Seok et al., in contrast, 

assert that when comparing almost 5,000 human and murine genes altered by the same 

inflammatory stressors (i.e., burn, trauma, hypoxemia), mouse models of inflammation 

show a close to random (R2 between 0-0.1) association to human gene counterparts41. 

However, a comprehensive determination has not been reached about the relevance of 

murine gene expression to human disease. Therefore, there is interest in studying human 

specimens to complement animal studies.  

Inherent limitations hinder the study of primary human specimens. It is impossible 

to control the cell types (e.g., immune cells, epithelium, fibroblasts) and mediators (e.g., 

cytokines, chemokines, extracellular matrix components) present in a patient’s lung 

microenvironment, limiting the ability to interrogate individual components’ contribution 

to pathophysiology. This limitation can result in studies that are descriptive rather than 

mechanistic. Biopsy samples are acquired primarily from deceased patients because 

biopsies are a high-risk procedure for living patients. Because of this, human lung samples 

are biased towards severe disease and provide little opportunity to study the evolution of 

the disease microenvironment from early to late stage. Bronchoalveolar lavage fluid 
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(BALF) provides a snapshot of the distal lung’s cytokine, immune cell, and mucus content, 

but cellular-level mechanisms cannot be positively inferred without corroborating in vitro 

data. Overall, human samples are a vital component of lung pathophysiology research but 

corresponding in vitro data from more sophisticated models is needed to study specific 

mechanisms.  

1.2.2 Modelling lungs in microphysiological systems  

Microphysiological systems (MPS) are advanced in vitro culture platforms that 

mimic human tissue-level function and microenvironment by incorporating factors such as 

co-culture, three-dimensional geometry, cell migration, and mechanical cues1,42. MPS 

therefore bridge the gap between animal models and human pathophysiology, providing a 

third paradigm for the study of complex disease processes and drug mechanisms.   

 

Figure 1-2.  In vitro model design schematic 

Iterative adjustments to model parameters, such as genetics (e.g., MUC5A over-

expressing epithelium), physical forces, degree of initial injury, degree of fibrosis, and the 

type and ratio of inflammatory mediators, could enable the development of a model that 

produces biomarkers or functional characteristics (e.g., response to therapeutics, response 
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to mechanical strain, immune cell phenotype changes such as enhanced NETosis), 

mimicking those of a specific disease. The model should also be validated by testing 

functional outputs such as barrier function of the epithelium, and tissue healing.  The final 

model provides the opportunity for pathophysiological mechanisms of disease to be 

clarified and for drug candidates to be tested in vitro. Both pathophysiology and drug 

testing will help predict whether a certain disease is likely to respond to novel treatments. 

Of course, the challenge of recreating a pathophysiology that is poorly understood, 

for the purpose of advancing its understanding, cannot be overstated. MPS are uniquely 

suited to undergo iterative prototyping until a desired pathophysiological feature is 

adequately captured. This strategy is illustrated in Figure 2-1. MPS designers compare 

their prototype to the human phenotype using metrics such as biomarkers, immune cell 

phenotypes, and responses to stimuli (e.g., strain, hypoxia, infection). The prototype is then 

adjusted to better reflect in vivo metrics through the precise control of microenvironmental 

factors such as cell types, inflammatory and fibrotic mediators, and type/degree of 

mechanical force. MPS capture disease processes to the extent necessary to produce 

specific outcomes but remain simple enough to obtain a high signal-to-noise ratio, which 

is a desirable feature of in vitro models.  

This work aimed to construct microphysiological systems that replicate pulmonary 

physiology and pathophysiology. we focus on mechanical forces and inflammation 

because they are central to pulmonary pathophysiology, difficult to capture in vitro with 

traditional methods, and readily adaptable to existing MPS technology.  

1.2.3 Mechanical forces in the distal lungs  
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Small airway disease is associated with airway closure or obstruction. In some 

cases, this is caused by excess fluid, surfactant dysfunction, or hyperviscous fluid in the 

distal airways. All of these can lead to repeated airway closure and reopening that damages 

the small airways. Experimental and computational models have shown that large 

mechanical forces are imparted on the airway epithelium due to this stress and that these 

forces lead to epithelial injury (Figure 2-2). 

 

1.3 Capturing Mechanical Forces in MPS 

Lung mechanical forces can be categorized broadly as compressive stress, shear 

stress, and stretch (Figure 2-2(B))43. Shear stress is the force per area that acts parallel to 

a plane; often considered a “slipping” force. Strain (stretch) is the change in length of a 

plane divided by the initial length. Compressive stress is the force per area applied 

perpendicular to a plane; it includes pressure and normal force. The effects of mechanical 

forces on pulmonary epithelia have been studied in vitro for several decades44,45. Most 

models incorporate membranes that allow for strain or compressive stress to be applied to 

well-differentiated cell lines or primary airway cells in air-liquid interface (ALI) culture.  

Complex fluid stresses also contribute significantly to lung injury16,46–48. 

Investigators have modeled the fluid stresses imparted by liquid plug propagation and 

rupture, small airway collapse and reopening, and alveolar collapse and reopening. The 

Gaver group was first to report an in vitro system for modeling the stress field associated 

with alveolar recruitment using a moving air bubble (Figure 2-2(D)49,50). They showed 

that slower bubble speeds increase cell death, despite a milder shear gradient, because the 
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pressure gradient is significantly increased51. In the same moving air bubble model, 

Higuita-Castro et al. showed that increasing the substrate stiffness caused greater cell death 

after 1 and 5 bubbles52 (Figure 2-3(C)).  

Additionally, Takayama and colleagues modeled liquid plug propagation and 

rupture in vitro53,54 (Figure 2-3(A)53,55,56). They found that liquid plug propagation caused 

cell death even without plug rupture. To explain this observation, Fujioka, Grotberg et al. 

showed that the front meniscus of a moving liquid plug imparts large stresses on the airway 

wall due to a narrow capillary wave that appears ahead of the plug’s leading edge (Figure 

2-2(C), capillary wave circled)55,56. Recently, Muradoglu, Grotberg et al. also showed that 

surfactant reduces the mechanical stress imparted by the liquid plug57. In an alveolar 

closure/reopening model, Douville, Takayama et al. showed that repeat strain combined 

with fluid stress caused cell death and detachment, suggesting a mechanism for how 

atelectasis affects lung function58 (Figure 2-3(B)). The work of the preceding investigators 

has brought attention to the major role of fluid stresses in promoting lung injury.  
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Figure 1-3. Physiologic mechanical forces in the bronchoalveolar region and their 

computational models 

A. The acinus is a group of alveoli sharing a common terminal bronchiole (d or h); acini 

e, f, and g are depicted in this figure. Acinus e is cut off from air flow by the stagnant plug 

at d; acinus f is overinflated, and acinus g is flooded with proteinaceous fluid. B. Shear, 

strain, and compression are the main components of force present in the lungs, either 

independently or in concert. In the above depiction, strain results from overinflation of 

acinus (f) due to obstruction of acinus (d) and collapse of acinus (g). Compression of 

adjacent acini results from the overinflation of (f). Shear stress is a component of the stress 

field produced during airway reopening at (h)49,50. Interfacial flow damages the small 

airways when liquid plugs propagate and rupture during inspiration53,54 (a-c). Transient 

liquid plugs form when the small airways collapse slightly and liquid on either side of the 

airways meets, forming the plug depicted in a. Upon inspiration, the plug is pushed by 

pressure-driven flow, becoming thinner and thinner (b) until it loses integrity and pops (c), 

creating the crackle sounds that are observed upon auscultation of the lungs. C. Hassan et 

al.56 modeled liquid plug propagation and rupture and found that the leading edge of the 
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plug creates a narrow capillary wave (circled). The wave’s extreme pressure gradient 

imparts severe stress on the airway wall. D. The first in vitro model of airway reopening 

was introduced by Bilek et al.49. Using this model, Yalcin et al. found that smaller airway 

diameters experience greater stress50. C. Reproduced with permission from E.A. Hassan, 

E. Uzgoren, H. Fujioka, J.B. Grotberg, and W. Shyy, Int. J. Numer. Methods Fluids 67, 

1373 (2011). Copyright 2011, John Wiley and Sons. D. Reproduced with permission from 

A.M. Bilek, K.C. Dee, and D.P. Gaver, J. Appl. Physiol. 94, 770 (2003). Copyright 2003, 

American Physiological Society 
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Figure 1-4. MPS models of mechanical force in lung disease 

(A)(i)  A microfluidic device replicates the generation of crackle sounds frequently heard 

in the distal airways of patients with pulmonary edema. (ii) The device generates liquid 

plugs that propagate and rupture in channels over alveolar type I pneumocytes. (iii) Plugs 

result in epithelial cell death (red) during propagation (left) and especially at the rupture 

site (right). Scale bar, 150 µM. (iv) Fluid dynamic simulations show that the leading edge 

of the plug applies severe shear stress to the epithelium55,56. Reproduced with permission 

from PNAS 104.48, 18886-18891 (2007). Copyright 2007 National Academy of Sciences53. 

(B)(i) Douville et. al report a device that applies simultaneous fluid shear stress and 

mechanical strain to alveolar epithelium; vacuum stretches the membrane and 

simultaneously lowers the fluid level. (ii) Fluid stress and strain result in death (red cells) 

and detachment of alveolar epithelium in the device. Scale bar, 1 mm. Reproduced with 

permission from Lab Chip, 11, 609-619 (2011). Copyright 2011, Royal Society of 

Chemistry58. (C)(i) Higuita-Castro et al. mimic small airway or alveolar reopening by 

propagating an air bubble over the epithelium52. The device design, first conceived by Bilek 

et al.49,  has been extensively used to characterize the damage of liquid stress during 

atelectasis and airway reopening50–52,59,60. (ii-iii) Higuita-Castro et al. show that the fluid 

meniscus causes increasing cell death and detachment with increasing substrate stiffness. 

Reproduced with permission from N. Higuita-Castro, C. Mihai, D.J. Hansford, and S.N. 

Ghadiali, J. Appl. Physiol. 117, 1231 (2014). Copyright 2014 American Physiological 

Society. 

 

1.3.1 Limitations of mechanical force MPS  

Few pulmonary force models consider the physical properties of the extracellular 

matrix, such as stiffness and substrate ligands. It is well established that substrate ligands 

affect epithelial and endothelial properties and that focal adhesions mediate 

mechanosensing61,62. Of relevance to mechanical force models, aligned collagen fibers in 

the substrate amplify cell-cell mechanotransduction across distances greater than several 

cell diameters63. In the moving air-finger model (Figure 2-3(C)49–52,59,60), Higuita-Castro 

et al. showed that increased substrate compliance leads to greater cell detachment and less 

necrosis52. More investigation is needed to determine the effects of substrate properties on 

physiology in mechanical force models.  
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Mechanical force models rarely contain multiple stress types, despite indications 

that stressors work synergistically to promote injury. For example, simultaneous surfactant 

loss and overstretching of the alveoli cooperatively promote secondary lung injury during 

mechanical ventilation64,65. Even models that do capture complex force combinations or 

stress fields often fall short of describing the force’s downstream effects on the tissue. Huh 

et al. and Douville et al., shown in Figure 2-3(A-B), capture complex forces but 

characterize only cell death and detachment. Ghadiali and colleagues, in contrast, have 

characterized mechanotransduction in the moving air-finger model (Figure 2-3(C))52,59,60. 

Still, both models lack immune and fibroblast coculture.   

 

1.4 Capturing Inflammation in MPS 

1.4.1 Immune cell infiltration in the small airways 

In addition to mechanical force, infiltration of immune cells significantly 

contributes to small airway disease. The characteristics of pulmonary inflammation in the 

distal lungs depends on the disease in question. Inflammation can be acute or chronic; 

concentrated into granulomatous lesions or dispersed diffusely amongst the tissue; and 

composed of different immune cell subsets depending on the disease, timing, and particular 

region of the distal lung under consideration66,67. Further, both innate and adaptive arms of 

the immune system can contribute to the inflammatory milieu.  

Nevertheless, the first cells to migrate into a new site of infection or injury are likely 

to be neutrophils. These innate immune cells form the second line of defense after tissue-

resident macrophages. Upon arrival, they upregulate phagocytosis to clear debris and 



 16 

pathogens. They release pre-packaged granules containing pro-inflammatory cytokines, 

chemokines, and antimicrobial enzymes like neutrophil elastase and matrix 

metalloproteases. They also interact with epithelial cells, endothelial cells, and 

macrophages that are already present in the microenvironment.  

Although not the only cells responsible for inflammation, neutrophils comprise the 

majority of inflammatory cells in the distal lungs of patients with ARDS68, COPD69, 

neutrophilic asthma70, bronchiolitis obliterans71, viral lower respiratory infection72, and 

other lung diseases73. Therefore, much attention has been paid to studying and modelling 

neutrophilic inflammation. 
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Figure 1-5. Models of pulmonary inflammation in vitro 

(A)(i) A microfluidic small airway-on-a-chip replicates the endothelium, interstitial 

fibroblasts, and epithelium. (ii) Fungal infection is simulated by inoculating the epithelium 

with WT Aspergillus fumigatus, a model fungal pathogen. (iii) Neutrophils are added to 

the endothelial channels after the hyphae have extended into the interstitial space. Scale 

bar, 200 µM. (iv) Neutrophils chemotax from the endothelium through the interstitium 

towards fungal hyphae, attracted by volatile compounds produced by the fungus. Scale 

bars, 100 µM. Reproduced with permission from Nat. Com., 8 (2017)74 under CC BY 4.0 

(https://creativecommons.org/licenses/by/4.0/). (B)(i-ii) A microfluidic alveolus-on-a-chip 

incorporates strain and neutrophil transmigration in a bilayer epithelium-endothelium 

coculture model. (iii) E. coli on the epithelium attracts neutrophils to transmigrate from 

the basal channel through endothelium and epithelium. (iv) Two e. coli bacteria (green) 

on the epithelium are chased and phagocytosed by a neutrophil (red) on the epithelium of 

the device. From D. Huh, B.D. Matthews, A. Mammoto, M. Montoya-Zavala, H.Y. Hsin, 

and D.E. Ingber, Science 328, 1662 (2010). Reprinted with permission from AAAS75.  

 

1.4.2 Challenges of modelling inflammation in MPS 

The choice of cell types, source, and degree of activation or polarization can greatly 

affect cell phenotype and responses to stimuli. Tissue repair in vivo involves the migration, 

activation, and cross-contact of multiple cell types including fibroblasts, neutrophils, 

monocytes, and lymphocytes. The ideal model would capture a high degree of in vivo cell 

functionality including fibroblast proliferation, immune transmigration and in situ 

activation, degranulation, NETosis, and elevated phagocytosis. However, many of these 

behaviors are difficult to control and modulate in complex model systems with multiple 

cell types. For example, TGF-β activates fibroblasts but may have concurrent effects on 

the epithelium and immune cells. MPS should capture the minimal activation necessary to 

recapitulate the disease mechanism of interest.  

Barkal et al., for example, focused on neutrophil activation in their small airway-

on-a-chip model of fungal infection. Neutrophils migrated towards volatile fungal 

https://creativecommons.org/licenses/by/4.0/
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chemoattractants through the endothelium and epithelium (Figure 2-4(A))74. In a model of 

invasive aspergillosis, the device recapitulated the well-characterized inflammatory 

cytokine response and increased recruitment of neutrophils observed in murine and 

zebrafish models. In another example, Choe et al. focused on activation of fibroblasts76. 

They applied strain to a co-culture of human bronchial epithelial cells atop a fibroblast-

seeded collagen gel. They found that strain induced myofibroblast differentiation and type 

III & IV collagen deposition. Both myofibroblasts and type III collagen were concentrated 

close to the basal side of the epithelium, suggesting that the epithelium is a source of 

profibrotic mediators that promote matrix remodeling. Their in vitro model included the 

minimum cell types and activating stimuli to capture remodeling events. Furthermore, the 

model showed that the pathway is not mediated by immune cells, because they are not 

present. Rational choice of the required cell types and activating stimuli enables MPS to 

remain simple enough for analysis but sophisticated enough to capture inflammation and 

remodeling in vitro. 

Immune cell and fibroblast cocultures greatly improve the physiological relevance 

of ARDS MPS but present significant design challenges. First, very few MPS have studied 

the impact of mechanical strain on fibrosis. Swartz20 and Choe76 showed that strain-induced 

fibrosis can be mediated by the epithelium, but such mechanical force pathways that induce 

fibrosis are likely complex and multifactorial. As such, they should be further explored in 

MPS that can incorporate physiological forces in co-culture systems. Additionally, the 

presence of multiple cell types obfuscates the source of inflammatory and fibrotic 

mediators (e.g., cytokines, proteases, miRNA, reactive oxygen species, TGF-β). To 

overcome this hurdle, MPS data is sometimes analyzed with systems biology techniques 
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similar to those used to parse out in vivo signaling pathways77,78.  

Additionally, airway epithelia, especially from primary cells, require many days to 

weeks to polarize. Media optimization may not be adequate to maintain the health and 

desired phenotype of all cell types present in co-culture in the long term. Sellgren et al. 

reported a triple co-culture of primary airway epithelium, fibroblasts and endothelium and 

noted that an airway-like phenotype (cobblestone morphology, mucus production and cilia) 

was difficult to maintain in coculture conditions79. MPS designers should consider if long-

term co-culture can be avoided, and if not, what media formulations can maintain co-

cultured cells in their desired phenotypes.  

Substrate properties and mechanical forces also affect immune and fibroblast cell 

phenotypes. MPS should have physiologically relevant physical forces and substrate 

properties so that immune and fibroblast phenotype mimic those in vivo. While models 

have independently considered immune cell and fibroblast mechanobiology in response to 

single stresses such as substrate stiffness or mechanical force, few combine multiple stress 

types in the same microenvironment.  Although Huh et al. 2010 (Figure 2-4(B)) 

incorporated interstitial flow, strain and transmigration into their alveolus on-a-chip, they 

did not study how these forces affected the neutrophils in the model. 

 

1.5 Challenges of Modeling the Lungs in MPS 

1.5.1 Complexity 
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A major challenge of designing MPS is determining the level of model complexity. 

An overly complex model will produce noisy data, but an overly simplistic one is not 

useful. One option is to utilize functional readouts that are already familiar to the biology 

community, such as phenotypic assays (e.g., assays for bacterial phagocytosis and killing 

by neutrophils), to reduce the dimensionality of the data while keeping the model relatively 

complex. MPS are, however, limited in how complex they can become before losing 

physiological relevance. A model that is too complicated could create conditions that 

induce non-physiological cell behaviors. Additionally, elaborate models are difficult to 

fabricate which limits their throughput and accessibility to the greater research community. 

Designers must consider what aspect of pathophysiology they desire to model and carefully 

consider what features are necessary to capture the phenomenon while minimizing the 

components of the system.  

Pulmonary pathophysiology is complex and involves multiple stages with different 

characteristics. The designer must consider how much disease progression they will model. 

For example, Huh et al. captured pulmonary edema, fibrin deposition and impaired gas 

exchange in response to toxic levels of IL-2 in a lung-on-a-chip microdevice including only 

the epithelium and endothelium (Figure 2-5). They discovered that immune cells and 

fibroblasts were not necessary to produce these tissue-level functions, but strain was 

necessary, indicating that strain a significant initiator of early pulmonary drug toxicity 

responses in vivo.  
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Figure 1-6. In vitro models of the lung microenvironment could be applied to study 

fibroproliferative disease in ARDS 

(i) A lung-on-a-chip that replicates vascular leakage leading to pulmonary edema and 

fibrin clotting75. (ii) Strain is applied, by pulling vacuum on either side of the chamber, to 

a membrane (iii) with alveolar epithelium on the apical side and endothelium on the basal 

side. Scale bar, 200 µM. (iv) IL-2 induces endothelial and epithelial permeability allowing 

basal media loaded with prothrombin and fibrin to pass through the membrane and flood 

the apical channel, simulating pulmonary edema. Scale bar, 200 µM. (v-vi) Fibrin clots 

form on the apical channel after it becomes flooded with basal media containing fibrin and 

prothrombin. Scale bar (v), 50 µM. Scale bar (vi), 5 µM. From D. Huh, D.C. Leslie, B.D. 

Matthews, J.P. Fraser, S. Jurek, G.A. Hamilton, K.S. Thorneloe, M.A. McAlexander, and 

D.E. Ingber, Sci. Transl. Med. 4, 159ra147 (2012). Reprinted with permission from AAAS.  

Conversely, designers must consider whether even the most complex MPS is 

comprehensive enough to replicate the phenomenon of interest. For example, a single MPS 

could not capture multiple organ failure. Systemic dysregulated immunity that is observed 

in sepsis is likewise unlikely to be captured in a single MPS. Many MPS also lack an 

immune component, a challenge that has not been addressed sufficiently. However, the 

simplicity MPS compared to in vivo models is often a benefit because it allows the isolation 

of confounding factors from the system, such as in Choe76 and Huh75. 

1.5.2 Heterogeneity 
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Primary human cell heterogeneity is also a significant challenge. Quality control of 

primary-cell-sourced cultures is difficult, especially in microfluidic culture with very small 

cell populations, due to variability across patients and even among cells from a single 

source. Conversely, models constructed with cell lines typically lack adequate cell 

heterogeneity. For example, models of the small airways that use the H441 club cell line 

lack the small populations of goblet cells, basal cells, and macrophages also present in this 

microenvironment. Most MPS mimicking the alveoli only include alveolar type I 

pneumocytes and neglect type II pneumocytes, macrophages, and fibroblasts. Mertz et al.80 

provides a discussion of the considerations of cell heterogeneity in MPS. 

1.5.3 Data collection in microfluidic systems 

 Traditional assays are difficult to adapt to microfluidic MPS. Epithelial barrier 

permeability is usually absent from microfluidic devices, especially real time 

permeability81. This measure of epithelial response to stress and recovery from injury 

would greatly increase the information provided by microfluidic MPS. The scratch wound 

assay is a common metric of epithelial repair and recovery from injury that has only been 

adapted to microfluidics by Felder et al.82,83 in a custom device. Cytokine levels produced 

by very small cell numbers could fall below the detection limit of Luminex or ELISA 

assays. The MPS designer who considers microfluidics should determine whether their 

study will be sensitive to these limitations.  

1.5.4 Clinical relevance 

Finally, for MPS to move from proof-of-concept to clinical application, close 

cooperation with clinicians and the medical research community is essential. Clinicians 
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connect researchers with urgent medical needs of patients and help researchers design their 

models in the context of a specific motivating question. Researchers in disease-specific 

fields provide essential information from studies of primary samples and basic science 

experiments that direct the design of more complex systems. An accurate model will be 

validated against clinical data and will recapitulate relevant aspects of disease-specific 

pathophysiology or treatment.  

 

1.6 Outlook 

Despite the challenges of using MPS for lung research, opportunities abound. Such 

models could elucidate mechanisms that drive tissue repair towards regenerative or 

maladaptive responses to injury. Additionally, MPS can be applied to study pulmonary 

drug delivery for surfactant replacement or other therapies84. MPS are applicable to lung 

diseases: asthma and bronchiectasis endotypes have been described recently, and similar 

to ARDS, little is known about the biological mechanisms behind them85,86. However, both 

diseases also involve inflammation, remodeling and mechanical force in the lungs. 

In conclusion, MPS have transformed in vitro cell culture and opened the door to 

complex in vitro analysis that could uncover these biological mechanisms and accelerate 

the translation of new phenotyping methods to critically ill patients. Overall, MPS have 

tremendous potential to reveal patient-specific biological endotypes which would improve 

personalized outcomes of importance to patients. 
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CHAPTER 2.  OBJECTIVE OF THIS THESIS 

As established in Chapter 1, certain lines of investigation into small airway disease are 

inaccessible using traditional methods such as animal models, primary human specimens, 

and in vitro monoculture. Particularly, several central mechanisms of small airway injury 

are excluded from investigation with these methods. Improved methods of studying small 

airway fluid mechanical injury and inflammation could therefore lead to novel treatments 

that address these mechanisms. The goal of this thesis is therefore to establish novel small 

airway microphysiological models for the study of small airway diseases.  

In Aim 1, we establish a novel microfluidic lung-on-a-chip that recapitulates the 

dimensions and fluid properties of the distal airway. We generate controlled-volume liquid 

plugs using electronically actuated valves and propagate plugs to injure primary small 

airway epithelial cells in the microfluidic device. We demonstrate that alteration of fluid 

viscosity increases plug propagation speed, indicating a role for viscosity in airway 

epithelial injury. 

In Aim 2, we model the small airway air-blood barrier (ABBA) in high-throughput 

using automatable techniques. This Aim provides a critical in vitro platform for the 

investigation of epithelial-endothelial interactions that potentiate barrier function. We 

establish novel methods for the generation of a 96-well ABBA and demonstrate dose-

dependent epithelial-endothelial responses to viral and bacterial mimics, as well as live 

virus.  
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In Aim 3, we extend the ABBA platform developed in Aim 2 to perform a 

neutrophil transmigration assay. We show that neutrophils migrate and become activated 

dose-dependently and without edge effects. We demonstrate that the transmigration model 

recapitulates key features of CF airway disease. Finally we generate dose response curves 

of two inflammation-modulating therapeutics to compare their potency for two donors.  

Overall, this thesis contributes novel methods for the generation of small airway disease-

relevant microphysiological systems. The methods established herein form the foundation 

for investigations of small airway disease pathophysiology in a tightly controlled 

microenvironment that captures functional disease mechanisms, including fluid 

mechanical stress, barrier potentiation and immune cell recruitment.  
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CHAPTER 3.  MICROFLUIDIC MODEL OF PULMONARY EDEMA IN THE 

DISTAL AIRWAYS 

3.1 Introduction  

The distal airways are coated in a thin layer of airway surface liquid that keeps the 

epithelial cells hydrated, sequesters pathogen and particles for clearance, and has 

antimicrobial properties87–89. However, the annular liquid coating is subject to the Rayleigh 

instability, which is the result of fluids’ tendency to minimize their surface area. In the 

liquid-lined airway, Rayleigh instability describes the instability of the interface between 

the air and the liquid coating the airways. The instability manifests as coalescence of the 

liquid lining into an obstructing liquid plug90 (Figure 3-2). In healthy airways, the Rayleigh 

instability is minimized by the presence of surfactant in the airway surface liquid that 

lowers the surface tension at the air-liquid interface. Therefore, the probability of liquid 

plug formation is significantly reduced to start out with and the fluid mechanical stress of 

any plugs that do form are low making this not typically a problem in healthy individuals54.  

Under disease conditions, however, liquid plugs can appear in much larger numbers. 

Causes include surfactant dysfunction, excess fluid volume, and alterations in the airway 

surface liquid viscosity91. The liquid plugs can be pushed along the airway during 

breathing. As they propagate, they leave behind their liquid volume until the meniscus 

becomes too thin and the plug pops47. This phenomenon is thought to create the lung 

sounds called crackles that are heard by a physician with a stethoscope47. Crackles are 

associated with a number of lung diseases and serve as a non-specific indicator of potential 
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illness when observed in the clinic47. Additionally, experimental evidence suggests that 

they contribute to pathophysiology in distal lung diseases1,47.  

Liquid plugs are poorly understood owing to complexity of fluid mechanics analysis 

and limited availability of experimental model systems. Observation of this process within 

a live animal or ex vivo organ is incredibly difficult, because of control the flow of air and 

liquid within a given airway precisely and in imaging the flows. Conditions that lead to 

plug formation is also typically confounded by other factors, cell types, structures, etc. 

making analysis of the effect of the fluid mechanical events difficult. Previously our group 

modeled liquid plug propagation and rupture in a microfluidic system, showing that liquid 

plugs induce epithelial cell death53,54,92. This system had a two-inlet two-outlet design with 

continuous air- and liquid-flow with intermittent diversion of air flow to generate the plugs. 

The two-outlet design made stable long-term operation (more than ~10 minutes) difficult 

due to rapid uneven resistance build up between the two outlet channels owing to the 

continuous inflow of liquid. Therefore, we were unable to investigate long-term impacts of 

liquid plug generation on the airway epithelium. 

Here, we describe a device that has a two-inlet one-outlet design that can maintain 

long-term stable operation. Additionally, the new device has a more physiologically 

curved, rather than rectangular, cross-sectional shape, has a much lower liquid inflow rate, 

and has a more physiologically-relevant mechanism of liquid plug formation. To assess 

stability and robustness of the new device, we analyze liquid plug generation stability and 

generate plugs with viscosities significantly higher than that of aqueous solutions used 

previously.  
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3.2 Materials and Methods 

Figure 3-1. Process for fabrication of microfluidic small airway-on-a-chip 

3.2.1 Microfluidic device fabrication 

Microfluidic device fabrication followed the process depicted in Figure 3.1. In 

brief, 3D designs for the top and bottom microfluidic channels were created in SolidWorks. 

Negative molds were micromilled into acrylic using paths designed in Fusion360 

(AutoDesk) with 1 mm, 200 μm and 100 µm tools (Performance Micro Tool and Harvey 

Tool).  Positive molds were cast into the acrylic negative mold with PDMS in a 5:1 wt:wt 

ratio with SU-84 crosslinking agent. The PDMS-crosslinker was poured onto the acrylic 

mold, placed under vacuum for 20 minutes to remove air bubbles, and baked at 65C 

overnight. The PDMS was then separated from the acrylic mold and further baked at 120C 

overnight. Finally, the PDMS positive mold was used to cast devices in PDMS. PDMS was 

mixed 1:10 with SU-84 crosslinker and poured over the PDMS positive mold. This was 

placed under vacuum for 20 minutes, and then baked for 2 hours at 65C. The PDMS devices 

were then separable from the PDMS mold. Devices were cut out, and holes were biopsy 
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punched (1.5 mm diameter). Membranes were fabricated from Transwell inserts (Corning 

353102) with pore size 1 µm. Membranes were cut out of the plastic Transwell insert and 

treated with 5% v/v APTES solution in distilled water at 80 °C for 20 minutes. Temperature 

during the surface treatment was maintained by verifying with a laser thermometer. 

Following the surface treatment, membranes were hung to dry in the fume hood overnight. 

Finally, devices were assembled using plasma oxidation. Membranes and top channel were 

treated with oxygen plasma for 30 seconds at 120 volts and the membrane was bonded to 

the top channel. Then, the top channel + membrane was treated with the bottom channel 

(30 seconds, 120 V) and the top and bottom channels were assembled. The finished device 

was post-baked at 65 °C for an additional 2 hours to solidify the bonding.  

Cell Culture 

Complete devices were sterilized under UV light for 20 minutes prior to use. Type 

I rat tail collagen (Corning 354236) was suspended at 26 μL/mL in cold, sterile PBS that 

was previously adjusted to pH 9 with sodium hydroxide to avoid collagen gelation. 

Collagen suspension was added to top channels and allowed to incubate for 90 minutes. 

Following incubation, the collagen was replaced with cell culture media and the T-channel 

was plugged to prepare for cell seeding. The entrance and exit to both top and bottom 

channel were given cut-off P1000 pipette tips to serve as media reservoirs and to deliver 

cells and media. Primary small airway epithelial cells were purchased from Lonza (CC-

2547) and expanded in Lonza’s small airway growth medium with BulletKit supplements 

as instructed (CC-3118). For device seeding, cells were passaged at 60-80% confluence 

according to Lonza instructions using Lonza Reagent Pack (CC-5034). Small airway cells 

were then seeded into devices at 3-4 million cells/mL, 30 μL/channel, by adding the cells 
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to the top channel pipette tip (to avoid lethal excess shearing). Cells were allowed to flow 

across the top channel and settle evenly. The devices were incubated for 2 hours to allow 

cell attachment, and then 100 μL of cell culture media was perfused across the top channel 

to remove unattached cells. Devices were cultured under liquid-liquid conditions for 2 days 

following seeding with daily media exchanges. On Day 3, media was replaced with 

Lonza’s S-ALI differentiation media (CC-4539) on the top and bottom channels. After 24 

hours, the media in the top channel was removed extremely gently, and cells were fed from 

the bottom with daily media changes for 14 days until experiments. Devices were placed 

on a wave plate inside a humid incubator to perfuse media through the bottom channel 

continuously during the ALI culture period. 

3.2.2 Plug generation 

Valve control was achieved by programming an Arduino controller to apply 

arbitrary voltage patterns to two 3-way solenoid valves (Lee Company). The air flow 

comes from a compressed air tank, passes through a mass flow meter (density, temperature, 

and pressure-independent flow measurement based on the Coriolis principle, Bronkhorst), 

enters the 3-way valve, splits to a pressure meter (Omega Engineering, PX409-

001DWUUSBH) and finally enters either to the device or to the vent. The liquid is fed 

from a flow-rate controlled syringe pump (NemeSys) and passes through the 3-way valve 

and pressure meter into either to a drain line or into the device. The device outlet is attached 

to a 2-inch drain tube at atmospheric pressure that lands in a conical vial to collect waste. 

The liquid plug generator was mounted on a brightfield microscope (Olympus) to capture 

images of plug propagation and rupture. The images were captured by a Phantom high 

speed microscope (Vision Research).  
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3.2.3 Cell counting and statistics 

Following plug exposure, devices were incubated for 10 minutes with a mixture of 

live cell-permeable NucBlue (Invitrogen R37605) and live-cell impermeable Sytox Green 

(Invitrogen S7020) followed by rinsing with Hank’s Balanced Salt Solution. Membranes 

were cut out from devices and mounted on glass slides. Images were captured, using 

identical settings across conditions, on a Leica DMI8 Microscope. Image-based 

quantitation of cells from resultant immunofluorescent stains was performed using the 

ImageJ segmentation plugin CellPose93. 

 

3.3 Results 

3.3.1 Device design and fabrication 

We aimed to replicate the distal airways to capture physiologically relevant fluid 

dynamics. The distal lungs are those with diameter 0.1-2 mm. We modeled the terminal 

bronchioles that are the most distal airways with bulk air flow. Their diameter ranges from 

0.5-0.1 mm94. Our device diameter was therefore approximately 0.5 mm (0.05 cm).  We 

used a micro mill to design a semi-rounded channel that would approximate the shear stress 

profile of the airways in a circular conduit95. To determine the air speeds required in our 

device, we utilized general calculations for air speeds based on airway generation 

developed by Weibel94. The approximate velocity of airflow at airway diameter 0.05 cm in 

a healthy adult is calculated as follows:  

𝑑𝑛 = 𝑑0 ∗ 2−
𝑛
3 
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𝐴𝑛 =
𝜋𝑑𝑛

22𝑛

4
 

𝑈𝑛 =
𝑄

𝐴𝑛
 

Where: 

𝑑𝑛 = airway diameter at generation n [cm], 

𝑑0 = tracheal diameter [cm] 

𝑛 = airway generation 

𝐴𝑛= cross-sectional area of generation n airway 

𝑄 = flow rate of air into the lungs [mL/s] 

𝑈𝑛= air velocity at generation n airway [cm/s] 

 

The resultant Reynolds number can be calculated:  

𝑅𝑒 =
𝜌𝐷ℎ𝑣

𝜇
=

𝑄
𝐴𝑛

∗ 𝑑𝑛

𝜈
 

where  

ρ = density [kg/m3],  

D = hydraulic diameter [m],  

μ = dynamic viscosity [kg/m-s] 

ν = kinematic viscosity [m2/s] 

 

Assuming a round airway of diameter 5 mm, a breathing rate of 500 mL/s, tracheal 

diameter of 2 cm, and kinematic viscosity of air 0.15 m2/s, the resultant airway generation 

is 16 and the velocity is 3.95 cm/s and Re = 1.31. Therefore, airflow is laminar. We aimed 

to replicate this air speed in the channel while incorporating physiologically rounded 
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airway geometry. Therefore, we designed a channel with hydraulic diameter of 0.46 mm 

and cross-sectional area 0.193 mm2 (Figure 3-2(B)). This semicircular geometry closely 

approximates a round tube with diameter 0.5 mm and cross-sectional area 0.196 mm2 

(Table 1). Further, the measured air velocity in the microfluidic channel confirms that air 

velocity approaches the approximate calculation.  

Table 1. Comparison of in vivo airway and microfluidic device 

Value Airway (Gen.16) Microfluidic Device 

Hydraulic diameter [mm] 0.496 0.46 

Cross-sectional area [mm2] 0.196 0.193 

Velocity [cm/s] 3.95 15 

Re 1.31 4.6 

 



 35 

 

Figure 3-2 Small airway plug generator 

A) Rayleigh instability in the distal airways can lead to liquid plug obstruction and 

propagation. B) The microfluidic device design and dimensions. C) Fabrication of the 

microfluidic device. 
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Figure 3-3 Liquid plug generation in microfluidic device 

A) Plug generation based on alternative activation of valves. B) Process flow diagram for 

plug generator. C) Voltage scheme for valve control with four controllable times (T1-T4). 

D) Pressure drop from the inlet to outlet of the device. Left: pressure drop vs. air flow rate. 

Middle: Zoom-in of a single plug pressure vs. time graph. Right: pressure vs. time for over 

two minutes shows consistent plug generation. 

3.3.2 Plug generator  

While previous plug generating microfluidic airway devices have been reported, 

this device is the first, to our knowledge, to enable stable plug generation. This feature is 

critical to future studies that require long term plug application. Importantly, plugs may 

rupture in a single airway with every breath or infrequently over a longer time scale. 
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Therefore, we designed a plug generation process that automates plug fabrication and 

enables consistent generation of controlled-volume plugs (Figure 3-3). The device consists 

of a straight air channel perpendicular to a liquid injection channel. Conveniently, air and 

liquid sources (gas tank and syringe pump, respectively) were allowed to generate a 

constant flow rate. Air and liquid inlets were controlled by three-way electronically 

actuated valves that diverted air and liquid from the microchannel inlets upon applying a 

voltage. During liquid injection, air flow was stopped to prevent premature movement of 

the liquid bolus. After liquid loading is complete, liquid inlet is closed and the air flow is 

returned to the channel, enabling propagation of the liquid plug. Control of valve actuation 

and therefore air and liquid inlets was achieved using LabView fed to an Arduino control 

board. Controllable parameters are air flow rate, liquid flow rate, and T1-T4. Liquid plugs 

were generated according to the strategy described above, for a liquid flow rate of 500 

μL/min and air flow rate of 60 μL/min. 

3.3.3 Liquid plug cell injury 

To demonstrate the application of the lung-on-a-chip towards studying fluid 

mechanical stress, primary small airway epithelial cells were cultured in the microfluidic 

devices for 3 days (Figure 3-4). Then, either no plugs or 10 plugs were applied to the cells 

over a period of 50 seconds (one plug every five seconds). Application of surfactant-free 

liquid plugs induced epithelial cell death along the center of the channel. 
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3.3.4 Effect of liquid viscosity on plug propagation 

To demonstrate an application of the model system, we investigated the effect of 

increased liquid viscosity on plug propagation speed. In various lung diseases, airway 

surface liquid has abnormally high viscosity due to excessive mucins, extracellular DNA, 

low water content, and other disease-associated factors96. We generated liquids of 

increasing viscosity that modeled COPD airway surface liquid by dissolving PBS with 

increasing concentrations of 500k Dextran. Viscosities were verified on a rheometer. The 

control PBS had an average viscosity of 1.0 cP, the healthy individual, 6.1 cP, healthy 

smoker, 12.6 cP and COPD smoker 628.5 cP. These values fall within the ranges of mucin 

viscosity found by Lin et al97 for COPD patients. 

After the solutions with different viscosities were made, the plugs were propagated 

through microfluidic devices with an Arduino controlled set up. Within a period of 5 

seconds, liquid would enter the channel for 0.5 seconds, followed by air for 0.5 seconds. 

To capture physiological rates, the air flow rate from the gas tank was set to 50 +/- 2 µL 

/min and liquid flow rate was set 100 µL/min from the Nemesys syringe pump. The speeds 

were collected with the assistance of the Phantom Camera Control (PCC) software. Each 

video had a sample rate of 500 frames per second and a resolution of 832 x 400 pixels. The 

speed was defined using the 2-point instant active measurement. The first point being the 

end of the plug at rest and the second that same edge of the plug before it left the camera 

frame. Increasing the fluid viscosity decreased the speed of plug propagation (Figure 3-

4(B)). 



 39 

Figure 3-4 Liquid plug propagation and viscosity effects  

A) Cell culture in the microfluidic device. Top: CellMask stain of the cell membrane. ii) 

live cell stain shows that cells are confluent and alive 24 hours after seeding. iii) Cell 

membrane stain (CellMask) showing that cells are confluent after 3 days of submerged 

culture. iv) NucBlue stain of the nuclei from iii). B) Viscosity vs. plug speed. C) Imaging of 

NucBlue and Sytox Green stain to determine viability. D) Viability for control vs. plug 

condition.  
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3.4  Discussion 

In this chapter, we developed a microfluidic model of fluid mechanical stress in the 

distal airways using a custom-designed and fabricated microfluidic device. While our 

group previously developed a liquid plug generating device to study respiratory fluid 

mechanics, the plug generation was stable for only minutes at a time. Here, we automate 

plug generation to stably produce consistent liquid plugs of arbitrary size, speed, and time 

between plugs. We show that plugs can be generated consistently. Second, we demonstrate 

that liquid plugs injure the epithelium, replicating previous findings.  

Finally, we show that liquid viscosity alters plug propagation speed. This suggests 

that in diseases with viscous pulmonary exudates, such as CF and chronic obstructive 

pulmonary disease, liquid plugs take longer to clear the airways when the same pressure 

differential is applied compared to liquid plugs comprised of lower-viscosity liquid. This 

potentially longer residence time in diseased airways means that plugs significantly impact 

the sick patient’s lung function. In asthma, mucus plugs in the small airways were found 

to correlate with inflammation and overall airflow obstruction98. The effect of viscous 

airway surface liquid with abnormal properties, therefore, appear compounding. Not only 

are sick patients predisposed to plug formation due to an abnormally thick airway surface 

liquid, surfactant dysfunction, or narrowed airways due to remodeling, but the plugs they 

do form are more likely to take a long time to clear, having further impacts on lung 

function. 

Importantly, previous work suggests that slower liquid plug propagation is less 

injurious to the epithelium than fast propagation99. The high-viscosity, low-velocity plugs 
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may impart less epithelial injury than fast, low-viscosity plugs, despite the deleterious 

effects on lung function. However, the increased viscosity also increases wall shear stress 

which contributes to epithelial injury99. Future experimental studies using the liquid plug 

propagation microfluidic device should investigate whether slow-speed, high-viscosity 

plugs are more injurious to the epithelium compared to faster-speed, low-viscosity plugs.   
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CHAPTER 4.  A HIGH-THROUGHPUT DISTAL LUNG AIR-BLOOD BARRIER 

MODEL ENABLED BY DENSITY-DRIVEN UNDERSIDE EPITHELIUM 

SEEDING 

While developing the microfluidic platform, we appreciated the significant limitations 

that microfluidics introduced to the small airway model. The arduous custom fabrication 

process required significant time and resources and was difficult to reproduce precisely. 

There was great difficulty culturing cells at the air liquid interface due to Rayleigh 

instabilities. Finally, the nature of plug generation and rupture necessitated low throughput 

experiments where only one device was exposed at a time.  

Our next goal was to incorporate endothelial cells into the small airway model. 

However, given the above limitations we experienced so far, we determined that a novel 

design was required that would meet reasonable standards of throughput and quality 

control. Ultimately we decided to transition to a high-throughput culture platform that 

would be more suitable for studies of cell-cell communication and, later, immune cell 

transmigration.  

This chapter is reproduced from our publication “A high-throughput distal lung air-blood 

barrier model enabled by density-driven underside epithelium seeding” in Advanced 

Healthcare Materials (2021)100. 
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4.1 Introduction 

High-throughput (96-well or more) cell culture platforms enable rapid testing of 

large condition sets for physiologic studies of cellular responses to various stimuli. In the 

lung, submicron aerosols and particles accumulate preferentially in the alveoli and 

respiratory bronchioles101,102. Therefore, the distal lung region is frequently modeled in 

vitro using high-throughput platforms to study pathophysiology and screen for 

therapeutics103–105.   

However, high-throughput lung barrier models typically consist of a monocultured 

epithelium that neglects the barrier-potentiating effects of the nearby capillary 

endothelium103–108. The epithelium provides the majority of the air-blood barrier strength 

through robust expression of tight junctional complexes109, but the capillary endothelium 

potentiates epithelial barrier function by paracrine signaling with significant consequences 

for overall air-blood barrier function110. For example, acute lung injury characterized by 

loss of epithelial barrier function can originate from endothelial activation and dysfunction 

rather than direct epithelial injury111,112. Additionally, an injured epithelium may release 

cytokines that activate the endothelium to recruit and activate neutrophils73,113,114, in some 

cases resulting in severe epithelial damage115,116. Therefore, to capture the distal lung‘s 

barrier function and inflammatory response to stimuli, incorporating both the epithelium 

and endothelium in a model is critical. 

To account for endothelial contribution to barrier function, existing distal lung 

tissue barrier models include the epithelium layer grown on a permeable support membrane 

opposite a co-cultured endothelium. These bilayer co-culture models have yielded 
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substantial insights regarding the pulmonary physiology during exposure to viral 

infection117,118, bacterial insult112, particles119,120, toxins121–123, and tissue injury124. Some 

models also include co-cultured or transmigrating immune cells that further enhance 

physiologic relevance125–129. However, these co-culture models are almost exclusively in 

6-, 12-, or 24-well plates and in low-throughput microfluidic devices that limit their 

utility1,130. 

One reason for this limitation in throughput is the requirement to culture two cell 

types on opposite sides of a culture membrane. Such co-culture is typically performed in 

6- to 24-well plates where underside of the culture inserts is seeded by manually inverting 

the culture insert, seeding cells in a bolus of liquid, and allowing them to attach before 

righting the membrane. (Figure 4-1(B))131–133. However, in a 96-well Transwell, this 

inversion method is difficult to automate and prone to failure due to the limited culture area 

of 0.143 cm2 per well. Specifically, less than 30 μL of liquid can be placed on inverted 96-

well membrane inserts, meaning that cells must be very concentrated, and the risks of 

evaporation and contamination during cell attachment are significant (author observation). 

To address these challenges, we eliminate the need for inversion by exploiting 

density-driven cell floating for underside cell seeding. We then use this technique to 

develop a robust tissue barrier platform with scalable, automatable co-culture that requires 

no plate inversion and uses commercially available reagents and liquid handling 

equipment. We show in a model of the distal lung epithelial-endothelial barrier that co-

culture is necessary for increased barrier strength, and communication between cell types 

mediates response to inflammatory pathogens. The model recapitulates key air-blood 

barrier features including low permeability, high trans-epithelial electrical resistance 
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(TEER), epithelial-endothelial communication, and loss of barrier function in response to 

inflammatory stimuli. We also demonstrate the capability of epithelial culture on the 

underside of the membrane under air-liquid interface culture (ALI) conditions with serum-

free, glucocorticoid-free media. This novel seeding method should be translatable to many 

vascular-epithelial tissue barriers and eliminates a bottleneck step of the bilayer co-culture 

process. 

Figure 4-1. Automatable underside seeding enabled by density-driven flotation forms a 

robust monolayer of NCI-H441 cells in co-culture with a vascular endothelium.  

A,B) Seeding on the underside of Transwell membranes is typically accomplished by insert 

inversion (B). Density-driven flotation method enables upright underside seeding without 

inversion (A) for facile generation of bilayer co-cultures. C) Histology section with 

hematoxylin and eosin stain shows epithelial-endothelial culture on opposite sides of the 

Transwell membrane. D) Confocal imaging of the epithelium stained for F-actin shows 

that NCI-H441 cells form a monolayer with this seeding method. E) At initial seeding time 

(Day 0), NCI-H441 cells float to the underside of the Transwell membrane where they 

adhere for 2 hours. By 24 hours (Day 1), epithelial cells are attached on the underside of 

the membrane. On Day 8, following 6 days of ALI culture, NCI-H441 cells are limited to 

the culture area that is fed from the opposite side and both layers are confluent.  Scale bar, 

20 µM (top 2 images), 2.13 mm (bottom). 



 46 

 

4.2 Methods 

4.2.1 NCI-H441 maintenance in T-75 flasks 

NCI-H441 human adenocarcinoma cell line was purchased from American Type 

Culture Collection (ATCC) (ATCC® HTB-174™). NCI-H441 cells were expanded in 

RPMI-1640 (ATCC® 30-2001™) supplemented with 9% fetal bovine serum (50 mL into 

500 mL media for total volume 550 mL), Penicillin-Streptomycin (Gibco™ 15140148) 

diluted 1:100 v:v, and 1.5 µg mL-1 puromycin. NCI-H441 cells were transduced to express 

GFP as described below. For routine culture, GFP-H441 cells were seeded at density 1e6 

cells per 75 cm2 in 20 mL cell culture media. After passage (day 0), media was changed 

every 48 hours on the following schedule: day 2, 20 mL; day 4, 40 mL; day 6, passage. For 

media changes, NCI-H441 media was aspirated, cells were rinsed with 10 mL warm 

phosphate buffered saline (PBS) (Gibco™ 10010023), and media was replaced. For 

passage, NCI-H441 T-75 flasks were rinsed with 10 mL warm PBS and lifted with 2 mL 

0.05% Trypsin-EDTA (Gibco™ 25300120). Trypsin was neutralized with media and cells 

were spun down (200 g, 5 min, 25 °C), resuspended in 1 mL media and counted for seeding 

with Nexcelcom Cellometer Auto T4 Bright Field Cell Counter (Nexcelcom Bioscience) 

using Trypan Blue viability stain. Cells were used below the 8th passage after obtaining 

from ATCC. 

4.2.2 HUVEC maintenance in T-75 flasks 

Primary HUVECs were purchased from ATCC (ATCC® PCS-100-013™) and 

expanded according to manufacturer instructions in Vascular Cell Basal Medium (ATCC® 
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PCS-100-030™) supplemented with Endothelial Cell Growth Kit-VEGF (ATCC® PCS-

100-041™) with added Penicillin-Streptomycin (Gibco™ 15140148) diluted 1:100 v:v. 

HUVECs were transduced to constitutively express RFP as described under Lentiviral 

Transduction. However, puromycin was not included in routine cell culture medium 

because the cells did not tolerate it well for long time periods (unpublished observation). 

Cells were passaged at 60-80% confluence according to manufacturer instructions, counted 

with Nexcelcom Cellometer Auto T4 Bright Field Cell Counter (Nexcelcom Bioscience) 

using Trypan Blue viability stain, and used below the passage 10 since expanding from 

ATCC.  

4.2.3 Lentiviral transduction 

NCI-H441 cells and HUVECs were transduced with lentivirus to constitutively 

express GFP and RFP, respectively. NCI-H441 cells were seeded in T-75 flasks at 0.75 x 

106 cells per 75 cm2 and allowed to attach overnight. Then NCI-H441 cells were inoculated 

with lentivirus encoding GFP and puromycin resistance (Cellomics Technology, CMV-

GFP lentivirus). 8 transfection units per cell were suspended in NCI-H441 routine culture 

media with the addition of transfection reagent polybrene (1 µg mL-1). The cells were 

inoculated overnight and then allowed to recover in routine cell culture media for 72 hours 

with media changes every 48 hours. Then, expressing cells were selected with puromycin. 

Cells were cultured in routine culture media plus puromycin (1.5 µg mL-1) until passage 3. 

GFP-H441 cells were then frozen in puromycin-containing media with 0.05% v/v cell 

culture-grade DMSO (ThermoFisher D12345). For RFP transduction of HUVECs, 

HUVECs were seeded at 8000 cells per cm2 in 6-well plates and allowed to attach 

overnight. Then they were inoculated with 8 TU cell-1 RFP-gene bearing lentivirus 
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(Cellomics Technology, CMV-RFP lentivirus) in cell culture media supplemented with 

polybrene (1 µg mL-1) and incubated overnight. The viral media was removed and the cells 

were allowed to grow in routine culture media for 72 hours with media change every 48 

hours. Then, RFP-expressing cells were selected by culturing in cell culture media 

supplemented with 1.5 µg mL-1 puromycin for 2 days. The selected cells were then 

expanded to passage 5 and frozen in puromycin-containing media with 0.05% v/v cell 

culture-grade DMSO (ThermoFisher D12345). For routine culture of HUVEC-RFP after 

thaw, puromycin was not included because HUVECs did not tolerate it for long time 

periods (author observation). 

4.2.4 Trans-epithelial electrical resistance (TEER)  

TEER was monitored daily beginning 48 hours after NCI-H441 cell seeding using 

EVOM2 0-10 kΩ Range Epithelial Volt/Ohm Meter (World Precision Instruments) with 

the STX100C96 electrode (World Precision Instruments). The electrode was maintained 

as recommended by the manufacturer. The electrode was cleaned by incubating overnight 

with Tergazyme (Alconox 1304-1), sanded gently as needed with sandpaper provided by 

the manufacturer to keep the metal surfaces clean and exposed, and was soaked as needed 

in 5% v/v sodium hypochlorite for 5 minutes to maintain conductivity. Raw measurements 

of TEER were corrected according to the following formula:  

𝑇𝐸𝐸𝑅 (Ω ∙ 𝑐𝑚2) = [(𝑅𝑎𝑤 𝑇𝐸𝐸𝑅 𝑣𝑎𝑙𝑢𝑒) − 200 Ω] ∗ 0.143 𝑐𝑚2 

200 Ω is the average value of a blank well with the equivalent volume of cell culture 

media, while 0.143 cm2 is the surface area of the cell culture insert. For TEER 

measurements of wells at ALI, 200 µL pre-warmed 37 °C PBS was added to the bottom 
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chamber for measurement. For all TEER measurements, plates were placed on aluminum 

warming blocks to maintain constant temperature because TEER can change with 

temperature. 

4.2.5 Staining and imaging 

All stains used reagents from from ThermoFisher’s Image-iT™ 

Fixation/Permeabilization Kit (R37602) for washing, fixing, blocking and 

permeabilization. For all stains, inserts were cut out and fixed on glass slides for 10 minutes 

at 37 °C. For stains requiring permeabilization, the inserts were incubated with 0.5% w/v 

Triton X (ImageIT kit) for 5 minutes at 37 °C. All inserts were blocked for 1 hour at 37 

°C, counterstained with DAPI (1:1000 in PBS for 5 minutes) and mounted between two 

coverslips with ProLong™ Diamond Antifade Mountant (Invitrogen). F-actin. After 

fixation, permeabilization, and blocking, inserts were incubated for 1 hour at 37 °C in 

Alexa Fluor™ 647 Phalloidin (Invitrogen) diluted 1:20 from stock solution in 1% w/v BSA 

(Image-iT™). ZO-1/e-cadherin co-stain. After fixation, permeabilization, and blocking, 

the primary antibodies (ZO-1 Rabbit anti-human polyclonal antibody, ThermoFisher 61-

7300, 1:200; e-cadherin Mouse anti-human monoclonal anbitody, ThermoFisher 13-1700, 

1:2000) were suspended together in 1% w/v BSA (Image-It Kit) and co-incubated with the 

inserts for 2 hours at 37 °C. The filters were washed 3 times with 1% w/v BSA. The 

secondary antibodies (Goat anti-Rabbit IgG, Alexa Fluor 405, Abcam ab 175665, 1:200; 

Goat anti-mouse IgG, Alexa Fluor 647, ThermoFisher A32728, 1:500) were suspended in 

1% BSA and incubated with the filters for 2 hours at 37 °C. VE-cadherin. After fixation, 

permeabilization, and blocking, the primary antibody (Goat anti-human polyclonal VE-

cadherin antibody, R&D Systems AF938, 1:13) was suspended in 1% w/v BSA and 
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incubated with the inserts for 2 hours at 37 °C. The filters were washed 3 times with 1% 

w/v BSA. The secondary antibody (Donkey Anti-Goat IgG H&L (Alexa Fluor® 405) 

preadsorbed (ab175665)) was suspended in 1% BSA and incubated with the filters for 2 

hours at 37 °C. The filters were washed 3 times with 1% BSA and stained with DAPI. Von 

Willebrand Factor. After fixation and blocking, the primary antibody (Rabbit anti-human 

polyclonal, Abcam ab6994, 1:200) was incubated with the filters in 1% w/v BSA for 1 

hour at 37 °C. The filters were washed 3 times with 1% BSA. Then the secondary antibody 

(Goat anti-rabbit polyclonal, ThermoFisher A-21245, 1:200) was incubated with the inserts 

in 1% w/v BSA for 1 hour at 37 °C. Then the filters were washed and stained with DAPI. 

Epifluorescence images were taken using Leica DMI-8 or EVOS. Confocal images were 

taken at Georgia Tech’s Optical Microscopy Core with a PerkinElmer UltraVIEW VoX 

spinning disc confocal microscope using a 40X (numerical aperture 1.3) or 60X (numerical 

aperture 1.49) objective. 

4.2.6 Histology 

 Histology was performed in the Parker H. Petit Institute’s histology core. Inserts 

were fixed (Image-iT™) and embedded in OCT so that the filters are perpendicular to the 

cutting angle. Blocks were sectioned at 10 µm thickness, stained with hematoxylin and 

eosin, and imaged on Leica DMI-1 with a color camera. 

4.2.7 Permeability assays  

Fluorescein sodium salt (Sigma-Aldrich, F6377) was diluted to 30 µM in ALI 

media. 200 µL media was added to the bottom chamber and 140 µL media with tracer was 

added to the top chamber. 50 µL was sampled and replaced with fresh media every 30 
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minutes for 2 hours. Sample fluorescence was measured in black-walled 96-well plates 

against a standard curve to determine the mass of tracer in the bottom chamber at each 

timepoint. Net tracer mass was calculated by accounting for the lost sample at each 

timepoint. Permeability was calculated using the equation:  

𝑃𝑎𝑝𝑝 = (
𝑑𝐶

𝑑𝑉
) ×

𝑉

𝐴𝐶0
 

Where dC/dV is the slope of a linear fit to the concentration vs. time plot, V is the 

volume of media in the receiver plate (200 µL), A is the surface area of the membrane 

(0.143 cm2), and C0 is the concentration of NaFL added in the top chamber (30 µM). 

4.2.8 Viral exposure 

Influenza A virus, subtype H1N1, strain A/Puerto Rico/8/1934 (NCBI:txid211044) 

(PR8) was provided by Nick Heaton’s laboratory at Duke University School of Medicine. 

Human coronavirus OC43 (HCoV-OC43) was provided by Rabindra Tirouvanziam’s 

group  at Emory University School of Medicine. For infection experiments, PR8 and OC43 

were diluted to the desired MOI in cell culture media. Transwell receiver plates were 

prepared with 200 µL per well of virus-laden cell culture medium. The Transwell insert 

plate was placed into the virus-loaded receiver plate and incubated at 37 °C, 95% humidity, 

5% CO2 for 1 hour. Following this incubation, the Transwell receiver plate was moved 

back to an empty receiver plate to return to ALI without rinsing. The exposed cells were 

further incubated at 37 °C, 95% humidity, 5% CO2 until the specified endpoint (24, 48 or 

72 hours). 

4.2.9 Cytokine quantitation 
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Cell culture supernatants were collected at specified intervals. IL-8 was quantified 

with ELISA assays according to manufacturer instructions (Human IL-8/CXCL8 DuoSet 

ELISA, R&D Systems, DY208-05; DuoSet ELISA Ancillary Reagent Kit 2, R&D 

Systems; DY008).  

4.2.10 96-well Transwell upright seeding and maintenance 

Polycarbonate 96-well HTS Transwell Permeable Supports with pore size 3 µm 

were purchased from Corning (CLS3386, CLS3382). The inserts were collagen coated 

prior to cell seeding to promote attachment. Rat tail collagen type I (Corning 354236) was 

suspended at 30 µg/mL in 60% v/v ethanol (Fisher BP8203-1GAL) that was adjusted to 

pH 6 with hydrochloric acid (0.1 M) and diluted to 60% v/v in sterile distilled water. Inserts 

were inverted in a sterile biosafety cabinet and 30.3 µL collagen solution was added to the 

underside of each insert with the VIAFLO-96 liquid handler (INTEGRA Biosciences 

#6001 and #6106). The inserts were allowed to dry overnight in the sterile biosafety 

cabinet.  

4.2.11 Upright underside seeding 

NCI-H441 cells were passaged and suspended at 1.18e6 cells/mL in warm cell 

culture media. The cell solution was gently mixed with sterile, pre-warmed (37 °C) 50% 

v/v OptiPrep™ Density gradient medium (STEMCELL Technologies 07820) until a 

homogeneous solution was observed. The solution was immediately transferred to the 

lower chamber of the HTS 96-well plates (85 µL/well) using a multichannel pipettor or 

VIAFLO-96 liquid handler, ensuring adequate mixing for even cell distribution. This 

concentration and volume results in 50,000 cells/well (350,000 cells/cm2). The cells 
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adhered in this condition for 2 hours in a humid incubator at 37 °C, 5% CO2, 95% humidity. 

After 2 hours, 150 µL cell culture media was slowly added to the bottom chamber and 75 

µL was added to the top chamber using a VIAFLO-96 Liquid Handler. The plate was then 

allowed to incubate overnight before HUVEC seeding.  

4.2.12 HUVEC seeding 

The day following NCI-H441 seeding, the culture inserts were moved to a new 

receiver plate. HUVECs were seeded in the Transwell chamber on the opposite side of the 

NCI-H441 cells. HUVEC-RFP cells were passaged and suspended at 80,000 cells/mL. 

10,000 cells/well in 100 µL cell culture media were seeded in each well and allowed to 

incubate overnight.  

4.2.13 ALI culture 

Inserts were transitioned to ALI after >90% of wells were confluent upon manual 

inspection with epifluorescence microscopy. Typically this occurs 24-48 hours after 

HUVEC seeding. To culture at ALI, the media was removed from the bottom chamber and 

the media in the top chamber was replaced with 50/50% v/v NCI-H441 and HUVEC cell 

culture media with all supplements except FBS. Instead of FBS, the media contained 1:50 

v/v  Ultroser G serum substitute (final concentration 0.2 mg/mL) (Sartorius 15950-017) to 

promote differentiation and polarization of the epithelium. The plate was then cultured at 

ALI for 5-7 days until TEER reached above an average of 400 Ω∙cm2. Assays were 

typically performed on day 6 of ALI culture, day 9 since seeding NCI-H441. 

4.2.14 Statistical analysis 
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All analysis was performed in GraphPad Prism V8.2.1 using appropriate methods: 

Figure 4-5(A)), Two-way ANOVA with posthoc Tukey’s t-test; Figure 4-5(B)), 1-way 

ANOVA with post-hoc Tukey’s t-test. Both ANOVAs were performed with multiple 

comparisons (independent data replicates for each timepoint). (Figure 4-5(A)) ANOVA 

compared across each MOI within the same timepoint for each virus. (Figure 4-5(B)) 

ANOVA compared different conditions versus each other and versus the control condition. 

 

4.3 Results 

4.3.1 Density-driven, inversion-free underside seeding robustly generates a functional 

air-blood barrier in 96-well throughput 

To capture the properties of the distal lung in vitro, we modeled the epithelial barrier 

using the human adenocarcinoma-derived club cell line NCI-H441. This cell line exhibits 

properties of both alveolar type II pneumocytes and club cells, making it a suitable 

representation of the alveolar epithelium or the distal airway epithelium, respectively, 

depending on the application of interest. NCI-H441 cells function similarly to alveolar type 

II pneumocytes with regard to ion and drug transport, expressing comparable function and 

levels surfactant proteins, claudins, Na+-K+-ATPase, and epithelial sodium channel; as well 

as drug transporters of the organic cation transporter family106,134,135. However, NCI-H441 

cells also maintain features of distal airway club cells regarding inflammatory signaling 

and barrier function including microvilli, dense cytoplasmic granules holding lectins and 

proteins, unique expression of the anti-inflammatory CC16 protein, and apical dome shape 

of cells136,137. NCI-H441 cells also demonstrate strong barrier function reflected by 
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expression of ZO-1, e-cadherin, and a high TEER106,134,138.  Finally, NCI-H441 cells 

replicate club cells’ participation in host defense through production of cytokines, 

chemokines, anti-inflammatory surfactant proteins, antibacterial, antiviral and anti-

protease proteins; and regulation of epithelial barrier function118,119,136,137. 

To model the distal lung microvasculature, we used primary human umbilical vein 

endothelial cells (HUVECs). While there are minor differences in characteristics of 

endothelial cells from the pulmonary microvasculature vs. other tissue sites, cardinal 

endothelial properties are maintained in primary HUVECs139. These include characteristic 

surface protein expression (CD31); pinocytic vesicles; an ellipsoid nucleus with one to 

three nucleoli; and the presence of Weibel-Palade bodies140.  

The epithelial-endothelial barrier was modeled with the epithelium cultured 

opposite the endothelium on a 96-well Transwell culture insert (Corning) (Figure 4-1(C), 

4-1(D)). The epithelium was cultured facing downwards, i.e., on the underside of the 

membrane, due to technical advantages under ALI conditions. Namely, epithelial cells 

attached outside the co-culture area are rinsed off during ALI culture (Figure 4-1(E)), 

ensuring that the epithelium is a constant surface area and consisting of only co-cultured 

cells directly opposite the endothelium. Second, underside epithelial culture provides 

immediate, visual quality control during ALI: faulty wells that cannot hold ALI due to 

failed seeding or contamination leak quickly and collect media in the plate, while 

successful wells hold liquid in the top chamber. Finally, the liquid in the underlying plate 

of the 96-well Transwells is prone to media wicking between wells even when less than 

the recommended 235 µL of media is used (here 200 µL), presenting contamination risk. 

Therefore, the technical advantages resulting from underside epithelial seeding and ALI 
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culture reduced well-to-well variability, provided quality control, and minimized cross-

contamination risk during ALI culture.  

In the key step of this method, NCI-H441 cells were seeded on the underside of 96-

well Transwell inserts without plate inversion or removal of the inserts from the underlying 

plate by manipulating cell culture media density so that cells float to contact the underside 

of the membrane (Figure 4-1(A)). To increase the medium density, we chose OptiPrep 

(STEMCELL™ Technologies). OptiPrep is a commercially available solution of 60% w/v 

iodixanol in water with a density of 1.32 g/mL. Since it is typically used for density-

gradient cell separation, it is iso-osmotic, non-ionic, non-toxic and metabolically inert141. 

Then, we reasoned that because the average density of a single cell is close to 1.10 

mg/mL142, a solution with density of ~1.16 mg/mL, composed of 50% OptiPrep and 50% 

culture media, would be great enough to exceed the cells’ density but provide enough 

media for cells to survive the required 2 hour attachment period. This formulation was 

highly effective, and optimization was not required.  

The homogeneous, dense cell culture solution causes NCI-H441 cells to float and 

contact the underside of the Transwell membrane, where they adhere over a 2-hour period 

(Figure 4-1(E)). After attachment, the dense medium is diluted by adding regular cell 

culture medium to give an approximately 1.7:1 ratio of regular to dense media. Following 

24 hours, the OptiPrep-containing media is replaced by regular media and the endothelial 

cell layer is seeded on the top of the membrane to form a bilayer co-culture model of the 

small airway-capillary barrier. Notably, the underside seeding method is automatable, and 

we could perform 96-well seeding using the commercially available Viaflow-96 liquid 

handling system.  
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This novel epithelial seeding method consistently generates monolayered, 

confluent epithelium with co-cultured endothelium that reaches an average peak TEER in 

co-culture of 521 Ω∙cm2 on Day 7 of ALI (S.D. 208.35, 95% CI 481.88-560.26) (Figure 

4-4(A)) and sodium fluorescein (NaFL) permeability of 7.04e-6 cm/s (S.D. 1.63e-5, 95% 

CI 1.53e-6–1.25e-5) (Figure 4-5(B)).  

 

Figure 4-2 GFP- H441s (green) and RFP- HUVECs (orange)  in co-culture 

The epithelium is seeded on Day -3 and endothelium is seeded on day -2. ALI begins on 

Day 0. Day 3-Day 8 shows the progression to a culture area limited to that shared with the 

upper compartment due to ALI culture conditions. 

 

4.3.2 Bilayer co-culture exhibits polarization and differentiation of epithelial cells in co-

culture with primary endothelium 
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NCI-H441 cells in co-culture with HUVECs were differentiated at ALI in serum-

free medium containing UltroserTM G (Sartorius) serum substitute to promote polarization. 

After 5 days of ALI, the epithelium showed differentiation and polarization indicated by 

of the robust expression of tight junctional proteins ZO-1 localized at the air interface, and 

E-cadherin lining the entire cell-cell junction (Figure 4-4(C)). The co-cultured 

endothelium also lined cell-cell junctions with the adherens junctional protein VE-

cadherin. All wells typically reached confluence on both sides of the membrane according 

to observation by fluorescence microscopy of GFP- and RFP-expressing cell layers. The 

variation in TEER that we observed is consistent with similar models models106,126,138. 

Depite some TEER variation, almost all wells (average of 93/96 wells, or 97%) in every 

experiment reached the threshold for acceptable barrier function, defined as 285 Ω∙cm2 

(Figure 4-4(B)). This threshold was determined through observation that an epithelial-

endothelial co-culture was confluent if its TEER was greater than 250 Ω∙cm2. Below this 

value, some wells were not completely confluent. This quality control metric showed 

quantitatively that wells were confluent and possessed barrier function after seven days of 

ALI culture. 

Epithelial-endothelial co-culture, in comparison to NCI-H441 and HUVEC cell 

monocultures, demonstrated statistically elevated TEER (p<0.001, Student’s t-test) for the 

entire culture period from days 0-10.  In co-culture, TEER peaks at day 7 for an average 

maximum value of 521 Ω∙cm2 (S.D. 208.35, 95% CI 481.88-560.26) (Figure 4-4(A)) and 

permeability of NaFL reaches 7.04e-6 cm/s (S.D. 1.63e-5, 95% C.I. 1.53e-6–1.25e-5. 

Comparatively, NCI-H441 cell monoculture TEER peaks on day 7 at 226.99 Ω∙cm2 (S.D. 

7.15, 95% CI 228.63–225.34) and HUVEC monoculture peaks on day 10 at 30.35 Ω∙cm2 
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(S.D. 3.12, 95% CI 28.0–32.7) (Figure 4-4(A)). These barrier function values are 

consistent with similar reported Transwell co-culture models112,117,118,138,143. This 

synergistic TEER elevation in co-culture suggests that, similar to the physiologic case, the 

co-cultured endothelium influences epithelial barrier strength. The increased TEER could 

also be caused in part by NCI-H441 cells growing into the pores to contact the endothelium 

(Figure 4-3). This epithelial growth into the pores has been observed in similar pulmonary 

epithelial-endothelial co-culture models cultured on microporous inserts124,144,145. This 

interaction is thought to enhance epithelial-endothelial communication in a physiologically 

relevant manner by allowing the production of heterogeneous gap junctional complexes124. 

Figure 4-3 NCI-H441 cells grow into the membrane pores to contact the endothelium. 

Left, F-actin stain with phalloidin shows the endothelial layer with interspersed epithelial 

cell protrusions (arrows). The top cross-section shows the NCI-H441 layer on top, 

endothelial layer on the bottom, with protrusions extending between the layers 

(arrowhead). Right, GFP-expressing NCI-H441 cells in co-culture grow protrusions 

through the membrane pores (arrow). Images taken by confocal microscopy. 
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Table 2. Seeding success rate 

Run Met Standard Total Seeded % Success  

A 91 wells 96 wells 94.8  % 

B 93 wells 96 wells 96.9   % 

C 93 wells 96 wells 96.9  % 

D 95 wells 96 wells 99.0  % 

  AVG 96.9  % 

  STDEV 1.5  % 

  95% CI 2.0 % 
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Figure 4-4. Co-cultured NCI-H441 cells and HUVECs show polarization and 

differentiation under ALI culture with serum-free medium.  

A) Co-cultured H441-HUVEC bilayers exhibit synergistically elevated TEER (p < 0.05, 

Student’s t-test) compared to both monocultures during 10 days of ALI culture. Vertical 

lines indicate standard deviation; shaded lines indicate 95% confidence interval. n = 72, 

coculture; n = 49, NCI-H441 monoculture; n = 9, HUVEC monoculture. B) In 4 

independent seeding experiments, seeding efficiency was close to 97%, meaning that on 

average, 93 of 96 wells met quality control criteria. Successful wells are defined as those 

meeting the criteria: TEER > 286 Ω∙cm2 on Day 6 of ALI culture; confluent NCI-H441 and 

HUVEC monolayers determined by visual inspection; retention of medium in the top 

compartment without leakage, also determined by visual inspection. C) NCI-H441 cells in 

co-culture with HUVECs at ALI develop appropriate cellular junctions indicating barrier 

formation. i) NCI-H441 cells demonstrate polarization of the epithelium by ZO-1 
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localization at the apical air-cell boundary (blue) with intercellular e-cadherin indicating 

formation of adherens junction complexes (yellow). Scale bar, 10 µM. ii) ZO-1 (blue) tight 

junction stain on co-cultured, ALI-differentiated NCI-H441 cells indicates robust 

intercellular barrier formation. Scale bar, 25 µm. iii, iv) E-cadherin staining in co-cultured 

NCI-H441 cells indicates robust intercellular barrier formation and epithelial monolayer. 

Scale bar, 50 µM. v, vi) Co-cultured HUVECs express adherens junctional protein VE-

cadherin, indicating formation of an endothelial barrier. Scale bar, 25 µm. Images 

representative of at minimum n = 3 independent wells per stain. 

4.3.3 Epithelial exposure to viral and bacterial mimics induces endothelial inflammation 

and barrier loss 

Exogenous stimuli such as pathogens can initiate systemic pathophysiology 

through the propagation of epithelial insult to the endothelium, and the resulting 

communication of inflammatory signals into the bloodstream where they can travel 

systemically110,146. To demonstrate the utility of the model for studying this phenomenon, 

we tested if the air-blood barrier model can recapitulate the transfer of inflammatory signals 

from the epithelium to endothelium during epithelial exposure to viral mimic and live viral 

pathogens. We first exposed the epithelial side of the bilayer to the viral RNA mimic 

polyinosinic:polycytidylic acid (poly(I:C)) for 10 minutes, and showed that the 

endothelium immediately exocytoses von Willebrand factor (vWF), a pro-coagulant 

macrostructured glycoprotein that assembles on the endothelial surface in response to 

inflammatory stimuli to aggregate platelets and attract immune cells. Such immediate vWF 

release has been reported previously upon direct stimulation of the endothelium with 

poly(I:C)147.  

To demonstrate barrier function in response to a viral or bacterial mimic, NCI-H441 

cells in co-culture were exposed to poly(I:C) or lipopolysaccharide (LPS, component of 

gram-negative bacterial membranes) at 2 doses each for 24 hours. While LPS at 1 µg/mL 
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did not induce an increase in permeability, LPS at 20 µg/mL did (Figure 4-5(B)). 

Permeability of NaFL was measured after 24 hours of poly(I:C). Both 1 and 10 µg/mL 

induced permeability increase. Permeability of the control bilayer co-culture was 7.04 x 

10-6 cm/s ± 0.163 x 10-6 cm/s measured by NaFL over a 3-hour period (Figure 4-5(B)). 

Overall, 2 of the 4 exposure conditions resulted in statistically significant increases in 

permeability compared to the controls that received no exposure and remained at ALI; n = 

3 per condition; n = 4 for controls. Analysis was performed with 1-way ANOVA with post 

hoc Tukey’s t-test (GraphPad Prism). 

4.3.4 Epithelial viral exposure induces dose-dependent inflammatory signals in 

epithelial-endothelial co-culture 

We exposed the epithelial NCI-H441 cell layer to influenza A virus (subtype H1N1, 

strain A/Puerto Rico/8/1934) and human beta-coronavirus (HCoV-OC43) in cell culture 

media for one hour before returning the epithelium to ALI. This allowed the virus to attach 

while maintaining the epithelium at ALI over the 3-day influenza. Infection of the 

epithelium by influenza A virus and human beta-coronavirus results in dose-dependent 

endothelial production of leukocyte chemoattractant IL-8 after 72 hours, indicating that 

epithelial infection leads to endothelial induction of the appropriate inflammatory response 

(Figure 4-5(A)). Of note, after 72 hours, none of the wells had lost ALI (no media leaked 

through to the bottom well). This proof-of-concept experiment demonstrates the feasibility 

of detecting MOI-dependent responses in the co-culture system and the capability to enable 

parallel screening of a multiplicity of conditions with one plate.  
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Figure 4-5. Epithelial-endothelial signal propagation and barrier loss. 

A) Exposure to influenza A virus (PR8) and human beta-coronavirus (OC43) at four 

multiplicities of infection (MOI) results in MOI-dependent increase in endothelial IL-8 

production under ALI conditions over 72 hours. n = 3 technical replicates per condition. 

Independent replicates for each day. B) NCI-H441 cells in co-culture were exposed to 

poly(I:C) or LPS at 2 doses each for 24 hours. Permeability of NaFL was measured after 

24 hours of exposure. LPS and poly(I:C) increased permeability in all cases except low-

dose LPS. Error bars represent standard deviation. n = 2-3 replicates per condition; n = 

4 for controls. Error bars represent standard deviation. n = 3 biological replicates per 

condition. C) Co-cultures that were exposed on the epithelium to viral or bacterial mimics 

poly(I:C) for 10 minutes induced endothelial release of von Willebrand Factor, linking 

epithelial stimulation and endothelial activation in our co-culture model. Images are 

representative of the entire cell layer. Scale bar, 200 µM. For all graphs: . * p<0.05, *** 

p<0.0001, ****p<0.00001, Two-way ANOVA with post hoc Tukey’s t-test (GraphPad 

Prism 8). 

4.3.5 Epithelial aerosol exposure induces dose-dependent ROS and IL-8 response 

To further demonstrate the utility of this culture model for the high-throughput 

investigation of physiological disease stimuli, we studied the impact of secondary organic 

aerosol (SOA). SOA is particulate matter in the atmosphere that is formed by the oxidation 

of aerosolized organic material148. Particulate matter exposure is associated with increased 

incidence of various respiratory illnesses149. The contribution of SOA to health risks is not 
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fully understood, but it is known that SOA exposure to the airway epithelium can induce 

the production of reactive oxygen species149–151.  

The epithelial cell side was treated with the ROS probe Carboxy-H2DCFDA 

(ThermoFisher, C400), then the epithelial side was exposed to different types of SOA 

suspensions at the concentrations designated in the graphs for 2 hours (n=4 per condition). 

Production of reactive oxygen species (ROS) was measured through increase in mean 

fluorescence intensity (MFI) of the fluorescent ROS reporter carboxy-H2DCFDA. Two-

way ANOVA showed no significant effect of SOA type on ROS production but significant 

effect of dose (p<0.0001). Multiple comparisons using post-hoc Tukey’s t-test identified 

significant differences between SOA suspension concentrations. (Right) The epithelial side 

was treated with SOA for 24 hours. Then, IL-8 produced on the endothelial side was 

measured by ELISA (R&D Systems). Two-way ANOVA showed effect of both SOA type 

(p<0.0001) and dose (p<0.0001) on IL-8 production. Multiple comparisons with Tukey’s 

post hoc t-test showed significant differences between dose for a given SOA. We 

monitored the production of epithelial SOA using live cell fluorescence imaging of the 

ROS reporter (carboxy-H2DCFDA). We found that both oxidation states of SOA dose-

dependently increased the generation of epithelial ROS and endothelial IL-8. However, the 

dry SOA was less potent at generating endothelial IL-8 than the humid SOA.  
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Figure 4-6. ROS and IL-8 production after SOA exposure.  

A) Epithelial ROS generation after epithelial secondary organic aerosol exposure after 30 

minutes. B) IL-8 production by the endothelium after 24 hours of epithelial exposure to 

secondary organic aerosol. For both graphs: * p<0.05, ** p<0.01, *** p<0.001, **** 

p<0.0001. Statistics were performed in GraphPad Prism 9.  

 

4.4 Discussion 

In this work we exploited density-driven cell buoyancy to enable underside 

attachment without the inversion of the culture membrane, therefore enabling semi-

automated culture in a high-throughput 96-well platform. As a demonstration of this 

underside seeding method, we constructed a co-culture model of the distal lung air-blood 

barrier. This region is heavily involved in the mediation of inflammatory responses during 

toxin and pathogen exposure5. Successful barrier maintenance in this region is critical to 

prevent acute lung injury from developing after insults or infection. We showed that upon 

stimulation of the epithelial side of the engineered ABBA with bacterial or viral insults, 

the apposing endothelium exhibited prothrombotic (vWF release) and proinflammatory 
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(IL-8 secretion) responses. The many wells available for testing conveniently allowed 

comparison of the effect of different viruses, MOI, and time points. We also showed that 

epithelial exposure to SOA induced endothelial IL-8 and epithelial ROS dose-dependently. 

Our model enhances the capabilities introduced by previous respiratory culture 

systems by offering multiplexing capability for high-throughput applications in a co-

cultured, an ALI differentiated platform that can be generated using automated methods. 

Previous lung culture models have incorporated ALI culture106,134, bilayer co-

culture118,119,125,126,152, and/or high-throughput capability104,105,133, but few if any include 

these in one platform, and none utilize an automatable underside seeding method to our 

knowledge107. Notably, we are unaware of any other co-culture model offered at the 96-

well scale that does not require custom equipment, presumably due to the unique 

challenges presented by this small culture area for underside seeding133. Finally, we 

consistently generate a monolayered epithelium covering the entire culture area, despite 

reports that NCI-H441 can form multilayers at high seeding densities comparable to 

mine125,134. we postulate that this underside seeding method facilitates the formation of a 

monolayer during initial attachment by allowing even cell spreading compared to seeding 

on the top side of a Transwell or confining the cells to a droplet during underside seeding. 

Additionally, while this application to cell attachment is novel, density-driven 

buoyancy has been used previously for cell manipulation. Buoyancy is often exploited for 

density-gradient separation of cells and extracellular vesicles, and it has been used to 

generate scaffold-free tissue constructs such as substrate-free cell sheets153 or spheroids 154. 

Chandrasekaran et al. used buoyancy to culture cell rafts at ALI155. This application 
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complements these previous methods by enabling high-throughput, robust cell attachment 

on the underside of a surface.  

The functional responses demonstrated in this model are similar to those achieved 

in lower-throughput co-cultured Transwell systems. Previous models have demonstrated 

the loss of TEER and increase in permeability in response to viral and bacterial mimics, 

and endothelial expression of IL-8 and other cytokines by the endothelium in response to 

epithelial insults including LPS112, virus118, pro-inflammatory cytokines143, particles126, 

and toxins120. However, few if any in vitro co-culture models have demonstrated that 

epithelial stimulus can induce endothelial release of vWF by the co-cultured endothelium, 

although this response is observed in vivo156. Additionally, while co-culture models have 

shown that the epithelium and endothelium secrete IL-8 in response to PR-8 virus, there 

are no prior data, to our knowledge, showing that IL-8 production on the endothelium 

increases proportionally to the MOI, although such a scaled response is expected for the 

influenza A virus infecting the epithelium118,157,158. Finally, this model is the first co-culture 

system to our knowledge to utilize a serum replacement for ALI differentiation. Previous 

co-cultured ALI models have included serum and used dexamethasone to promote 

polarization and tight junction formation117,143. The elimination of serum and 

glucocorticoids for ALI differentiation increases the inter-well reliability and more 

faithfully recapitulates cellular responses to inflammatory stimuli. Overall, this model 

enhances the capabilities of co-culture to include the standardized testing of large condition 

sets in a physiologically relevant system. 

This culture platform is ideal for the investigation of large condition sets, 

particularly in the study of toxins and therapeutic candidates. Indeed, there is growing 
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interest in the adaptation of barrier models to cell types with greater physiologic 

relevance104,159. The current standard for early-stage cell-based screening is Vero cells or 

MDCK cells that are far removed from the tissue physiology and may not reflect the true 

performance of drug candidates in vivo160. This platform enables facile automation of a 

physiologically relevant pulmonary barrier model for enhanced screening. Further, the 

position of the endothelium facing downwards poses an advantage for exposure testing. 

Rather than flowing aerosols downward into each concave well for exposure, we can 

simply flow aerosols past the underside of the exposed epithelium. This simplifies the 

requirements for an automated exposure system.  

This model is limited in several ways. First, it does not yet include resident or 

circulating immune cells. Other models have added tissue-resident macrophages to the 

epithelium, mimicking the alveolar macrophages found in alveoli and respiratory 

bronchioles125,126,161. Resident and circulating immune cells play a central role in the 

response to inflammatory insults and potentiate barrier function in response. Future 

iterations of this model will include immune cells. Leveraging the convenient placement 

of the epithelium facing downwards, immune transmigration with neutrophils, monocytes 

or other immune cells is feasible in this model. Note that we utilize a 3-µm Transwell pore 

size that was permissible to neutrophil migration in a related co-cultured airway model152. 

An additional limitation is the Transwell culture substrate. The distal airway epithelium is 

normally separated from the capillary endothelium by a lining of smooth muscle and a thin 

connective tissue layer composed of collagen fibers (lamina propria). Smooth muscle cells 

and the physical separation between cell types are not recapitulated in this model. Further, 

the plastic Transwell filter does not represent the true connective tissue separating the cell 
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types in vivo. However, similar barrier function and response to stimuli were recreated in 

this relatively simple model.  

More broadly, epithelial-endothelial tissue barriers control access to the 

bloodstream at a variety of tissue sites including the respiratory tract and the mucosal 

barriers of the nasal passage, intestine, and eyes. This seeding method should be readily 

applicable to models emulating these other mucosal sites, as well. Different cell types may 

require tuning of the ratio of Optiprep to cell culture media. Here we used a 50/50 split by 

volume because it was well tolerated by the epithelial cells and resulted in near 100% 

flotation during the 2-hour culture period. However, 50/50 results in a density of 1.16 g/mL 

and a relatively increased liquid viscosity that may injure sensitive cell types. As most 

cells’ density is close to 1.10 g/mL, a greater media:Optiprep ratio may still prove effective 

for more delicate cell types that need more media and lower viscosity to be successfully 

used in this method.  

In conclusion, we propose that bilayer co-culture enhances the physiological 

relevance of many high-throughput tissue barrier models. However, the broader adoption 

of bilayer co-culture systems has been hampered by the difficulty of seeding cells on the 

underside of the membrane, a procedure that requires inversion of the membrane inserts 

and is particularly difficult in plates featuring 96- or more wells. In this study, we 

demonstrate that a robust co-culture model of the small airway epithelial-endothelial 

barrier can be produced at the 96-well scale using a robotic liquid handler-compatible 

procedure that circumvents the need for plate inversion during cell seeding by using high 

efficiency (>97%) attachment by density-driven cell flotation instead. This method 
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enhances the convenience of high-throughput co-culture to increase physiologic relevance 

of tissue barrier models for high-throughput screening. 
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CHAPTER 5. HIGH-THROUGHPUT DOSE-RESPONSE ANALYSIS OF DISTAL 

LUNG NEUTROPHIL INFILTRATION AND ACTIVATION 

5.1 Introduction 

Typically, neutrophils are the first immune cells to infiltrate the lungs during 

infection or injury67,162. Neutrophils are innate immune cells that comprise the bulk of 

circulating white blood cells and are poised to detect localized distress signals in the form 

of chemoattractant gradients163,164. Neutrophils migrate from the bloodstream to the injury 

site where they respond quickly and aggressively to clear pathogens, remove debris, and 

secrete pro-inflammatory and pro-regenerative mediators165. These early actions set the 

stage for later tissue repair and re-establishment of homeostasis. However, dysregulated 

neutrophil activity can instead exacerbate tissue injury and interrupt repair165,166. 

Neutrophils contribute to pathogenesis and perpetuate distal lung tissue injury in conditions 

ranging from the acute (e.g., acute respiratory distress syndrome167, acute lung injury168, 

and viral lower respiratory infection169–171), to the chronic (e.g., chronic obstructive 

pulmonary disease69, asthma70, and CF172–174). In these and other conditions, dysregulated 

neutrophils infiltrate and damage the distal airways and alveoli, compromising overall lung 

function73,162,175,176. 

Consequently, controlling neutrophil-driven pathophysiology is a top priority 

across a multitude of inflammatory lung diseases173,177–180. Clinical studies of available 

anti-inflammatory therapeutics, namely glucocorticoids and statins, have suggested an 

effect at improving clinical outcomes (pulmonary function, time to intubation, mortality) 

in various inflammatory lung diseases66,181–184. In vitro evidence corroborates that 
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neutrophil chemotaxis may be affected by statins and glucocorticoids66,185. However, the 

evidence for glucocorticoid and statin efficacy is relatively modest, comprising primarily 

retrospective analyses, population-based studies, and preclinical studies, so the final 

verdict on their use in inflammatory lung disease is inconclusive186–190. Further, both drugs 

exhibit pleiotropic effects on a host of signaling pathways and biologic functions that can 

lead to harmful side effects186,191–193. Therefore, novel inflammation-modulating 

therapeutic strategies are in development194, including targeted small molecule 

inhibitors195–197, micro- and nano-particles198,199, monoclonal antibodies200,  bioactive 

peptides201, and engineered nucleic acids202. 

These efforts are hampered by the significant limitations in current preclinical 

testing modalities for predicting in-human efficacy of drug candidates. Animal models are 

preferred for assessments of pulmonary neutrophil modulation because they enable 

measurement of critical outcomes including air-blood barrier strength and degree of 

immune cell infiltration and activation in a disease-relevant tissue microenvironment203,204. 

However, precise quantitation of infiltrated immune cells is challenging, and the effect of 

other cell types in the microenvironment on the final phenotype is difficult to isolate26. 

Further, animal models have limited throughput and significant species-specific 

differences on the organ-, cell- and molecular-level that could affect drug candidates’ 

efficacy41,205. Finally, animals cannot reflect patient-specific responses to a given 

therapeutic, an emerging goal of personalized medicine206.  

Therefore, human cell-based in vitro platforms have been developed to model 

neutrophil migration and activation. Traditional in vitro models with human cells have used 

cell culture inserts to incorporate bilayer epithelial-endothelial co-culture144,207, air-liquid 
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interface culture208, and induction of disease-specific neutrophil phenotypes173 to create 

physiologic relevance (Table 3). However, these platforms are typically low throughput 

(6- to 24-well plate) and require large volumes of primary cells and lung fluids that can be 

difficult to obtain in large volumes, especially in infants and children22.  

Table 3. Summary of Previous Transmigration Assays 
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Cramer et al.209 1980 Transwell 12 X  X   

Casale et al.210 1990 Transwell 24 X X    

Liu et al.211 1996 Transwell 12 X     

Casale & 

Carolan207 
1999 Transwell 24 X X    

Kidney & Proud208 2000 Transwell 12 X  X X  

Mul et al.144 2000 Transwell 12 X X    

Hu et al.212 2005 Transwell 24 X X   X 

Huh et al.213 2010 Microfluidic N/A X X    

Kusek et al.214 2014 Transwell 24 X     

Yonker et al.215 2017 Transwell 24 X   X  

Forrest et al.173 2018 Alvetex 24 X   X X 

Mejias et al.216 2020 Microfluidic 6 X X  X  

Nawroth et al.152 2020 Microfluidic N/A X X  X  

This work 2022 Transwell 96 X X X X X 

Therefore, lung microphysiological systems (MPS) have emerged to unite human 

relevance and organ-level functions in vitro in miniaturized platforms that require very 

small volumes and cell numbers217. Microphysiological systems (MPS) are advanced in 

vitro culture platforms that mimic human tissue-level function and microenvironment by 

incorporating factors such as co-culture, three-dimensional geometry, cell migration, and 

mechanical cues1,42. MPS enable studies of human-relevant physiology and cell-cell 
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interactions in a tightly controlled, replicable environment. Thus, they are uniquely poised 

to study inflammation, which is the process of immune cell infiltration and activation at a 

site of tissue injury, infection, or disease. Inflammation is tightly regulated by cell-cell 

interactions and signaling and develops unique signatures under different disease 

conditions. MPS could therefore recreate disease-specific inflammation under controlled 

conditions for studying pulmonary pathophysiology and testing therapeutics. Several 

microfluidic MPS modeled neutrophil transmigration into the distal lungs, but outcome 

measures have thus far been limited to image-based quantitation and velocity 

measurements130,152,216,218–221. Microfluidic immune transmigration models have 

consistently reported low transmigrated cell yields (10 – 103 cells/device) that preclude 

standard analysis with flow cytometry and limit cell population-level insights. Further, to 

date, microfluidic platforms are technically demanding and costly to standardize, scale, and 

automate222,223. 

To enable detailed and high-content screening-compatible neutrophil 

transmigration studies, a mesoscale approach is required that incorporates advantages of 

both traditional macroscale and novel microscale culture models. Here, we report the use 

of a small-volume, 96-well format epithelial-endothelial bilayer neutrophil transmigration 

assay. The platform incorporates multifaceted quantitative readouts, including migrated 

neutrophil number and activation state with flow cytometry, quantitative epithelial or 

endothelial immunofluorescence, and barrier strength measurements based on trans-

epithelial/endothelial electrical resistance. By migrating neutrophils towards primary CF 

patient sputum-derived airway liquid supernatant (ASN), the model reproduces CF lung 

disease with regards to neutrophil recruitment, dysfunctional activation, endothelial e-
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selectin, and barrier property changes. Finally, the assay generates dose-response curves 

comparing transmigration inhibition efficacy for clinically available immunomodulators, 

JAK-inhibitor baricitinib and NF-kB modulator dexamethasone.  

 

5.2 Materials and Methods 

5.2.1 Preparation of air-blood barrier array (ABBA) 

The 96-well lung ABBA was prepared as previously reported by our group100. 

Briefly, we modeled the epithelium by seeding the human small airway-like epithelial cell 

line NCI-H441 (American Type Culture Collection (ATCC)) on the underside of the 

Transwell membrane. This cell line recapitulates key properties of distal lung epithelium 

without introducing donor-dependent variability that could influence assay replicability. 

The endothelium was modeled with primary human umbilical vein endothelial cells 

(HUVECs, ATCC) that were pooled from multiple donors to reduce donor-specific 

variation. 

5.2.2 Neutrophil transmigration assays 

Human peripheral blood was obtained through venipuncture. All protocols for 

blood collection and processing were approved by the Institutional Review Boards of 

Georgia Institute of Technology and Emory University. Neutrophils were isolated 

according to manufacturer instructions (Miltenyi Biotec 130-104-434, and 130-098-196). 

Trans-epithelial electrical resistance was measured as previously described100. 

Chemoattractants (leukotriene B4, Cayman Chemical #20110; Interleukin 8, MyBioSource 
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#MBS9718666) were prepared at the specified concentrations in air-liquid interface (ALI) 

media. ALI media was prepared as described in Viola 2021. In CF assays, pooled patient 

airway supernatant was prepared as described224, diluted in ALI media, and placed in the 

receiver plate.  In drug testing assays, isolated neutrophils were suspended in media 

containing specified drug concentrations (baricitinib, Cayman Chemical #16707; 

dexamethasone, Millipore Sigma #D2915-100MG). Media was completely removed from 

the top chamber of the Transwell inserts and neutrophils suspended in air-liquid interface 

medium were placed in the top chamber of the Transwell at 100 μL/well, with 225,000-

330,000 cells/well depending on the experiment. Conditions that were directly comparable 

used the same number of neutrophils in the top well. After neutrophils were placed in the 

top chamber, inserts were placed immediately into pre-warmed receiver plate containing 

the chemoattractant or patient sample. The plate was incubated for 16 hours at 37 °C, 95% 

humidity, 5% CO2. 

5.2.3 Flow cytometry 

  Freshly isolated neutrophils (hereafter called blood neutrophils) were 

stained for flow cytometry in a FACS tube immediately after isolation from whole blood. 

Transmigrated neutrophils were collected into non-tissue culture treated round-bottom 96-

well plates for staining. All reagents were kept at 4 °C, incubations took place at 4 °C in 

the dark and all centrifugations were at 400g for 5 minutes at 4 °C or 25 °C. Washes 

consisted of 3 repeats of the following: diluting the suspension to 300 μL with PBS+2.5 

mM EDTA (pH 8), centrifugation, and aspiration of half the supernatant (150 μL). To stain 

neutrophils, cells were collected from the receiver plate, washed, and pre-stained for 10 

minutes with 1:500 Live/Dead (Biolegend 423102) and 1:100 Human TruStain FcX 
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(Biolegend 422302) in PBS-EDTA for 10 minutes. Cells were washed and incubated in the 

antibody cocktail for 30 minutes, containing the following antibodies at 3 μL per antibody 

plus PBS-EDTA for a total volume of 200 μL per well: Alexa Fluor® 647 anti-human 

CD63 (Biolegend 353016); PE/Cyanine7 anti-human CD66b (Biolegend 305116); 

APC/Cyanine7 anti-human CD16 (Biolegend 302018) ; Brilliant Violet 421™ anti-human 

CD62L (Biolegend 304828) (Table 4). Then cells were washed and fixed in 2% PFA for 

5 minutes followed by washing and resuspension in PBS-EDTA. Stained neutrophils were 

stored at 4 °C protected from light until measurement on the Beckman Coulter Cytoflex S 

within 3 days of staining. Flow cytometry was performed using the Beckman Coulter 

Cytoflex S at 30 μL/min collection speed. Compensation was collected using single-

antibody stained Abc Beads for antibodies and Arc beads for live/dead according to 

manufacturer instructions. Gating and compensation matrix was performed in FlowJo. 

Cells were gated first SSC-A vs. SSC-H for singlets, then SSC-A vs KO525 for live cells. 

Cell quantitation and MFI were calculated using FlowJo. An example gating strategy is 

shown in Figure 5-1. The same gate was applied to all samples of the same experiment. 

New gates were applied for each experiment. 

Table 4. Flow cytometry antibody list 

Target Color Vendor Catalog # Product Name Antibody Type 

CD63 AlexaFluor 

647 

Biolegend 353016 Alexa Fluor® 647  

anti-human CD63  

Mouse IgG1, κ 

CD66B PE-Cy7 Biolegend 305116 PE/Cyanine7  

anti-human CD66b  

Mouse IgM, κ 

CD16 APC-Cy7 Biolegend 302018 APC/Cyanine7  

anti-human CD16  

Mouse IgG1, κ 
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Figure 5-1 Gating strategy for neutrophil flow cytometry 

Raw data collected by flow cytometry is processed in FlowJo. Events are first sorted by 

SSC-A vs. SSC-H into the gate shown to isolate singlet events (left panel). This group is 

then gated for live cells by selecting the population of events with a dead cell stain MFI 

below approximately 105 (right panel). 

5.2.4  Statistical analysis 

All statistics were performed in GraphPad Prism 9. All significance tests were 

performed with α = 0.5. Figure 5-5(C) Student’s t test, unpaired, α = 0.05. Figure 5-5(D) 

Simple Linear regression, α = 0.05, 95% confidence interval (dashed lines). Wald Test was 

used to assess whether the regression line slope was significantly non-zero. Figure 5-5(E), 

5-5(F): Two-way ANOVA with post-hoc Tukey’s t test for multiple comparisons with α = 

0.05 (95% confidence). Figure 5-6(A), right: Mixed effects analysis with row matching 

and post-hoc Tukey’s t-test, α = 0.05 (95% confidence). Figure 5-6(B),(C): Simple linear 

regression,  α = 0.05, 95% confidence interval (dashed lines). Wald’s test for significantly 

non-zero regression slope. Figure 5-6(D-F): Ordinary one-way ANOVA (unmatched), 

CD62L Brilliant 

Violet 421 

Biolegend 304828 Brilliant Violet 421™  

anti-human CD62L  

Mouse IgG1, κ 
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post-hoc Tukey’s t-test, α = 0.05 (95% confidence). Figure 5-7(B-D): Ordinary one-way 

ANOVA (unmatched), post-hoc Tukey’s t-test, α = 0.05 (95% confidence). Figure 5-7(E-

H): Student’s t test, unpaired, α = 0.05. Figure 5-8(A),(B): Simple linear regression, α = 

0.05. Figure 5-9(A-B): Nonlinear least-squares regression (log10[inhibitor] vs. response 

logistic curve, three-parameter). No handling of outliers, no constraints, no weighting, 95% 

confidence interval. IC50 value reported from the GraphPad model. However, IC50 value 

can be calculated from the regression model by determining the x-value associated with 

50% of the difference between the minimum and maximum values of the logistic curve. 

For all graphs: * p ≤ 0.05, ** p ≤ 0.01, *** p ≤ 0.001, ***** p ≤ 0.0001. 

5.2.5 Cell culture 

NCI-H441 human adenocarcinoma cell line (H441 cells) was purchased from 

American Type Culture Collection (ATCC) (ATCC® HTB-174™). NCIH441 cells were 

expanded in RPMI-1640 (ATCC® 30-2001™) supplemented with 9% fetal bovine serum 

(50 mL into 500 mL media for total volume 550 mL) and Penicillin-Streptomycin (Gibco™ 

15140148) diluted 1:100 v:v. For routine culture, H441 cells were seeded at density 1e6 

cells per 75 cm2 in 60 mL cell culture media into a T-225 tissue culture flask. After passage 

(day 0), media was changed every 48 hours on the following schedule: day 2, 60 mL; day 

4, 120 mL; day 6, passage. For media changes, NCI-H441 media was aspirated and 

replaced. For passage, NCI-H441 T-75 flasks were rinsed with 10 mL warm PBS (Ca2+ 

and Mg2+-free) and lifted with 2 mL 0.05% Trypsin-EDTA (Gibco™ 25300120). Trypsin 

was neutralized with media and cells were spun down (200 g, 5 min, 25 °C), resuspended 

in 1 mL RPMI media and counted for seeding with Nexcelcom Cellometer Auto T4 Bright 

Field Cell Counter (Nexcelcom Bioscience) using Trypan Blue viability stain. Cells were 
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used below the 8th passage after obtaining from ATCC. Primary pooled human umbilical 

vein endothelial cells (HUVECs) were purchased from ATCC (ATCC® PCS-100-013™) 

and expanded according to manufacturer instructions in Vascular Cell Basal Medium 

(ATCC® PCS-100-030™) supplemented with Endothelial Cell Growth Kit-VEGF 

(ATCC® PCS-100-041™) with added Penicillin-Streptomycin (Gibco™ 15140148) 

diluted 1:100 v:v. Cells were passaged at 60-80% confluence according to manufacturer 

instructions, counted with Nexcelcom Cellometer Auto T4 Bright Field Cell Counter 

(Nexcelcom Bioscience) using Trypan Blue viability stain, and used below passage 10 

since expanding from ATCC.  

5.2.6 Transwell preparation 

H441-HUVEC bilayer co-cultured Transwells were prepared in Corning 96 well 

HTS plates as previously described100. NCI-H441 cells were passaged and suspended at 

1.18 × 10−6 cells/mL in 37 °C culture media. The cell solution was gently mixed with 

sterile, pre-warmed (37 °C) 50% v/v OptiPrep Density gradient medium (STEMCELL 

Technologies 07820) until a homogeneous solution was observed. The solution was 

immediately transferred to the lower chamber of the HTS 96-well plates (85 µL/well) using 

a multichannel pipettor or VIAFLO-96 liquid handler, ensuring adequate mixing for even 

cell distribution. This concentration and volume results in 50,000 cells/well (350,000 

cells/cm2). The cells adhered in this condition for 2 hours in a humid incubator at 37 °C, 

5%CO2, 95% humidity.  

After 2 hours, 150 µL cell culture media was slowly added to the bottom chamber 

and 75 µL was added to the top chamber using a VIAFLO-96 Liquid Handler. The plate 
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was then allowed to incubate overnight before HUVEC seeding. The day following 

NCIH441 seeding, the culture inserts were moved to a new receiver plate. HUVECs were 

seeded in the Transwell chamber on the opposite side of the NCI-H441 cells. HUVEC cells 

were passaged and suspended at 80,000 cells/mL. 10,000 cells/well in 100 µL cell culture 

media were seeded in each well and allowed to incubate overnight. Inserts were 

transitioned to ALI 24–48 hours after HUVEC seeding. To culture at ALI, the media was 

removed from the bottom chamber and the media in the top chamber was replaced with 

50/50% v/v NCI-H441 and HUVEC cell culture media with all supplements except fetal 

bovine serum (FBS). Instead of FBS, the media contained 1:50 v/v Ultroser G serum 

substitute (final concentration 0.2 mg/mL) (Sartorius 15950-017) to promote 

differentiation and polarization of the epithelium. The plate was then cultured at ALI for 

5–7 days until TEER reached above an average of 400 Ω∙cm2. Assays were typically 

performed on day 6 of ALI culture, day 9 since seeding NCI-H441. The process is 

summarized in Figure 5-2 below. 
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Figure 5-2 Preparation of Transwell bilayer coculture for transmigration assays 

5.2.7 TEER measurement 

Trans-epithelial electrical resistance (TEER). TEER was monitored prior to 

transmigration experiments using EVOM2 0-10 kΩ Range Epithelial Volt/Ohm Meter 

(World Precision Instruments) with the STX100C96 electrode (World Precision 

Instruments). The electrode was maintained as recommended by the manufacturer. 

Specifically, the electrode was cleaned by incubating overnight with Tergazyme (Alconox 

1304-1), sanded gently as needed with sandpaper provided  

 by the manufacturer to keep the metal surfaces clean and exposed, and was soaked as 

needed in 5% v/v sodium hypochlorite for 5 minutes to maintain conductivity. Raw 

measurements of TEER were corrected according to the following formula: 
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𝑇𝐸𝐸𝑅 (𝛺 × 𝑐𝑚2) = [(𝑅𝑎𝑤 𝑇𝐸𝐸𝑅 (Ω) − 200 Ω) × 0.143 𝑐𝑚2] 

200 Ω is the average value of a blank well with the equivalent volume of cell culture media, 

while 0.143 cm2 is the surface area of the cell culture insert. For TEER measurements at 

ALI, 200 µL/well 37 °C Earl’s Balanced Salt Solution (EBSS) was added to the bottom 

chamber for measurement. For all TEER measurements, plates were placed on an electric 

warming plate set to 37 °C to maintain constant temperature because TEER can change 

with temperature. 

 

5.3 Results and Discussion 

5.3.1 Preparation of standardized ABBA array 

 Although in vitro neutrophil transmigration has been previously reported (Table 

3), the application of miniaturized neutrophil migration in a high-throughput, 

physiologically relevant drug testing assay has not been described. To achieve such an 

assay requires rigorous quality standardization to ensure well-to-well and assay-to-assay 

reliability. Cell culture in 96-well microplates is notorious for suffering from edge-position 

dependent effects (i.e., edge effects) due to gradients in temperature, humidity, gas 

concentration, evaporation rate, and other environmental factors that influence cell 

metabolism, growth rates, and settling location225,226. Therefore, cell culture and migration 

in this assay was validated against these factors by evaluation of barrier strength in each 

well after culturing with controlled humidity and temperature. Barrier strength reflects how 

well the epithelial-endothelial bilayer prevents the passage of matter such as ions, proteins, 
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and particles, and can be measured non-terminally using a TEER probe that applies a weak 

electric potential across the cell layer227. This allows the measurement of ion flux across 

inter- and intra-cellular pathways. A high TEER indicates high resistance to passive ion 

flow, and therefore a strong barrier.  

 Evaporation gradients are considered a primary cause of edge effects because the 

relative humidity of most cell culture incubators averages at 95% and transiently drops 

further when the door is opened228,229. The ABBA is particularly susceptible to evaporation 

due to the small media reservoir (<150 μL/well) and the air-exposed epithelium. Therefore, 

we developed a custom humidity chamber composed of a Nunc-well plate surrounded by 

50-mL reagent reservoirs containing sterile water-saturated gauze with the plate in the 

center (Figure 5-3). ABBA plates that were cultured inside this humidity chamber within 

a standard cell culture incubator had reduced edge effects compared to plates without the 

humidity chamber (unpublished observation). Therefore, ABBA plates used in this study 

were cultured in the humidity chamber. Temperature gradients also cause edge effects 

including uneven cell seeding and growth rates due to the development of natural 

convection currents, which we observed when we performed seeding without temperature 

control (Figure 5-4)230.  
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Figure 5-3 Humidity chamber prevents evaporation-dependent edge effects 

Figure 5-4 Edge effects due to temperature gradients. 

Cell seeding without (left) and with (right) temperature control during seeding. 

Standardizing temperature during seeding prevents natural convection currents that 

distribute cells unevenly across the membrane. 

 

Therefore, all handling of the ABBA plate during seeding, culture, and assay 

preparation were performed on an electric cell culture heating apparatus with all reagents 

kept at 37 °C. Indeed, performing epithelial and endothelial seeding with pre-warmed 
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plates on a heating plate significantly decreased barrier strength-related edge effects 

(unpublished observation).  

To characterize edge effects on the ABBA, we measured TEER prior to 

transmigration and correlated it to edge position based on a scoring system where 0 

corresponds to a corner, 1 to an edge well, 2 to wells 1 position away from an edge, etc. 

Previously we reported that the cell layers in the 96-well co-culture array was more likely 

to be subconfluent if TEER was below 286 Ω*cm2 100. We found that only the plate with 

mean TEER below 100 Ω*cm2 exhibited TEER-related edge effects, while plates with 

mean TEER above 200 Ω*cm2 did not exhibit significant position-dependent TEER effect. 

The lower TEER plates were most likely subconfluent based on previous observations, so 

we propose that the plates with low mean TEER exhibited edge effects due to subconfluent 

epithelial and/or endothelial cell layers caused by a combination of uneven cell seeding 

(temperature edge effect) and uneven growth rate (temperature and humidity edge effect). 

Nevertheless, plates that achieve even seeding and confluence showed higher TEER and 

no edge effects of TEER, suggesting that in most cases our mitigation efforts were 

effective. 

5.3.2 Parameters for standardized transmigration in high-throughput 

 Next, we investigated the influence of barrier strength and edge position on the 

number of migrated neutrophils, a key assay outcome. We hypothesized that wells with 

significantly low TEER compared to the other wells on the same plate would allow the 

passage of more neutrophils by allowing neutrophils to migrate through areas that were not 

completely covered with epithelial cells, consistent with the same observations made by 
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Kidney and Proud (2000) during bronchial epithelial transmigration208. We conducted five 

independent transmigration experiments with assay plates having variable mean TEER 

(Table 5). Despite standardization of the plate preparation protocol, some variability 

between plates can occur. For each experiment, we correlated the number of migrated 

neutrophils from each well to the well’s initial TEER. Linear regression analysis showed 

that there was a very significant (p<0.0001) non-zero slope for the correlation between 

TEER and migrated neutrophil number in only the two plates with mean TEER 99.5 (+/- 

41.4) and 206.3 (+/- 48.9) and these two correlations also had the highest r2 values of 

0.3988 and 0.2753, respectively (Table 5). One plate had a significant but weak correlation 

with p = 0.001 and r2 = 0.1316. The remaining two plates had no significant correlation. 

These results suggest that TEER is related to migrated neutrophil number only when the 

mean plate TEER is at or below 206.3 Ω*cm2.  

We next studied the effect of edge position on the number of migrated cells. The 

plates with mean TEER below 250 Ω*cm2 that demonstrated TEER-dependent edge effects 

also showed association between edge position and neutrophil number (Figure 5-5). Plate 

3 did not exhibit TEER edge effects but did have neutrophil number edge effects. We 

speculate that this effect was not biological but rather was observed due to evaporation of 

edge wells during storage of the fixed cells before flow cytometry, concentrating the cells 

and creating a falsely higher value for edge wells during cytometry. Plate 5 experienced 

TEER and neutrophil edge effects, and we expect this was due to increased cell migration 

in wells with lower TEER due to edge-dependent differences in cell confluence, 

differentiation, or both. Control of plate evaporation during all stages of handling negates 

cell number edge effect in plates with no TEER-based edge effect.  
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Table 5. Effect of TEER and Edge Position on Migrated Cell Number 

  TEER (Ω*cm²) Edge Effects? TEER vs. Cell # 

Exp. n 

(wells) 

Mean St. 

Dev. 

TEER Cell # Goodness of fit Significance 

EXP. 5 96 99.5 41.4 Yes Yes r² = 0.3988 p < 0.0001 

EXP. 3 59 206.3 48.9 No Yes r² = 0.2753 p < 0.0001 

EXP. 1  48 266.2 58.3 No No r² = 0.02438 p = 0.3493 

EXP. 4 91 271.0 55.1 No No r² = 0.1316 p = 0.0010 

EXP. 2 24 273.1 58.8 No No r² = 0.002197 p = 0.8278 
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Figure 5-5 Transmigration assay models neutrophilic inflammation. 

A) The distal lung’s air-blood barrier is composed of a monolayered epithelium that grows 

opposite a capillary endothelium on a thin basement membrane. This tight barrier 

separates outside air from the bloodstream and facilitates gas exchange. During various 

lung injuries, neutrophils infiltrate the air space from the capillaries, first adhering to the 

endothelium (1), then rolling (2), crossing the endothelium and epithelium in succession 

(3) and arriving in the epithelial airway surface liquid (4). Upon arrival neutrophils are 

primed to respond to their microenvironment and may release granules containing 

proteases, inflammatory cytokines, chemokines and growth factors (5). B) We miniaturized 

and standardized this transmigration process in a minimally complex, high-throughput 

platform using a 96-well Transwell culture plate with air-liquid interface differentiated 

epithelial cells on the underside of a membrane opposite primary endothelial cells in plate 

as we previously described (Viola 2021). D) Migrated neutrophil number is free of TEER- 

and edge- dependence above a TEER threshold. In 5 independent Transwell plates cultured 
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on different days, TEER of each well was measured immediately prior to neutrophil 

transmigration for 16 hours. Then, the number of migrated neutrophils was counted and 

correlated with initial TEER using simple linear regression followed by Wald’s test for 

slope significance (GraphPad Prism 9). E) TEER immediately prior to transmigration was 

independent of edge position unless the average plate TEER was below 150 Ω*cm² (red 

dashed line). F) From the same 5 independent Transwell plates, the number of migrated 

neutrophils was independent of edge position unless the average TEER was below 200 

Ω*cm² (red solid line). Migrated cell number was not strongly correlated with TEER (p > 

0.05) when mean plate TEER exceeded approximately 200 Ω*cm² (red solid line), Table 5. 

Strong correlations, defined as r² > 0.25 and p < 0.0001, had opposite slopes. Overall, no 

consistent trend between TEER and cell number was observed. n = 38, 24, 59, 79, and 96 

wells for Experiments 1-5, respectively. All statistics were performed on GraphPad Prism 

9 as follows. A, B: Two-way ANOVA with post-hoc Tukey’s t-test for multiple comparisons 

without matching. C: Simple linear regression with α = 0.05 and Wald test for significantly 

nonzero linear regression slope. ns = not significant, *p≤0.05, **p≤0.01, ***p≤0.001, 

****p≤0.0001 

5.3.3 Dose-dependent neutrophil recruitment and activation 

 Neutrophils’ primary activity in inflammation is migrating to a tissue site and 

becoming activated to clear debris and pathogens, and release antimicrobial products. 

While the specific phenotype of activation is disease- and tissue-specific, typical features 

of neutrophil activation are phagocytosis of pathogens and cellular debris, degranulation 

of proteases, cytokines, chemokines, and other mediators, production of reactive oxygen 

species, and the release of neutrophil extracellular traps73. Neutrophil interactions with the 

endothelium and epithelium in a physiologic direction also prime them for action upon 

reaching the site of inflammation. 

We used the ABBA to analyze epithelial-endothelial bilayer transmigration 

towards known chemokines in a dose-response format and measured key outcomes of 

migrated neutrophil number and activation state. In vitro, neutrophils migrate dose-

dependently across epithelial monolayers towards IL-8 and LTB4, and across epithelial-

endothelial bilayers towards chemokines IL-1β and TNF-α207,208,210. We showed that 
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chemoattractants IL-8 and LTB4 both attracted neutrophils dose-dependently from 5 

independent donors (Figure 5-6(A)). Dose-response curves for each donor revealed strong, 

significant linear correlations (r2 > 0.75, p < 0.001) between neutrophil  number and 

chemoattractant dose. Wald’s test comparing multiple linear correlation slopes suggested 

that the dose-response linear correlation slopes are significantly different between donors 

for transmigration to IL-8, but not LTB4. We speculate that such differences could be due 

to donor-specific difference in the expression of the neutrophil IL-8 receptor CXCR1, but 

further study is required231. This experiment demonstrates the utility of this assay for 

sensitive detection of migrated neutrophil number across multiple donors and 

chemoattractants. 

 Neutrophil priming and activation entails surface mobilization of secretory vesicles 

and subsequent exocytosis or intracellular mobilization of granules containing cytokines, 

proteases and growth factors232,233. To assess the assay’s ability to detect neutrophil 

activation phenotypes, we conducted transmigration experiments at increasing doses of the 

chemoattractants LTB4 and TNF-α. Both chemoattractants dose-dependently attract 

neutrophils (Figure 5-6(B-C)). We saw significant downregulation of integrin receptor 

CD62L, also called L-selectin, suggesting that neutrophils interacted with endothelial and 

epithelial integrins during transmigration234,235. The observed increased expression of 

surface CD66b reflects increasing degrees of neutrophil degranulation236,237 upon 

migration, as a consequence of increasing pro-inflammatory cytokine concentration238,239, 

showing that neutrophils are sensitive to the magnitude of a pro-inflammatory stimulus. 

These results demonstrate that this assay can dose-dependently detect alterations in 
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neutrophil surface marker expression that associate with interactions between neutrophils 

and surrounding cells and mediators (Figure 5-6(D-F)).  

Figure 5-6. Neutrophils from different donors consistently migrate dose-dependently to 

chemoattractants 

A) Combined dose-response for 5 donor transmigration to i) LTB4 or ii) IL-8. Donor 1A 

and 1B denote the same donor in independent experiments. Iii) All six donors show similar 

magnitude of response to no chemoattractant, 20 ng/mL IL-8, or 250 nM LTB4. B-C) Dose-

response log-log plots show linear correlation between chemoattractant concentration and 

number of migrated neutrophils across six donors for LTB4 (B) or IL-8 (C). Wald’s test 
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for linear correlation slopes suggests that the slope of the linear correlation line is 

significantly different between donors for IL-8 but not LTB4. D-F) Neutrophils are 

activated dose-dependently in response to chemokine gradients. Solid line indicates linear 

correlation line; dashed lines indicate 95% confidence intervals of the linear correlation. 

Statistical analyses performed using GraphPad Prism 9. Ns = not significant, *p≤0.05, 

**p≤0.01, ***p≤0.001, ****p≤0.0001.  

 

5.3.4 Capturing a disease-specific microenvironment and inflammatory responses 

Neutrophil phenotype and behaviors depend on disease-specific 

microenvironmental programming through soluble mediators and cell-cell binding 

interactions. Our assay is uniquely capable of providing the necessary microenvironmental 

cues to program neutrophils towards a disease-specific phenotype in a high-throughput, 

standardized, and miniature platform. Previous platforms have demonstrated that 

transmigration into CF airway surface liquid supernatant (ASN) programs neutrophils 

towards a CF-characteristic phenotype characterized by decreased bacterial killing, 

enhanced glycolysis, and increased respiratory burst173. These “GRIM” neutrophils were 

also associated with decreased secretory vesicle marker CD16 and L-selectin (CD62L), 

and significantly increased degranulation markers CD63 and CD66b compared to blood 

neutrophils. We showed that this model system can reproduce these key expression 

markers of CF airway neutrophils. We obtained processed, pooled CF sputum from the 

Tirouvanziam laboratory at Emory University (under IRB 00042577) . Tirouvanziam 

laboratory processed the CF-ASN as previously described173. We placed diluted CF-ASN 

in the bottom receiver plate. Neutrophils were allowed to migrate for 18 hours into CF 

sputum, diluted in cell culture at a ratio between 1:12 to 1:1 as shown.  
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CF sputum contains high concentrations of neutrophil chemoattractants and 

activators including TNF-a, IL-8, IL-1B, fMLP, C5a, and PAF240. We showed that 

neutrophils migrated dose-dependently to increasing concentrations of sputum, mimicking 

the same trend we demonstrated in response to known concentrations of defined 

chemokines. Second, we showed that TEER increases for low sputum concentration and 

decreases at high sputum concentration. We speculate that this effect is due to the beneficial 

growth factors and mediators in the sputum241. At high sputum concentration in the assay, 

neutrophils migrate in high numbers and produce elastase and other proteases that damage 

the epithelium242. At low sputum concentrations, very few neutrophils migrated and the 

liquid culture of the epithelium with sputum may have benefitted barrier function through 

the presence of growth factors in combination with a lower concentration of active 

neutrophil elastase. Finally, we stained the endothelium for the adhesion marker e-selectin 

and showed that it was dose-dependently increased with greater concentration of CF 

sputum on the epithelium. Indeed, CF patients exhibit increased soluble adhesion ligands 

including e-selectin243,244, and incubation of human microvascular endothelial cells with 

soluble components of CF sputum induced upregulation of e-selectin that promoted 

neutrophil adhesion245. For surface marker expression analysis we excluded the 1:12 and 

1:6 conditions due to low cell number. We found that neutrophils shed the integrin CD62L 

during transmigration as expected, and neutrophils’ expression of CD66b was increased 

dose-dependently compared to the non-transmigrated control. CD63 increased compared 

to the non-transmigrated control, and CD16 decreased. This profile of markers mimics that 

of CF neutrophils as previously demonstrated. Overall, our model mimics CF-

characteristics of increased neutrophil recruitment, increased expression of e-selectin, and 
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neutrophil activation and degranulation. Importantly, this model requires only 33 μL of 

pooled CF ASN per well for the 1:3 dilution that demonstrates CF-neutrophil mimicking 

characteristics. Therefore, the model reduces the sputum volume required in previous 

assays by over twenty-fold. 
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Figure 5-7. Transmigration replicates CF-like neutrophil activation and air-blood barrier 

properties 
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A) E-selectin immunofluorescence staining after 14 hours transmigration into CF airway 

supernatant diluted 1:12-1:1 vs. incubated in ALI medium without transmigration (CTRL). 

B) Number of migrated neutrophils after 14 hour migration to CF-ASN. C) TEER fold-

change compared to the same wells’ initial TEER. Control wells from the same plate were 

maintained at ALI for the duration of the experiment. Low concentration of CF-ASN (1:12, 

1:6) increased TEER but highly concentrated CF-ASN reduced TEER compared to ALI 

controls. D) Endothelial e-selectin MFI, quantified using ImageJ analysis of 

immunofluorescence stains, was upregulated after CF-ASN transmigration dose-

dependently. E) CD-62L, also called L-selectin, was shed from transmigrated neutrophils. 

F,G) CD66b and CD63 were upregulated compared to blood neutrophils prior to 

transmigration (dashed line) indicating degranulation. H) CD16 was downregulated 

compared to blood neutrophils (dashed line) indicating CF-like activation. All statistics 

performed using GraphPad Prism 9. B-D) One-way ANOVA with post-hoc Tukey’s t-test 

for multiple comparisons without matching. E-H)  Student’s t-test (unpaired). For all tests, 

α = 0.05. ns = not significant, *p≤0.05, **p≤0.01, ***p≤0.001, ****p≤0.0001. 

 

5.3.5 Dose-response comparison of immunomodulatory therapeutics baricitinib and 

dexamethasone 

Finally, a key application of this assay is high-throughput immunomodulatory drug 

screening in a human-relevant microenvironment. To our knowledge, all previous 

assessments of drug effects on neutrophil transmigration were performed without 

epithelial-endothelial bilayer transmigration. The bilayer of lung structural cells enhances 

physiologic relevance of therapeutic testing by including the effects of anti-inflammatory 

agents on both neutrophils and surrounding cell types that are intimately involved in the 

coordination of neutrophil transmigration246. Endothelial and epithelial cells express 

adhesion ligands including e- and p-selectin, ICAM and VCAM that facilitate transcellular 

extravasation247. Both cell layers also respond to insults by releasing neutrophil 

chemoattractants including LTB4, IL8, and TNF-α248,249. Finally, the cell barrier regulates 

the transfer of proteins and small molecules, compartmentalizing the epithelial 

chemoattractant gradient from endothelial drugs110. Importantly, the sequestration of 
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therapeutics to the endothelial layer in a physiologic manner may prevent the action of 

therapeutics from reaching airway neutrophils. We showed that permeability of the cell 

bilayer is maintained after 14-hour transmigration to LTB4. Table 6 shows that the bilayer 

permeability remains within the range of epithelial monolayers  

Table 6. Permeability of epithelial-endothelial bilayers post-transmigration 

Value Pore size Cell type Author 

2.7 ng/cm2 

(2.1e-7 cm/s) 

3 µm H441-HUVEC bilayer 

(post-transmigration) 

This work 

10-150 ng/cm2 0.4 or 1 µm Primary nasal 

epithelium 

Kreft 202066 

1e-5 to 1e-7 cm/s 0.4 or 1 µm Calu-3 Kreft 2015 

0.2-1e-6 cm/s 0.4 µm Calu3, 16HBE140, 

NHBE 

Bosquillon 2017 

1.58e-7 cm/s 0.4 µm H441 Salomon 2014 

Figure 5-8 Permeability vs. TEER after transmigration 

A) Standard curve of 10k Dextran vs. relative fluorescence units. B) Relationship between 

Transwell TEER and permeability to 10k Dextran with Simple Linear Regression 

(GraphPad Prism 9). 

 

We tested the effects of two clinically available anti-inflammatory therapeutics of 

different mechanisms, dexamethasone (brand names Ozurdex, Maxidex, DexPak 6 Day, 
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and others) and baricitinib (Brand name Olumiant). Dexamethasone is an established  

glucocorticoid, which is a class of synthetic hormones that have for many years been 

employed to control pulmonary inflammation66. Glucocorticoids primarily act through the 

abrogation of NF-kB-dependent pro-inflammatory gene transcription, and the upregulation 

of anti-inflammatory genes250,251. Glucocorticoids are generally effective at controlling 

lymphocytic pulmonary inflammation, are widely used in the management of obstructive 

lung disease, and have shown promise in the treatment of COVID-19 ARDS66. In vivo 

studies have shown a reduction in neutrophil numbers in the BALF of mice injured with 

LPS and VILI252,253. Importantly, the precise quantitation of infiltrated neutrophils in 

BALF is technically challenging due to the unknown dilution of BALF with saline during 

sample collection26. Therefore, this study compliments existing evidence in a defined 

migration platform with known dilution factors to assess the wholistic effect of 

dexamethasone on the transepithelial-transendothelial recruitment of neutrophils along an 

IL-8 chemoattractant gradient.  

We contrasted dexamethasone with a novel anti-inflammatory baricitinib that 

belongs to the group of Janus kinase (JAK) inhibitors (JAKinibs). JAKs mediate the signal 

transduction of Type I and II cytokine receptors that bind over 50 cytokines, interleukins, 

colony stimulating factors and hormones254. Therefore JAKinibs have been in clinical 

development over the last decade for the treatment of various inflammatory disorders, 

primarily rheumatoid arthritis and dermatologic autoimmune conditions254,255. JAKinibs 

have recently become promising pulmonary anti-inflammatory candidates in obstructive 

lung disease, COVID-19 lung disease, and asthma, among others256–260. Baricitinib in 

particular has inhibited neutrophil infiltration to the joints in human clinical trials for 
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rheumatoid arthritis261 and to the distal lungs of rhesus macaques infected with COVID-

19262. However, the mechanisms by which baricitinib may directly or indirectly interfere 

with neutrophil recruitment are still unclear despite these promising results. 

We simulated an acute inflammatory event in the distal lungs by placing IL-8 (20 

ng/mL) on the epithelial side of the ABBA bilayer. We added neutrophils to increasing 

concentrations of each drug and allowed overnight (16 hours) transmigration to IL-8. For 

Donor 1, baricitinib inhibited the transmigration of neutrophils with an IC50 of 2.698 (95% 

CI 0.6169 – 10.34) (Run 1) and 1.375 (95% CI 0.1981 – 8.197) (Run 2). Dexamethasone 

failed to reduce the number of transmigrated neutrophils in both trials for Donor 1. 

Interestingly, Donor 2 neutrophils did not respond to baricitinib or dexamethasone, 

retaining a basal rate of IL-8 induced transmigration under all drug conditions. Importantly, 

Figure 4-5(D) shows that the total number of migrated neutrophils is similar for both 

donors, confirming that Donor 2 did have significant IL-8 mediated neutrophil migration 

as opposed to no migration at all which would have also shown no drug effect. 

Dexamethasone failed to inhibit neutrophil transmigration despite previous 

evidence that glucocorticoids are effective at reducing neutrophil infiltration in vivo. 

However, glucocorticoids have been shown to have no effect on pulmonary neutrophil 

infiltration and even increase its magnitude in animal studies of lung injury with LPS, 

bleomycin, and Ventilator-induced lung injury263–265. Further, intravenous glucocorticoids 

increased pulmonary neutrophil infiltration in multiple studies in human asthma 

patients266,267. The effects of glucocorticoids on pulmonary neutrophil recruitment, 

therefore, are not settled.  
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The negative effects of glucocorticoids are thought to result from the established 

role of glucocorticoids in promotion of neutrophil survival268–270, enhancement of 

endothelial adhesion271–273, and recruitment through the BLT-1 pathway that is not 

suppressed, and may be increased, by glucocorticoids 274. Schleimer (2004) suggests that 

the beneficial clinical effects of glucocorticoids in lung disease in vivo emerge from the 

suppression of chemoattractant gradients that recruit neutrophils, rather than the direct 

abrogation of neutrophil chemotaxis, reasoning that “the inhibitory effects of 

glucocorticoids on leukocyte recruitment are mediated at the level of the production of the 

chemoattractants, not at the level of the leukocyte response. If chemoattractants (e.g., C3a, 

C5a, SAA, etc.) can be generated in the presence of glucocorticoids, then neutrophils and 

other cells with appropriate receptors are free to migrate despite the presence of  

glucocorticoids.275 Indeed, glucocorticoids suppress macrophage, epithelial, and 

endothelial production of chemoattractant proteins such as IL-8 and TNF-α, which supports 

in vivo studies showing reduced neutrophil recruitment66,276,277. Our results, however, 

mirror other studies showing that after chemoattractants are available to neutrophils, 

glucocorticoids fail to interrupt neutrophil chemotaxis268. 

In contrast to dexamethasone, baricitinib reduced transmigration of neutrophils by 

two- to four-fold despite the presence of an IL-8 chemoattractant gradient, but only for one 

of two donors tested. Baricitinib’s mechanisms of inhibiting neutrophil recruitment in this 

model are not clear and further mechanistic study is required. However, we speculate that 

baricitinib inhibits JAK3 signaling downstream of the IL-8 receptor signaling cascade to 

inhibit IL-8 mediated transmigration in this model. In this study, neutrophils were 

transmigrated to IL-8 which binds to neutrophils through CXCR1.  Significantly, CXCR1 
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signal transduction does not require JAK1 or JAK2, the primary targets of baricitinib. 

However, previous work showed that IL-8-driven, CXCR1-mediated chemotaxis depends 

on JAK3278. Baricitinib shows potency against JAK3 (≈560 nmol/L) in addition to its more 

potent inhibition of JAK1 and JAK2 (IC50 5.9 and 5.7 nmol/L, respectively) 279,280. Indeed, 

other studies found that JAK1/2 inhibition prevents neutrophil chemotaxis towards IL-8 in 

vitro281 and reduces neutrophil aggregation in humans with rheumatoid arthritis. 

Baricitinib could also affect epithelial-endothelial barrier properties and behavior. 

The endothelium facilitates transmigration by upregulating e-selectin and other adhesion 

ligands in response to the applied chemoattractant gradient. Blockade of JAK1/2 could in 

theory interrupt endothelial adhesive protein mobilization as well as prevent endothelial 

release of chemoattractant proteins and molecules. However, JAK1/2 inhibition with 

ruxolitinib did not significantly reduce the expression of ICAM-1, VCAM-1 or e-selectin 

in response to TNF-α stimulation in human aortic endothelial cells282. Additionally, JAK1 

mediates epithelial type I interferon signaling, particularly sensing of interferon gamma 

(IFN-γ)283,284. IFN-γ modulates several key events in neutrophil transmigration. It controls 

epithelial expression of neutrophil adhesion moleules and enhances neutrophil-epithelial 

adhesion208,285. Additionally, IFN-γ directly influences neutrophil recruitment in vivo via 

the intermediate CCL3286. Finally, JAK1/2 inhibition could indirectly preserve epithelial-

endothelial barrier strength during inflammation by reducing JAK1/2 dependent cytokine 

signaling, including type I interferon signaling. Indeed, many JAK1 or JAK2-dependent 

cytokine cascades are implicated  in loss of tight junction and adherens junction stability 

and a resultant decrease in barrier strength in various epithelial and endothelial cells and 

tissues287–290. JAK/STAT inhibition is therefore a promising therapeutic target for 
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ulcerative colitis, irritable bowel syndrome, and atopic dermatitis, diseases with 

characteristically weak epithelial barrier function291–293. However, these potential positive 

effects of JAK1 inhibition on the epithelial-endothelial barrier strength would not be likely 

to affect the number of migrated neutrophils in our model. We showed that barrier strength 

is poorly associated with the number of migrated neutrophils (Figure 5-5). Therefore, an 

improved barrier function, while incredibly important to disease resolution, is unlikely to 

directly influence the number of migrated neutrophils in our model. Nevertheless, barrier 

strength with and without neutrophil migration in the presence of therapeutics should be 

explored in future investigations as a key outcome of drug treatment.  
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Figure 5-9 Baricitinib vs. dexamethasone dose-response 

A) Baricitinib dose-response for two donors showing Logistic curve-fit model applied to 

the log10(dose) vs. fold-change response. Donor 1 replicated two months apart. B) 

Comparison of baricitinib and dexamethasone dose-response from the same experiments 
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as A) showing  logistic curve-fit model applied to the log10(dose) vs. fold-change response. 

C) Absolute neutrophil counts vs. drug dose for both drugs. 

 

5.4 Discussion 

In this chapter, we develop a novel high-throughput, small volume method for the 

assessment of neutrophil transmigration through an epithelial-endothelial bilayer. We 

demonstrate that transmigration to both agonist and inhibitor is dose-dependent and that 

transmigration in the presence of an agonist (chemoattractant) results in comparable dose-

response results while transmigration in the presence of inhibitors (baricitinib and 

dexamethasone) induces differential results for two donors.  

Further, we demonstrate that the model is capable of recapitulating key aspects of 

CF lung disease. This capability arises from the model’s inclusion of CF sputum derived 

from patients. The transmigration into sputum followed by overnight incubation produces 

neutrophils with a  phenotype similar to those of children with CF. Further, the exposure 

results in dose-dependently increasing endothelial expression of e-selectin, an adhesion 

molecule that promotes neutrophil transmigration. The capability to reproduce the 

functional aspects of CF lung disease in vitro in such high-throughput and small volume is 

unprecedented. 
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CHAPTER 6.  CONCLUSIONS AND FUTURE DIRECTIONS 

The methods developed herein represent a technological advance as well as an 

improvement in opportunities to study airway disease. In the first Aim we describe a novel 

mechanism for the stable generation of liquid plugs that injure the airway epithelium. In 

the second chapter we innovate a method to prepare standardized 96-well plates of lung 

air-blood barrier microtissues. In Aim 3 we apply the 96-well ABBA to generate a highly 

validated neutrophil transmigration assay. These technological achievements open the door 

to future detailed biological studies of the small airways. The key innovative aspects of 

these advances, and their applicability to novel investigations, are discussed herein. 

6.1 Major challenges  

6.1.1 Tracheal aspirate sample dilution effects and phenotypic validation 

Work with unpooled primary tracheal aspirate samples in the neutrophil 

transmigration assay was significantly limited by the dilution of samples with saline. This 

dilution is clinically necessary but results in significant variation in the concentration of 

proteins and cells in each collected sample. Several strategies can be developed to 

overcome this variation for patient-specific transmigration studies.  

First, samples may be lyophilized and reconstituted in an equal concentration for 

each patient. This strategy makes the most sense with very dilute samples (< 0.05 mg/mL 

total protein) but will compromise delicate proteins and mediators that are susceptible to 

degradation during lyophilization, freezing, and/or resuspension. Second, the total protein 

concentration may be quantified, for example, using a Bradford Assay, and each sample 
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diluted to the same total protein concentration. This strategy is best when the samples being 

tested are significantly concentrated (>0.2 mg/mL total protein) but fails when the dilute 

samples are too dilute. Another strategy to overcome dilution effects is to simply 

supplement each sample with the same concentration of a known chemokine, e.g., LTB4. 

This ensures all samples will migrate neutrophils. However, this strategy could induce non-

physiological neutrophil activation by stimulating LTB4-mediated responses that were not 

necessarily present in the patient’s microenvironment in the lung. It is likely, however, that 

LTB4 concentrations are high in the ARDS lung due to endogenous production by 

neutrophils, and that that LTB4 degrades during sample collection and preparation. 

Therefore, restoration of a physiologically relevant LTB4 concentration (50-100 µM) may 

be reasonable. 

The most robust method to ensure that sample dilution effects are controlled is the 

direct comparison of patient-derived tracheal aspirate neutrophils with the assay-generated 

airway-like neutrophils that were migrated into their same aspirate. This type of study 

would be reasonably feasible if the outcome were RNA transcription. Tracheal aspirate 

must be processed and frozen immediately after collection, and in the process the cells 

from the aspirate may be separated and stored in RNA-later. However, separation of the 

tracheal aspirate cell content into different cell types before lysis would be extremely 

difficult, requiring live cell FACS, and therefore the RNA sample would be contaminated 

with epithelial and macrophage RNA. The second method of comparison would be flow 

cytometry, which is also feasible by staining and fixing the cell portion of aspirate and later 

measuring the cells’ expression of surface markers using flow cytometry. This data could 

be compared directly to the transmigrated neutrophils generated by the same patients’ 
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tracheal aspirate. The limitation of this technique is that flow cytometry can only easily 

measure about 13 surface markers at a time, and at absolute maximum 30 (with great 

difficulty). This is significantly less information than genomics and transcriptomics 

provides. 

Finally, the “holy grail” of patient specific airway neutrophil mimicking would be 

to migrate patient-derived peripheral neutrophils into autologous tracheal aspirate. This 

would generate the most similar possible system that would be most likely to mimic patient 

responses appropriately and provide predictive power for therapeutics. This would be 

extremely difficult to achieve, requiring both tracheal aspirate and blood collection and 

processing. Although feasible in a small scale (3-6 patients), this method is impractical for 

data collection at reasonable patient numbers (100+ patients), limiting its utility. 

6.1.2 Challenge: Sources of variability in ABBA experiments 

6.1.2.1 Well-to-well 

It is critical for ABBA plates to maintain as much standardization as possible for 

inter- and intra-assay reliability. The primary sources of well-to-well variability within a 

single plate are temperature and humidity gradients, especially during epithelial cell 

seeding. Edge effects are especially prominent due to temperature-related convection 

currents (Figure 5-4). Evaporation gradients can develop during long-term incubator 

culture due to increased medium evaporation at edge wells compared to central wells. 

Therefore, humidity is supplemented with a custom humidity chamber to prevent uneven 

evaporation (Figure 5-5). Other sources of well-to-well variation include poor cell 

suspension mixing during seeding, accidental puncture of membranes with pipette tips, and 
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contamination. All of these variation sources are minimized by controlling temperature and 

humidity and employing correct culture and sterility techniques. To minimize the influence 

of well-to-well variability on experimental results, experimental conditions should be 

tested in at least 3 wells per condition on a single plate. These are denoted as technical 

replicates throughout this text. 

6.1.2.2 Plate-to-plate 

A moderate limitation to the ABBA plate and neutrophil transmigration assay is 

modest plate-to-plate variability in mean TEER. This effect was shown not to significantly 

impact neutrophil transmigration numbers but could become important in studies of barrier 

function. The most appropriate way to handle this variability is to include a control 

condition that experimental samples can be normalized against. Then different plates can 

be compared using these normalized values. This is also useful in neutrophil transmigration 

assays, since the absolute number of neutrophils measured on flow cytometry can vary 

significantly (>10%) even with identical handling and collection conditions due to slightly 

different degrees of cell loss during cell collection and processing. For example, in a TEER 

assay, we quantify the TEER change as % of initial TEER. For transmigration assays, we 

normalize experimental conditions as fold-change from a defined control such as an IL-8 

well (20 ng/mL) with no other components. Inclusion of an LTB4 or IL-8 dose-response 

standard curve would be perhaps even more efficacious at normalizing transmigrated cells 

although we have found that normalizing against IL-8 allows comparable results across 

different experiments in several studies, including agonist and inhibitor dose-responses. 

6.1.2.3 Neutrophil and transmigration variations 
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The ABBA transmigration assay requires primary human neutrophils because no 

suitable cell line is available that captures neutrophil phenotype appropriately. As 

described in Chapter 5 (Figure 5-6 and 5-9), some variation in neutrophil number and 

therapeutic responses can be attributed to biological differences between donors. Different 

donors are denoted as biological replicates. To mitigate the influence of donor-dependent 

differences on experimental outcomes, it is important to repeat experiments with at least 3-

4 neutrophil donors (biological replicates) and at least 3 technical replicates per donor. 

Therefore, to adequately characterize a single experimental condition, a total of 9 wells is 

needed. Importantly, this requirement is also in place for experiments in lower-throughput 

transmigration systems. This requirement for high numbers of replicates highlights the 

importance of scaling up transmigration to 96-well plates.  

6.1.3 Functional assay outcomes 

Because the ABBA transmigration assay protocol is optimized for high-throughput 

flow cytometry, neutrophil analysis can be expanded to analysis of functional outcomes in 

addition to cell surface markers. Specifically, key functional behaviors that can be 

quantifieid with flow cytometry include phagocytosis (of either fluorescent beads or 

fluorescent bacteria (pHrodo particles by ThermoFisher Scientific)); generation of reactive 

oxygen species (CellROX™ by Invitrogen); and transcription (SYTO™ RNASelect™ by 

Invitrogen). Additionally, supernatant concentration of cytokines and production of 

proteases should be quantified for a full picture of neutrophil phenotype post-

transmigration. Particularly, MPO and neutrophil elastase are important proteases that can 

directly influence epithelial-endothelial barrier integrity and should be key outcome 
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measures. Kits are available to quantify their concentration and activity (abcam ab270204; 

ab272101; ab111749; ab204730). 

6.1.4 Epithelial and endothelial biological relevance 

The epithelium in the ABBA is a cell line and the endothelial cells are pooled, 

primary HUVECs. Neither of these is particularly faithful to the real lung cells we are 

modelling. They provide advantages of standardization and predictability but limit our 

translational potential. The methods described herein can be applied to primary human 

epithelial and endothelial cells with minimal modifications.  

Further, the barrier generated by the method we developed reflects a healthy lung. 

For a more accurate representation of pathophysiology, primary epithelium and 

endothelium from diseased patients is required. For example, patients with COPD and 

asthma are much more sensitive to changes in air quality than healthy individuals. 

Culturing the ABBA with COPD-derived epithelium and endothelium compared to healthy 

donor cells might help us understand why aerosolized pollutants more potently impact 

COPD lungs and induce neutrophilia whereas they do not have these effects in healthy 

people. 

6.2 Novelty and Future Applications 

6.2.1 Isolation of disease-relevant phenomena 

A primary advantage of in vitro models is the ability to completely define and control 

the microenvironment. In vitro, one can easily identify the influence of a specific variable 

on an outcome of interest. However, in vitro models generally lack the complex tissue 
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architecture, physical stimuli, and cell-cell interactions necessary to recapitulate key events 

in disease pathophysiology. Therefore, an in vitro model that captures tissue architecture, 

cell-cell interactions, and physical stimuli using human cells in a completely controlled 

microenvironment greatly expands the range of studies available to investigators of human 

disease pathophysiology. This is the niche of microphysiological systems. In this section, 

we present methods to isolate key physiological events in small airway disease using this 

platform.  

6.2.1.1 Fluid mechanical injury of the epithelium 

First, we isolated the effects of fluid mechanical stress on the small airway 

epithelium. This platform enables studies of the specific impact of fluid properties, air 

pressure and flow rate, and airway diameter on the airway epithelium.  These variables 

may be modulated independently or in concert to determine the interactions between them 

on the epithelium. This type of study is impossible without such a microphysiological 

system. Control over ventilation parameters and airway surface liquid properties is not so 

precise in animals and certainly not in human patients. Learning the impact of these 

variables on human disease will guide studies of future therapeutic strategies that mitigate 

the damage of fluid mechanical stress. Is it more important to lower ASL viscosity or 

surface tension? Are the smallest diameter airways more at risk of fluid mechanical injury 

than the larger diameter distal airways? Are fluid mechanical injuries contributing to 

inflammatory mediator production that induces inflammatory cell infiltration? These 

questions can be answered in future studies using this platform. Ultimately this knowledge 

can guide targeted therapeutic studies in animals and human patients. 
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6.2.1.2 Epithelial-endothelial potentiation of barrier properties 

Second, we present a high-throughput, small volume model of epithelial-endothelial 

bilayer co-culture. This bilayer maintains separation of the air and blood in the distal lungs 

where capillaries and epithelia are in close proximity. Compromised epithelial-endothelial 

barrier function results in pulmonary edema that can lead to acute lung injury and acute 

respiratory distress syndrome. Therefore, the ABBA recapitulates this critical bilayer 

coordination of air-blood barrier function to enable studies of single and combinatorial 

stimuli on epithelial and endothelial responses, and how these responses result in 

alterations of barrier function.  

Critically, the high-throughput and small volume afforded by the ABBA enable 

unprecedented investigations of how isolated and combinatorial stimuli impact air-blood 

barrier function. This is a key advantage of in vitro systems: the ability to build a “bottom-

up” investigation of various aspects of lung exposure. Similar culture arrangements have 

been developed in the past to investigate the role of epithelial-endothelial interactions on 

the potentiation of barrier function and propagation of cell signals. This platform extends 

that capability to the throughput necessary to investigate these phenomena with 

unprecedented precision and experimental rigor. Particularly, no previous system has 

introduced the critical throughput necessary to investigate and compare the effects of large 

numbers of stimuli on epithelial-endothelial barrier function.  

6.2.1.3 Application: atmospheric toxicology 

One example application is the study of atmospheric pulmonary toxicology. Air 

pollutants exist only as a mixture and the contribution of individual pollutants to lung 
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disease is difficult to discern in the direct study of exposed human lungs. The number of 

individual pollutant compounds measured in the atmosphere is estimated between 10-100 

thousand,  greatly exceeding the amount that is reasonable to investigate in animals294.  The 

ABBA can screen up to 96-compounds per plate (or 32 in triplicate) and the preparation 

and culture of the ABBA plate is completely automatable. Additionally, the outcomes of 

barrier function, namely permeability and TEER, are compatible with automation. The 

epithelial and endothelial compartments are accessible for studies of ROS generation, 

cytotoxicity, and supernatant composition for soluble mediators produced by each cell 

type. Such a systematic study of both the individual contributions of pollutants, and 

possible combinatorial interactions between compounds, has never before been possible.  

6.2.1.4 Application: ARDS direct and indirect lung injury 

Because ARDS is a syndrome rather than a disease with any unifying mechanistic 

cause, there are multiple injuries that can result in acute respiratory failure leading to 

ARDS. Particularly, ARDS can result from direct epithelial injuries, such as viral infection 

or aspiration, and from indirect, or endothelial, injuries such as sepsis. So far, clinical 

distinctions between direct and indirect lung injury have been identified such as differences 

in genetic risk factors, likelihood of recovery and complications, etc. However, 

understanding is limited regarding the influence of specific immunomodulatory 

therapeutics on the outcomes of patients with direct vs. indirect lung injury. This is in large 

part due to the challenges of conducting large-scale randomized, controlled trials. Even 

when such trials are conducted, the mechanisms by which one drug or another is effective 

are not reasonably discernible in patients due to the number of interfering variables. 

Therefore, experimental models of therapeutic efficacy in vitro are a valuable alternative 
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for investigating specific therapeutics’ likelihood to work on direct vs. indirect lung injury 

and to investigate potential mechanisms of action that may later be verified with targeted 

investigations of human samples. The ABBA can model direct or indirect lung injury 

resulting in loss of barrier function. We demonstrate direct lung injury resultant in barrier 

loss in Chapter 3 (Figure 3-5(B)). Indirect sepsis-like injury could be simulated with the 

addition to the endothelial compartment of neutrophil extracellular traps (NETs), damage-

associated molecular patterns, pathogen-associated molecular patterns, cytokines, or 

procoagulant factors295. Further, neutrophil or other immune cell migration in response to 

this ARDS-mimetic injury could be explored in future studies using the ABBA.  

6.2.1.5 Immune cell recruitment in a disease-relevant microenvironment 

In Aim 3 we model the recruitment and activation of peripheral blood neutrophils 

during distal lung inflammation. This assay extends previously established neutrophil 

recruitment models into a validated, high-throughput assay with well-characterized 

outcomes that can be compared across conditions and experiments. Therefore, novel 

combinations of stimuli can be investigated on a single assay plate and the number of 

combinations is far more reasonable. An illustrative example is the study of protein and 

metabolite mediators in the development of acute respiratory distress syndrome. Typical 

studies use -omics on BALF specimens to identify key mediators of ARDS lung disease 

by comparison of ARDS to healthy samples. However, this top-down approach can only 

identify correlations, so preclinical studies are needed to confirm their significance. 

However the numbers of proteins and metabolites with differential levels between the 

healthy and ARDS lung still exceeds the hundreds for each296,297. Further, the synergistic 

or antagonistic relationships between multiple key mediators and the resultant effects on 
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epithelial-endothelial barrier function and neutrophil recruitment is prohibitively difficult 

to predict a priori or in silico. Therefore, high-throughput screening of key ARDS-relevant 

compounds and their effects on the air-blood barrier and neutrophil recruitment would 

significantly contribute to the net understanding of ARDS lung disease. This platform 

enables such studies with unprecedented scale and standardization owing to the automation 

capabilities described previously. 

6.2.2 Dose-response analysis of therapeutics and toxins 

The dose-response curve, describing the quantitative relationship between a defined 

stimulus and response, was developed in the fields of toxicology and molecular 

pharmacology. Dose-response relationships are typically employed to discern the 

molecular mechanisms of action employed by a therapeutic or toxin to exert some 

predetermined effect on a cellular system298. For molecular therapeutics, the dose-response 

curve has enabled detailed and testable hypotheses for the drug mechanism of action based 

on clear cellular readouts such as cell viability or function of a specific target enzyme299.  

However, dose-response relationships are also generated in vivo that determine the 

net effects of the test compound on the physiology of a living animal. Specific indicators 

of a biological process are measured, e.g., cholesterol level, production of target serum 

biomarkers, blood oxygenation, etc. LD50 curves can be generated that describe the dose 

of a compound that induces death in 50% of subjects298. These in vivo studies provide “top 

down” information on the potency and physiological effects of a test compound in a 

complex living system. However, establishment of human relevance in animal studies is 



 118 

often difficult. Additionally, the precise molecular mechanisms that lead to physiologic 

outcomes are very difficult to discern in a system as complex as a living animal. 

Dose-response relationships in humans are equally as difficult to parse as in animals. 

While functional and physiologic indicators can be related to exposure to a stimulus, the 

mechanisms driving this relationship are difficult to identify due to confounding variables 

and the inability to study pre- and post-exposure outcomes in the same individual. 

Therefore, in vitro microphysiological systems could reproduce physiology and 

function in a controlled environment and provide a novel paradigm for the investigation of 

the relationship between dose and physiology. The ABBA and its neutrophil transmigration 

assay establish powerful methods for such investigations. We already demonstrated that 

the ABBA generates dose-response curves for exposure to multiple viruses, soluble organic 

aerosols, chemokines, and patient-derived airway fluids. Further the ABBA affords 

multifactorial outputs related directly to physiology including number of migrated cells, 

epithelial-endothelial barrier function, expression of inflammatory mediators, and 

endothelial adhesion marker expression. These outcomes enable detailed investigations 

that may link physiologic associations to molecular mechanisms.  

For example, epidemiological studies identified an association between secondary 

organic aerosol concentration and alterations in lung function, increased incidence of 

chronic obstructive pulmonary disease exacerbations, and cardiopulmonary-associated 

deaths149. Our in vitro model showed, quantitatively, that exposure to secondary organic 

aerosol dose-dependently increased epithelial ROS production and endothelial pro-

inflammatory cytokine production. Preliminary data in our model also suggests that both 



 119 

environmentally derived pollutants and chemically produced secondary organic aerosols 

may induce a dose-dependent increase in neutrophil infiltration (data not shown). Such 

findings would strongly support the epidemiological associations between inflammatory 

lung disease and PM2.5 exposure.  

The implications of accessible dose-response curve generation in a 

microphysiological system are far-reaching. Novel studies of both mono-exposure and 

combinatorial exposure and the associated impact on functional outcomes- primarily 

barrier function and neutrophil infiltration- have not previously been accessible. The 

applications of this system to quantitative pharmacology and toxicology are 

unprecedented. 

6.2.3 Patient-specific physiology and drug responses 

The ABBA neutrophil transmigration assay demonstrates impressive patient-

dependent sensitivity in the detection of both inhibitor (drug) and agonist (chemoattractant) 

dose-responses. The study of individual donor biology and therapeutic responses is 

becoming extremely important in clinical medicine300–304. Many therapies are already FDA 

approved, but their efficacy across patients with the same disease presentation is 

inconsistent. Identification of likely responder patients is a critical step towards improved 

patient outcomes, especially in critical care300. As an illustrative example, we will describe 

the application of this assay to the identification of likely responder patients pediatric acute 

respiratory distress syndrome (PARDS).  

Acute respiratory distress syndrome (ARDS) is a severe, life-threatening lung 

condition defined by acute-onset pulmonary edema and refractory hypoxemia requiring 



 120 

invasive mechanical ventilation305. Pediatric ARDS (PARDS) can develop in children with 

influenza, respiratory syncytial virus, and trauma or aspiration injury, and other causes. 

PARDS has a 20% mortality rate and affects 45,000 children per year in the United 

States306. While progress in supportive care measures has improved outcomes, no 

pharmacologic therapies targeting ARDS pathophysiology have reduced mortality in 

children or adults.  

A hallmark of ARDS is the rapid accumulation of pathologically activated neutrophils 

in the distal pulmonary tract68,307–309. Lung-recruited ARDS neutrophils have increased 

lifespans and exaggerated degranulation and reactive oxygen species production, but 

paradoxically decreased bacterial killing capability310,311. Neutrophil degranulation and 

NETosis products promote inflammation and injure epithelial and endothelial cells, thus 

interrupting tissue repair312–316. Increased presence of neutrophils, their products, and their 

chemoattractants are all correlated to increased ARDS severity and mortality30,175,177,317.  

Despite the key role of neutrophils in ARDS pathophysiology, neutrophil-targeting 

therapies have failed to reduce mortality rate and ventilator-free days in clinical trials307,318–

320. This lack of progress is in large part attributed to the heterogeneity of ARDS. Its range 

of etiologies (sepsis, pneumonia, aspiration, trauma) and covariates (e.g., age, sex, race, 

pre-existing conditions) are thought to substantially influence the resultant molecular and 

cellular pathobiology so that drug responses are inconsistent across patients, resulting in 

negative trial results. Indeed, whole blood genomic profiling cannot yield a consistent 

ARDS gene expression signature321. To address this heterogeneity, trialists attempt to 

predict treatment responses by subgrouping patients by these variables, or in combination 

with clinical presentation (e.g., severity score, degree of hypoxia, oxygen dependence). 
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However, these types of subgrouping have proven to be limited in prediction of 

intervention responses322, in large part because clinical presentation, it seems, is relatively 

disconnected from the underlying pathobiology that would most strongly predict drug 

response. For example, patients with low blood oxygen and chest infiltrates on x-ray could 

have vastly disparate inflammatory processes driving the pulmonary edema that causes 

these symptoms and would therefore respond to differently to the same drugs.  

Therefore, trialists want to connect patient-specific pathobiology with potential 

treatment responses for a plethora of candidate drugs. Researchers have therefore turned to 

proteomic and metabolomic profiling of peripheral blood and tracheal aspirate to associate 

treatment response with key biomarkers using machine learning. This strategy has 

successfully identified several key serum biomarkers that associate with response to 

simvastatin, fluid management strategy and PEEP strategy323–325. These discoveries were 

made by a retrospective machine-learning analysis of data from large-scale clinical trials. 

Such insights may be translatable to other therapeutics, but without understanding the 

pathobiological significance of the biomarkers discovered by the machine learning model, 

no useful inferences about other drug responses can be made. Additionally, since the 

number of candidate therapeutics is ever-growing, conducting individual trials for every 

therapeutic candidate is virtually unachievable, especially in children. Pediatric patient 

populations are limited, and coordination of a trial for each available drug candidate is 

impractical, expensive, and slow, so alternative methods are needed.  

Therefore, there is an urgent, unmet need to associate pediatric pathobiology with 

actionable treatment responses using alternative methods that do not require large-scale 

clinical trials.  We propose that the ABBA could address this need by testing drug responses 
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in vitro rather than in a clinical trial. With this strategy, we could test more drugs by testing 

multiple drugs per patient, and we could more confidently determine whether a drug 

affected physiology by conducting detailed analysis of cells and mediators in the assay. 

Typical in vitro drug testing often cannot capture patient-specific physiology, and its 

accompanying heterogeneity. Further, typical in vitro assays often oversimplify the cell 

microenvironment and eliminate functional outcomes of importance to disease physiology.  

The ABBA neutrophil transmigration assay, however, could use primary patient-

specific tracheal aspirate and primary peripheral neutrophils to recapitulate the patient-

specific recruitment and activation of peripheral blood neutrophils that migrate into the 

PARDS lung microenvironment. This small-volume, high-throughput functional assay 

enables multiplexed drug testing for the assessment of neutrophil-targeted PARDS 

therapeutics. The assay can be used in the future to link patient-specific pathobiological 

markers in the blood and/or tracheal aspirate to potential drug responses. This association 

between pathobiological signature and actionable drug responses is urgently needed to 

advance the treatment of PARDS. Ultimately, these findings would lay the groundwork for 

designing future studies of neutrophil-targeted therapy in a subset of children who could 

most benefit. Finally, the approach described for PARDS can be expanded further other 

inflammatory lung diseases with heterogeneous presentation and drug responses, such as 

COPD, CF, bronchiectasis, and viral lower respiratory infection. Such insights are 

unprecedented and could guide the application of immunomodulators in clinical medicine. 

6.2.4 Generalizability 

The techniques, assays and approaches described here can be expanded to other cell 

types and diseases with minimal modification. For example, expansion of the ABBA to 
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primary cells requires only changing the media from RPMI to primary cell medium, while 

retaining the rest of the protocol in identical fashion. Altering the immune cells is also 

possible. Other studies using Transwell membranes or equivalent poly(ethylene 

terephthalate) membranes with 3 µm pore size have demonstrated migration of 

eosinophils326, dendritic cells327, monocytes328, and lymphocytes329. Therefore the assay 

can extend beyond CF and ARDS applications to other lung diseases and even other tissue 

barriers. Inflammaiton and barrier function are critical components of disease in the skin, 

gut, and oral and vaginal mucosa, in addition to the lung.  

6.3 Closing statement 

In this thesis we present novel platforms for the study of small airway dysfunction. 

These methods generate novel insights on the relationship between the epithelium, 

endothelium, and infiltrating neutrophils and enable unprecedented future studies of the 

impact of therapeutics and toxins on that relationship. Further, these methods enable 

unprecedented patient-specific studies of pulmonary pathophysiology and therapeutic 

responses. The methods we present are robustly validated and ready for application to 

biomedical research questions across pulmonary physiology and medicine.  
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