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= p ≤ 0.001; **** p ≤ 0.0001). 

Figure 3.14 24-hour rotifer toxicity assay utilizing induced bacterial extracts at 

increased concentrations screening results. One graph is shown for 

each 24-well plate assay. Asterisks denote both the positive control 

rotenone (~0.75 µM) being significantly more toxic than the 

marine media extract negative control and when treatments from 

the same isolate were significantly different from one or the other 

treatments (n = 3; p < 0.05). Extracts were screened at a low (1.5-

fold the original bacterial culture concentration) or high (3-fold the 

original bacterial culture concentration) concentration. Of all the 

extracts screened, the only significant differences were found in 

isolate #26, where the high concentrations of all 3 treatments were 

statistically different than the negative marine media control (n = 

3, p values notes on graph). (* = p ≤ 0.05; ** p ≤ 0.01; *** = p ≤ 

0.001; **** p ≤ 0.0001). 

96 

Figure 3.15 Phagotrophic alga Poterioochromonas malhamensis bioassay. 

Algae were enumerated using a FlowCam and exposed to chemical 

extracts in 10 mL culture tubes. Cells will be counted with a 

FlowCam before and after exposure to determine bioactivity. 

97 

Figure 3.16 72-hour P. malhamensis growth inhibition assay initial screening 

results from the bacterial cellular extract induced verses non-

induced experiment. Bacterial isolates (#2, #4, #6, #10, #32) were 

cultured in the presence (induced) and absence (non-induced) of P. 

malhamensis lysate to produce bacterial cell extracts 

corresponding to each isolate. P. malhamensis was grown exposed 

to these bacterial extracts, and growth rate was determined via flow 

cytometry. Induced and non-induced samples from the same isolate 

were compared to each other, and all non-induced samples were 

compared to the non-induced control while all induced samples 

were compared to the induced control. The two controls were 

compared to each other. There was no statistical significance 

between any of these comparisons (n = 3; p > 0.05). The greatest 

difference was between non-induced #6 and the noninduced 

control and non-induced #2 and the non-induced control (p = 0.12 

and p = 0.13, respectively). However, all the induced vs non-

induced comparisons were more similar (p > 0.70). Data 

acquisition and analysis were performed by Gabriella Chebli. 
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Figure 3.17 72-hour P. malhamensis growth inhibition assay initial screening 

results from the bacterial supernatant extract induced verses non-

induced experiment. Bacterial isolates (#2, #4, #10, #32) were 

cultured in the presence (induced) and absence (non-induced) of P. 

malhamensis lysate to produce bacterial supernatant extracts 
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corresponding to each isolate. P. malhamensis was grown exposed 

to these bacterial extracts, and growth rate was determined via flow 

cytometry. Induced and non-induced samples from the same isolate 

were compared to each other, and all non-induced samples were 

compared to the non-induced control while all induced samples 

were compared to the induced control. The two controls were 

compared to each other. The only statistically significant 

comparison was between the induced isolate #2 treatment and its 

respective control (n = 3; p = 0.038). There was no statistical 

significance between the other comparisons (n = 3; p = 0.12 to 

0.89). Data acquisition and analysis were performed by Gabriella 

Chebli. 

Figure 3.18 72-hour P. malhamensis growth inhibition assay screening results 

where P. malhamensis was exposed to bacterial supernatant from 

36 different bacterial isolates. P. malhamensis was grown exposed 

to these bacterial supernatant extracts, and growth rate was 

determined via flow cytometry.  One graph is shown for each assay 

“set,” consisting of three bacterial isolates and one marine media 

control.  Asterisks denote when extracts of bacterial isolates (n = 

3) had a significantly greater impact on growth than the 

corresponding control (n = 3; p < 0.05 for * and p < 0.01 for **). 

Isolates #63 and #26 decreased the growth rate of P. malhamensis 

compared to the marine media control (p = 0.042, 0.0022, 

respectively), whereas isolates #59, #61, and #62 increased P. 

malhamensis growth rate (p = 0.022, 0.0019, 0.0031, respectively). 

Data acquisition and analysis were performed by Gabriella Chebli. 
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Figure A1 A simple linear regression of the average spat size and crushing 

force per replicate in the predator water (A) and seawater (B) 

treatments from 2020 predator cue bioassay experiment. The 

relationship between size and crushing force follows a significantly 

positive linear relationship for both the positive and negative 

controls (PW, P = 0.01 and SW, P = 0.02), indicating that stronger 

individuals often have a larger shell. Because of this evidence for 

a linear relationship, we use standardized crushing force (crushing 

force/size) to report changes in shell strength from our series of 

experiments. 
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SUMMARY 

Chemical cues are the language of life (Meinwald et al., 2018), from the initial steps 

essential for reproduction (Gomez-Diaz & Benton, 2013) through death (Kats & Dill, 

1998). The study of how these molecules mediate biological interactions, now known as 

chemical ecology, dates back to the late 19th century, with earlier research primarily 

focusing on terrestrial plants and insects (Hartmann, 2008). However, in more recent 

decades, pioneering work has been done with respect to chemically mediated interactions 

in aquatic environments (Ferrari et al., 2010; Hay, 2009), and within complex microbial 

communities (Schmidt et al., 2019), which are main themes of this thesis. Both macro and 

microorganisms that live underwater rely on chemical cues to inform important life events, 

especially in regard to locating food and avoiding predation (Hay, 2009). Some of these 

molecular messages are especially complex in that they are blends, released (i.e., excreted 

or secreted) into the water column by predators, prey, or even co-existing microorganisms. 

The effects of chemical mixtures are often much greater than those of individual molecules, 

but identifying all of the cues involved in specific biological phenomena is difficult (Poulin 

& Pohnert, 2019). This is especially true in cases where there is substantial naturally 

occurring chemical variation, the relevant bioassay is very laborious making multiple 

iterations impractical, the bioassay consumes a lot of material leaving little for structure 

elucidation methods, or the chemical cues are relatively unstable, such that they would 

survive an initial extraction, but not many rounds of chromatography.  

Statistically driven metabolomics has proven to be an advantageous alternative to 

the traditional bioassay-guided fractionation method for deciphering important chemical 
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cues because it allows for circumvention of these obstacles, thus facilitating the elucidation 

of molecules that mediate marine predator-prey interactions for a deeper understanding of 

community dynamics (Bayona et al., 2022). Although metabolomics is a relatively young 

discipline, efforts have been made to begin standardizing methods within the field 

(Broadhurst et al., 2018; Fiehn et al., 2007; Spicer et al., 2017). Careful consideration of 

experimental design, sample preparation, and data acquisition is critical to reduce 

systematic error and avoid batch effects (Alseekh et al., 2021). In preparation for 

multivariate statistical analyses, spectroscopic data sets (e.g., 1H NMR and mass spectra) 

are typically preprocessed via multiple mathematical transformations (Castillo et al., 2011; 

Dieterle et al., 2006; van den Berg et al., 2006) using various software (Chang et al., 2021; 

Misra, 2021). Statistical models are then built to pinpoint the most important spectral 

features that correlate with measured biological observations (Gromski et al., 2015; Xi et 

al., 2014). Machine learning and variable selection can be used to refine spectral feature 

lists and improve statistical models in cases where the majority of features are not 

predictive of the measured biological data (Andersen & Bro, 2010; Broadhurst et al., 1997; 

Liebal et al., 2020; Sorochan Armstrong et al., 2022). Additionally, many tools have been 

developed to accelerate the identification of corresponding metabolites using tandem mass 

spectra (Böcker, 2017; Cao et al., 2021; Dührkop et al., 2019; Kuhl et al., 2012; F. Wang 

et al., 2021).  

Chapter 1 of this thesis explores whether two particular marine metabolites released 

in blue crab urine, homarine and trigonelline, are common fear cues, utilized by multiple 

prey to assess danger from this generalist predator. While both molecules were previously 

found to reduce mud crab feeding, the current investigation revealed that juvenile oysters 
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also respond to these cues by making stronger shells, a clear defensive response to 

perceived predation risk. Dose response experiments spanning environmentally relevant 

concentration ranges revealed that oyster response to these two metabolites is nuanced; 

oyster shell strengthening significantly increased with trigonelline concentration, while 

homarine was the most potent at the lowest concentration tested. When exposed to blue 

crab urine, oysters made stronger shells in a dose-dependent manner; however, homarine 

and trigonelline urine concentrations did not correlate with induced oyster shell 

strengthening, indicating that they are not the only, or even the primary cues oysters utilize 

to assess predation risk. Nonetheless, these results support the idea that common fear 

molecules exist, and that they may serve as the base for more complex cue mixtures used 

by specific prey for detecting predators.  

 In Chapter 2, the chemical composition of blue crab urine was explored using 

statistically driven metabolomics to determine which cues in this blend are the most 

important for oyster assessment of predation risk, and whether any of these molecules are 

also potentially used by mud crabs. Twenty-four blue crab urine mixtures were profiled 

using 1H NMR spectroscopy and mass spectrometry, highlighting that urine of different 

diets (mud crab vs. oyster) is distinct as expected. Partial least squares regression (PLS-R) 

models revealed that oyster response to blue crab urine was unrelated to diet, unlike mud 

crabs which associated greater predation risk with urine of predators fed conspecifics. Low 

urine metabolite concentrations and poor cross-validation of PLS-R models made it 

impractical to pursue metabolite identification using 1H NMR spectra, however these data 

supported that trigonelline was a minor component of the blue crab urine blend related to 

oyster shell strengthening. Since mass spectral features can be treated as independent 
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variables for modeling purposes, genetic algorithm variable selection was used to greatly 

improve the cross-validation of these analyses. Improved PLS-R models pinpointed seven 

metabolites that correlate with anti-predatory responses of both oysters and mud crabs, as 

well as additional cues specific to risk assessment by individual prey. These results reveal 

that there are similarities in fear cue blends used by different prey (i.e., common fear 

molecules exist), and that there are also blend components uniquely leveraged by specific 

prey. These distinct fear-inducing cues may be more reliable indicators of predation risk 

for oysters, therefore emphasizing the importance of their identification. 

Chapter 3 investigates unique aquatic bacterial consortia for their potential to 

protect microalgal crops from pests. Since bacteria are known to produce their own 

chemical defenses, it was hypothesized that microalgal crops benefit from associations 

with specific bacterial species that produced protective secondary metabolites (i.e., natural 

pesticides). Chemical profiling was leveraged to explore the exometabolomes of these 

protective bacterial communities, but spectroscopic analysis showed very few differences 

distinguishing protective from non-protective consortia. Additionally, identification of 

these molecules was not pursued due to low concentrations, and cultures could not be 

scaled up for further analysis due to irreproducible growth of bacterial consortia. As a 

result, bacterial extracts were generated from 36 isolates with protective potential and a 

screening experiment revealed that six were toxic to rotifers. However, rotifer toxicity 

could not be reproduced, likely because the bacteria were in fact not clonal isolates, as 

revealed by sequencing results. Alternatively, induction of natural pesticide production by 

bacteria could require specific environmental conditions such as temperature, nutrients, the 

presence of competitors, or chemical cues released by predators. A subset of bacteria were 



 xxv 

later grown with conditioned media in an attempt to induce the production of protective 

compounds, but none of these extracts were toxic to rotifers. Bacterial extracts were also 

generated from the same isolates for testing against a predatory alga, but algal growth 

appeared to be stimulated rather than suppressed, perhaps by extracted media components. 

Additionally, attempts were made to cultivate and develop a pesticide screening assay for 

chytrids, but the selected species grew too slowly, making them non-ideal model organisms 

for future studies. As a whole, these investigations shed light on the many challenges 

presented by complex bacterial communities, and their great potential to be leveraged as a 

source of natural pesticides. 

In summation, this thesis explores two distinct biological systems, where 

communication between predators and prey are mediated by complex blends of waterborne 

metabolites. The multi-functionality of previously identified chemical cues was explored 

to determine that taxonomically distinct marine prey use the same molecules to assess 

predation risk. Metabolomics was leveraged to further investigate the chemical 

composition of urine from a shared generalist predator, accelerating the identification of 

additional common fear cues and potentially more reliable, specific blend components 

utilized by individual prey. Furthermore, chemical profiling of microalgal exometabolomes 

combined with an examination of associated unique bacteria stressed the difficulties 

associated with dereplicating chemical cues from non-model predator-prey systems and the 

need for development of new methods to address them. Overall, this work provides insights 

and emphasizes major challenges with respect to identification of important waterborne 

chemical mediators of predator-prey interactions.  
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CHAPTER 1. COMMON FEAR MOLECULES INDUCE 

DEFENSIVE RESPONSES IN MARINE PREY ACROSS TROPHIC 

LEVELS 

The work presented in this chapter is the result of a collaborative project between 

chemists and ecologists (Roney et al., 2023). As a chemist, and one of the co-first authors 

of this study, I made substantial contributions to project design, method development, data 

acquisition, data analysis, interpretation of results, and writing. Data that I acquired and 

analyzed are in Figs. 1.1, 1.2, 1.3, 1.4, 1.5, 1.6, and 1.8. My analyses of quantitative 1H 

NMR and mass spectral data (Fig. 1.2) ensured that all experiments used ecologically 

relevant concentrations of chemical cues. I conducted correlational analyses of quantified 

metabolites to determine their relationship to each other (Figs. 1.3 and 1.4), performed 

statistical analyses to assess the effect of predator cues on oyster shell strengthening (Fig. 

1.1), and used regression analyses to probe the relationship between this induced defense 

and cue concentrations (Figs. 1.5, 1.6, and 1.8).  

1.1 Abstract 

Predator-prey interactions are a key feature of ecosystems and often chemically 

mediated, whereby individuals detect molecules in their environment that inform whether 

they should attack or defend. These molecules are largely unidentified, and their discovery 

is important for determining their ecological role in complex trophic systems. Homarine 

and trigonelline are two previously identified blue crab (Callinectes sapidus)  urinary 

metabolites that cause mud crabs (Panopeus herbstii) to seek refuge, but it was unknown 
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whether these molecules influence other species within this oyster reef system. In the 

current study, homarine, trigonelline, and blue crab urine were tested on juvenile oysters 

(Crassostrea virginica) to ascertain if the same molecules known to alter mud crab 

behavior also affect juvenile oyster morphology, thus mediating interactions between a 

generalist predator, a mesopredator, and a basal prey species. Oyster juveniles strengthened 

their shells in response to blue crab urine and when exposed to homarine and trigonelline 

in combination, especially at higher concentrations. This study builds upon previous work 

to pinpoint specific molecules from a generalist predator’s urine that induce defensive 

responses in two marine prey from different taxa and trophic levels, supporting the 

hypothesis that common fear molecules exist in ecological systems.  

1.2 Introduction 

Predator-prey interactions are a strong driver of community dynamics, as predator 

presence stimulates prey adaptations that can result in large ecosystem-wide effects (Hay, 

1996, 2009; Lima, 1998). Mechanisms employed by prey to reduce predation risk include 

upregulating chemical defenses (Baldwin, 1998; Cronin & Hay, 1996), behavioral 

modifications or habitat shifts to avoid detection (Schmitz, 2008; Weissburg et al., 2016; 

Werner & Gilliam, 2003), morphological alterations (Brönmark & Miner, 1992), changes 

in life history (Peckarsky, 1980; Peckarsky et al., 2001), or some combination of these 

(Hammill et al., 2010). While evolutionary pressures like predation select for advantageous 

traits (Lima, 1998), considerable investment may be required to implement these strategies, 

which often come with trade-offs such as lower energy reserves and slower growth (Herms 

& Mattson, 1992; Lima, 1998; Nakaoka, 2000). Nevertheless, when these defenses are 

inducible, prey may strike a better balance between defending against predation and the 
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inevitable costs, especially when predators can be sensed reliably and predation risk is 

variable in space or time (Harvell, 1990).   

Prey may use several sensory modes to recognize a predator (Weissburg et al., 

2014), and substantial evidence supports the hypothesis that many prey rely on detecting a 

predator’s scent (Kats & Dill, 1998), particularly when other cues are inaccessible. 

Organisms in early developmental stages and numerous invertebrates have rudimentary or 

undeveloped auditory and visual systems, so chemical cues are often their primary source 

of information about their surroundings (Hay, 2009). In aquatic habitats, chemical cues are 

essential for detecting predators because visual and auditory cues are frequently variable 

and therefore unreliable due to turbidity, low light, or other physical limitations 

(Dusenbery, 2001; Weissburg et al., 2014). For example, Western toad tadpoles exhibit 

anti-predator behavior when exposed to chemical, but not visual, cues of several different 

predators (Kiesecker et al., 1996), indicating that the discovery of these molecules is 

important for fully understanding the selection pressures that drive prey adaptations and 

distributions. In addition to reducing predation success, prey responses to chemical cues 

can lead to a wide range of non-consumptive effects including alterations to predator 

handling times, increases in basal resources, or changes in competitive ability (Brönmark 

& Miner, 1992; Relyea, 2001). Even though it is widely accepted that chemical cues play 

a significant role in shaping ecosystems, the specific metabolites that modulate predator-

prey interactions in aquatic systems remain mostly unidentified (Lass & Spaak, 2003), 

especially for inducible prey defenses (Brönmark & Miner, 1992; Hammill et al., 2010; 

Smee & Weissburg, 2006). 

Along the eastern and gulf coasts of the United States, the eastern oyster 
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Crassostrea virginica is a foundation species and major food source for diverse predators 

(O’Connor et al., 2008) highlighting the need for oysters to have robust defenses. Although 

exposure to seawater containing predator exudates causes oysters to develop heavier, 

stronger shells (Newell et al., 2007; Ponce et al., 2020; E. M. Robinson et al., 2014; Scherer 

et al., 2016; Scherer & Smee, 2017) their responses to chemical cues indicative of predation 

risk may vary substantially depending upon numerous factors such as predator type 

(Belgrad, Knudson, et al., 2023; E. M. Robinson et al., 2014), predator diet (Scherer et al., 

2016, 2017), and temporal variation in risk response (Eason et al., 2021; Scherer et al., 

2018). Yet, the bioactive molecules mediating these interactions remain unknown, and the 

variation in responses to predation risk remains ambiguous.  

Mud crabs, Panopeus herbstii, prey upon oysters, filling a meso-trophic level (i.e., 

the intermediate prey) between this basal resource and their shared predator, the generalist 

blue crab Callinectes sapidus, which consumes a variety of species including mud crabs 

and oysters (Laughlin, 1982; Tagatz, 1968). These smaller crabs detect the presence of 

danger by interpreting specific metabolites, homarine and trigonelline, in blue crab urine 

as signs of high predation risk, with cue exposure inducing them to promptly hide instead 

of forage for food (Poulin et al., 2018; Weissburg et al., 2016). Oysters also respond 

defensively to this shared predator by strengthening their shells when exposed to exudates 

from blue crabs (Scherer et al., 2016, 2017), however, the molecules mediating this 

interaction are unknown. Given that this predator feeds on many types of prey, selection 

pressure may incentivize predator waste products as reliable cues, and as homarine and 

trigonelline are known components of blue crab waste excreted via urine, oysters may also 

associate these chemical cues with danger.   
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Since oysters and mud crabs coexist in estuarine reefs and are both preyed upon by 

blue crabs, we investigated whether juvenile oysters respond to the same metabolites as 

mud crabs and if this response is concentration-dependent. Although mud crabs and oysters 

are taxonomically distinct and occupy different trophic levels, selection pressure from 

predation risk by blue crabs may have prompted prey to evolve responses to the same 

predator cues, specifically in the waste products of this generalist predator. Thus, we 

hypothesize that common fear molecules exist in environments with heavy predation 

pressure from generalist consumers. Given that homarine and trigonelline are seemingly 

ubiquitous in the marine environment (Boysen et al., 2021; Dawson et al., 2020;  Heal et 

al., 2021; Núñez-Pons & Avila, 2015), and known blue crab urine metabolites that reduce 

mud crab foraging, thus lowering their risk of predation (Poulin et al., 2018; Weissburg et 

al., 2016), this study probed whether both molecules also induce oysters to defend 

themselves by making stronger shells. Testing known ecologically relevant molecules is 

an essential step for a deeper comprehension of marine ecosystem dynamics, especially 

because chemical cues are known to regulate biological phenomena (Ferrari et al., 2010; 

Harborne, 2001; Hay, 2014; Pohnert et al., 2007). Therefore, it is imperative that these 

bioactive cues be identified to better predict how chemistry influences multi-trophic level 

interactions, and in turn prey evolution. 

1.3 Methods 

We performed a series of experiments to test how the effects of known metabolites 

in the urine of a generalist predator affected morphological defenses in one of their prey. 

We examined the effects of blue crab urine and two molecules, homarine and trigonelline, 

on oyster shell morphology as these molecules are known to be present in blue crab urine 
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and influence antipredator behavior in another species. We then performed dose response 

experiments to ascertain the relevant concentrations that elicited responses and confirm if 

concentration was also important for oysters in governing the strength of their response to 

predation risk. All biological experiments were performed at the Dauphin Island Sea Lab 

in Dauphin Island, AL, USA over three years (July – Sept. 2020, June – Aug. 2021, and 

Aug. – Oct. 2022). The predator cue bioassay was performed July – Sept. 2020, the 

homarine and trigonelline dose response experiment was performed June – Aug. 2021, and 

the blue crab urine dose response was performed August – Oct. 2022. 

1.3.1 Predator Cue Bioassay (July – Sept. 2020) 

For the predator cue bioassay, oyster spat were exposed to one of the following 

cues in individual aquaria: blue crab urine (mud crab or oyster diet), trigonelline (24.6 µM), 

homarine (15.1 µM), or trigonelline (24.6 µM) + homarine (15.1 µM).  Additionally, we 

used natural seawater taken directly from the Gulf of Mexico (settled for 3 days to remove 

sediment) as a negative control and predator water, water from a tank with actively foraging 

blue crabs, as a positive control.  

Diploid oyster larvae were purchased from the Auburn University Shellfish 

Laboratory and settled onto 4.5 cm × 4.5 cm marble tiles to become oyster spat. For one 

week after settlement, spat on tiles were caged and kept in 1250 L mesocosms with natural 

flowing seawater from the Gulf of Mexico at a flow rate of 20 L/min. This time was 

necessary for spat to grow and become firmly attached to the tiles for subsequent 

experiments. 
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After one week, we moved the spat tiles into closed aquaria (without flowing 

seawater) to test oyster shell changes in response to our treatments. Only tiles with at least 

15 spat were used. Tiles were tied together with high-density polyethylene fishing line with 

the side containing oyster spat facing outwards. Three tile pairs were placed in each 

aquarium, ensuring that every tile pair was upright to maintain good water flow around the 

spat. An intact, sun-bleached adult oyster shell was also placed into each aquarium for spat 

tile pairs to lean on so that they maintained an upright position to avoid smothering. 

Aquaria were filled with 2 L of natural seawater (with the exception of the predator water 

control, which received 1.5 L seawater + 0.5 L predator water). Seawater was 

supplemented with either Instant Ocean salt or deionized water to reach 20 ppt (± 2 ppt). 

Each aquarium was aerated with filtered air, covered with a lid to reduce evaporation, and 

stored outside under a covered pavilion in a water bath containing ambient flow-through 

seawater to regulate temperature. Aquarium aeration via airstone provided circulation 

within the system and because of the small volume (2 L) of each aquaria, circulation pumps 

were unnecessary. Spat were fed Reed Mariculture Instant Algae Shellfish Diet 1800 (a 

proprietary, non-living mixture of Isochrysis, Pavlova, Tetraselmis, Thalassiosira 

weissflogii and Thalassiosira pseudonana ). At the start of the experiment, spat were fed 

0.5 mL twice daily, but we increased this amount to 1 mL twice daily as spat grew larger. 

Complete water changes and aquarium cleanings were performed twice weekly to deter 

accumulation of ammonia, nitrates, food waste, and changes in pH, and 1 mL of predator 

chemical cues (i.e., blue crab urine, solutions of trigonelline, homarine, or a combination) 

were added to the aquaria immediately after water changes. The pH and salinity of each 

aquarium was recorded before water changes, and these physical factors did not cause 
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concern at any point in the experiment (Appendix A, Table A1). Predator water was created 

by housing 6 blue crabs (carapace width 12-17 cm) in a 238 L volume mesocosm of 

recirculating filtered natural seawater (50% water changes performed every 1-2 weeks) and 

feeding each crab an adult oyster (length 6-7 cm). Three to five hours after feeding crabs, 

500 mL of this water was added to each positive control aquarium. 

Homarine (15.1 µM) and trigonelline (24.6 µM) solutions used to induce oyster 

spat were prepared at natural concentrations found in urine of blue crabs fed an Eastern 

oyster diet (Poulin et al., 2018), and a later analysis revealed that our chosen experimental 

concentration of trigonelline occurs at the upper limit of natural concentration ranges in 

blue crab urine from our population (Fig. 1.2). Homarine (Santa Cruz Biotechnology 

Company) and trigonelline (Toronto Research Chemicals) were dissolved in deionized 

water to create individual stock solutions of each chemical, which were aliquoted and 

frozen at –80 °C to avoid repeated freezing and thawing of the chemical mixture. On days 

designated for cue addition, the stock solution aliquots were diluted to the experimental 

concentration (15.1 µM homarine and 24.6 µM trigonelline) and the trigonelline + 

homarine combination treatment was diluted and combined to achieve the same final 

concentration of each individual chemical solution (15.1 µM homarine + 24.6 µM 

trigonelline) to most realistically mimic urine. 1 mL of solution was then immediately 

added to each corresponding replicate aquarium. After chemical cue addition, final 

concentrations in aquaria were 7.55 nM homarine and 12.3 nM trigonelline. These 

concentrations fall within the range in which these molecules have been detected in the 

natural environment (Boysen et al., 2021; Dawson et al., 2020; Heal et al., 2021; Muslin, 

2017; Rasyid, 2021) and should be comparable to the exposure oyster spat would 
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experience in a wild habitat. 

Predator urine was collected from blue crabs fed two different diets, oysters or mud 

crabs. Blue crabs were collected from crab pots near Dauphin Island, AL, USA and housed 

in 1250 L mesocosms flowing with natural seawater. Crab size ranged from 11-19 cm, 

measured from spine to spine on the widest part of the carapace. Crabs were starved for 2-

3 days and then were each fed either one adult oyster (~6-7 cm length) or ~5 g of frozen 

mud crabs every 48 hours to standardize diets. Mud crabs used for feeding were collected 

from either Priest’s Landing, Skidaway Island, GA (31°57'44.89"N, 81° 0'48.22"W) or the 

North Inlet Estuary, SC (33°21'52"N, 79°10'03"W). Crabs were maintained on these diets 

for one week prior to the urine extraction regimen to ensure all extracted metabolites were 

from the specified diets and that crabs were not undergoing any starvation stress that could 

affect the chemistry of their urine. Urine was collected from individuals twice a week. 

Crabs were cooled to quiescence, then a 23 gauge-needle was inserted approximately 2 

mm into the nephropore and urine was extracted with gentle vacuum suction (<10 psi) into 

clean glass vials. Urine used for the experiment was clear or yellow in color and foamy; 

urine was discarded if it appeared cloudy or bluish-gray in color, as this indicated 

contamination with hemolymph. Urine was frozen at –80 °C immediately after collection. 

Urine from blue crabs fed an oyster diet was collected from 161 crabs, each crab provided 

4.08 ± 3.11 mL per collection, and urine was extracted from them 2.2 ± 1.0 times. Urine 

from blue crabs fed a mud crab diet was collected from 102 crabs; each crab provided 5.04 

± 4.07 mL per collection and was used for extraction 2.0 ± 1.0 times. We later combined 

the urine of different individuals into 9 mixtures using the fewest individuals possible, 
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where each mixture was considered a biological replicate (Appendix A, Table A2). These 

mixtures were then partitioned into 1 mL aliquots and stored at –80 °C until use.  

In this bioassay, all treatments and controls had 9 replicates. The experiment was 

performed July 2020 through Aug. 2020, for a total of 48 days before being disrupted due 

to heavy storms in Dauphin Island, AL. At the completion of the experiment, spat from 

each aquarium were randomly selected for assessment of shell strength. Approximately 20 

oysters were crushed from each aquarium (distributed across tile pairs), except for one 

predator water replicate (15 oysters) and one trigonelline replicate (19 oysters) due to high 

mortality. Individual spat width was measured for each crushed oyster to 0.01 mm using a 

Vernier digital caliper. The force required to crush oysters was measured to the nearest 0.1 

N using a Kistler 5995 charge amplifier and Kistler 9207 force sensor following standard 

protocol (E. M. Robinson et al., 2014). Crushing force was divided by spat width to 

produce a size-standardized metric of shell strength (i.e., standardized crushing force, 

N/mm) because larger individuals typically have a stronger shell as a byproduct of their 

size (Fig. A1). Standardized crushing force measurements for oysters within the same 

aquarium were averaged. Some measurements were removed from analysis if the oysters 

were found dead or if the crushing device malfunctioned, resulting in fewer spat 

contributing to an aquarium average. Some aquaria suffered high mortality and were 

unusable for analysis. When the experiment concluded, 9 replicate aquaria per treatment 

were used except for the predator water positive control (n=7) and trigonelline + homarine 

(n=8) treatments. 

1.3.2 Homarine and Trigonelline Dose Response Experiment (June – Aug. 2021) 
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An experiment was designed for the following year (June – Aug. 2021) to test 

whether oysters respond to homarine, trigonelline, and both cues combined in a dose-

dependent manner. Experimental set up and aquaria maintenance followed almost identical 

protocols to those used in 2020. Stock solutions for homarine (7.4 mM) (Santa Cruz 

Biotechnology Company), trigonelline (6.6 mM) (Toronto Research Chemicals), and 

homarine + trigonelline were prepared in liquid chromatography mass spectrometry 

(LCMS) grade water, aliquoted to avoid freezing and thawing the solutions more than once, 

and stored at –80 °C. Serial dilutions for each cue were prepared in deionized water the 

same day they were added to their respective aquaria (Appendix A, Table A3). 

Concentrations were determined by calculating half-log steps encompassing the natural 

concentrations of homarine and trigonelline found in the urine of blue crabs fed an oyster 

diet (Fig. 1.2). On the day of cue addition, serial dilutions were performed with deionized 

water and using a micropipette (for volumes under 5 mL) and 10 mL graduated cylinder 

(for volumes greater than 5 mL). Mixtures were vortexed for 10 seconds and manually 

agitated for 10 seconds before continuing with the serial dilution. Dilutions for treatments 

of individual compounds and the homarine + trigonelline treatments were prepared at the 

same half-log concentrations (Appendix A, Table A3). The same stock solutions were used 

to prepare both the individual compound and homarine + trigonelline treatments. All serial 

dilutions were done in tandem. Once chemical mixtures were made, they were stored in 

glass bottles, and 1 mL of each solution was pipetted into the appropriate experimental 

aquaria with a clean pipette tip. Chemical solutions were added after water changes, which 

were performed twice weekly. This experiment also included a seawater control group, 

which received the same care (without cue addition) as all other experimental aquaria. 
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The preparation and maintenance of the homarine and trigonelline dose response 

experiment was identical to the previous predator cue bioassay except aquaria received 

four tile pairs per aquarium instead of three. The experiment was conducted for 56 days (8 

weeks), and at the completion of the experiment tile pairs were removed from their aquaria, 

measured, and crushed according to the same methodology from the predator cue bioassay. 

There were four replicate aquaria per concentration, and within these replicate aquaria, we 

took an average of 17 crushed oysters. Replicates with high mortality (less than 6 spat 

alive) were excluded from statistical analyses. In total, 14 aquaria from the homarine dose 

array, 16 aquaria from the trigonelline dose array, and 17 aquaria from the trigonelline + 

homarine dose array were included in statistical analysis (Appendix A, Table A3). 

1.3.3 Urine Dose Response Experiment (July – Oct. 2022) 

A blue crab urine dose response experiment was designed to determine whether 

differences in oyster shell strengthening could be fully explained when considering the 

complete blend of blue crab urine cues. The experiment was conducted for 56 days (8 

weeks) from Aug. 2022 – Oct. 2022.  Blue crabs were collected from crab pots near 

Dauphin Island, AL and stored in the same facility and conditions as described for the 

predator cue bioassay (2020). Urine collection methods remained the same as for previous 

experiments (2020 predator cue bioassay) except urine was pooled from all crabs for this 

experiment. All crabs for this experiment were fed an oyster diet (i.e., one adult oyster (~6-

7 cm in length) twice weekly). Crab were kept in aquaria for a one-week acclimation period 

before beginning a urine extraction regimen. Urine was collected twice weekly from 22 

crabs that ranged 13 – 18 cm in size and each crab produced 1.31 ± 0.18 mL. Urine dose 

concentrations were determined based on the average concentrations of homarine and 
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trigonelline quantified in blue crab urine in the 2020 predator cue bioassay (homarine, 13 

± 21 µM; trigonelline, 3.6 ± 6.9 µM). It was assumed that 1 mL of pooled blue crab urine 

contained these concentrations, and doses were adjusted by half-log steps until 

approximated concentrations of homarine and trigonelline spanned four orders of 

magnitude (Appendix A, Table A4). Though initial experimental design was based on an 

assumed concentration of homarine and trigonelline, all urine doses were reported as urine 

volume divided by the total volume of seawater within an experimental aquaria. For the 

six lowest doses, 1 mL aliquots of blue crab urine were prepared via serial dilution. The 

two highest doses received 5.00 mL and 1.25 mL aliquots of pure urine respectively. All 

aliquots were frozen at –80 °C to be used on the day of cue addition. 

1.3.4 Quantification of Homarine and Trigonelline 

All chemical analyses were performed at the Georgia Institute of Technology, 

Atlanta, GA, USA. Concentrations for stock solutions of trigonelline and homarine 

prepared for the predator cue bioassay (summer 2020) and quantitative standards were 

determined using nuclear magnetic resonance (NMR) spectroscopy (Bharti & Roy, 2012). 

For preparation of standards, trigonelline and homarine were dissolved in LC-MS grade 

water. Both stock solution and standard samples were prepared for quantitative NMR 

spectroscopic analysis by combining 138 µL sample, 46 µL phosphate buffer in D2O and 

16 µL D2O. A caffeine standard (0.00949 mg) was dissolved in 138 µL LC-MS grade 

water, 46 µL phosphate buffer in D2O and 16 µL D2O. A benzene-d6 NMR insert capillary 

tube was used as the reference standard. Spectroscopic data were acquired using a Bruker 

Avance IIIHD 800 MHz NMR spectrometer and processed in MestReNova 11.0.4. All 

calculations were done in Microsoft Excel (Office 365).  
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Standard solutions previously quantified using NMR spectroscopy were used for 

mass spectroscopic quantification of trigonelline and homarine in multiple samples: 24 

blue crab urine mixtures (12 oyster diet and 12 mud crab diet) from the predator cue 

bioassay (summer 2020) and stock solutions of trigonelline and homarine prepared for the 

dose response experiment (summer 2021). For preparation of urine samples, 20 µL of urine 

was added to 180 µL of methanol, solutions were vortexed for mixing, centrifuged at 19980 

× g to pellet precipitate, and the supernatant was transferred to clean new vials. Serial 

dilutions of samples and standards were prepared using 90% aqueous methanol so that 

concentrations for homarine and trigonelline fell within the nanomolar range. All standards 

were injected in triplicate, as were dilutions prepared for the dose response curve stock 

solutions. These stock solutions were diluted to two concentrations within the linear range 

of the curve, each dilution was injected three times, and final concentrations were 

determined by averaging data from all six injections. Concentrations of analytes in urine 

were determined from a single injection. Peak areas were integrated using Xcalibur Version 

4.3.73.11 (Thermo Fisher Scientific) and linear regression analyses were performed in 

GraphPad Prism 9.3.0 for Windows to generate standard curves. Concentrations for urine 

samples and stock solutions interpolated using standard curves were converted to natural 

concentration in micromolar using Microsoft Excel for Windows. 

Data for standards and urine samples were acquired using a Vanquish 

ultraperformance liquid chromatography setup coupled to a high-resolution accurate mass 

Orbitrap ID-X Tribrid mass spectrometer (Thermo Fisher Scientific). A Waters 

Corporation ACQUITY UPLC BEH Amide column (2.1 × 150 mm, 1.7 µm particle size) 

was used for chromatographic separation. Analytes were eluted using 4:1 water/acetonitrile 
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with 10 mM ammonium formate and 0.1% formic acid (mobile phase A) and acetonitrile 

with 0.1% formic acid (mobile phase B) using the following gradient program: 0 min 5% 

A; 0.5 min 5% A; 8 min 60% A; 9.4 min 60% A; 9.5 min 5% A; 12 min 5% A. The flow 

rate was set at 0.40 mL/min, the column temperature was set to 40 °C, and the injection 

volume was 1 µL. 

1.3.5 Statistical Analyses 

For the predator cue bioassay, a one-way ANOVA was performed on the data (n=9 

for all treatments except predator water, n=7, and trigonelline + homarine, n=8), followed 

by an uncorrected Fisher’s Least Significant Difference (LSD) test for pairwise 

comparisons of each treatment and the seawater negative control (Fig. 1.1). Simple linear 

regression analyses were done to assess the relationship between chemical cue 

concentration (i.e., trigonelline, homarine, or trigonelline + homarine) in blue crab urine 

used for the predator cue bioassay and standardized crushing force (Figs. 1.3 and 1.5).  One 

urine sample was excluded from the trigonelline analyses because the measured 

concentration was below the limit of quantitation. Additionally, quantified concentrations 

of homarine and trigonelline in blue crab urine were regressed against each other using 

simple linear regression (Figs. 1.4 and A1). All predator cue bioassay regression analyses 

were done for the individual diets (i.e., oyster or mud crab) and both diets combined. 

For the pure cue (Fig. 1.6) and urine dose response (Fig. 1.7) experiments, cue 

concentration was regressed against standardized crushing force using semilog line 

regression where X is log and Y is linear. Concentrations of homarine and trigonelline 

above those naturally found in blue crab urine were excluded from analyses of the pure 
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chemical dose response (Appendix A, Table A3). A nested one-way ANOVA was used to 

compare cue concentrations for dose response curves where the slope of the linear model 

was not significantly non-zero, and an uncorrected Fisher’s LSD test was used for pairwise 

comparisons of cue concentrations to seawater (i.e., Fig. 1.6A).  

Values plotted on the x-axes for the trigonelline + homarine analyses (Figs. 1.5C and 

1.6C) were generated by adding the concentrations of these molecules together. 

Considering their sum as a single independent variable allowed for the assessment of 

trigonelline + homarine as a blend. All statistical analyses were performed using GraphPad 

Prism 9.3.0 for Windows. 

1.4 Results 

1.4.1 Oyster Shell Strengthening Induced by Predator Cues 

Predator chemical cues induced oysters to strengthen their shells (Fig. 1.1; 

ANOVA, F(6, 53) = 3.97, P = 0.002). Homarine (15.1 µM) (Fisher’s LSD, P = 0.008) and 

predator water (Fisher’s LSD, P = 0.005) significantly induced oyster shell strengthening 

when compared to the seawater control; however, trigonelline (24.6 µM) did not (Fisher’s 

LSD, P = 0.27). Despite trigonelline not having an effect on its own at 24.6 µM, oysters 

made significantly stronger shells when exposed to a mixture of trigonelline (24.6 µM) + 

homarine (15.1 µM) (Fisher’s LSD, P < 0.0001). Furthermore, mud crab and oyster diet 

blue crab urine treatments were both significantly potent (mud crab diet, Fisher’s LSD, P 

= 0.034; oyster diet, Fisher’s LSD, P = 0.033). 
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Figure 1.1 Oyster spat were exposed to predator water (n=7), blue crab urine (n=9 

per diet type), pure chemical compounds homarine or trigonelline (n=9), a 

combination of homarine + trigonelline (n=8), or seawater (n=9). Their shells were 

crushed and the measured force was normalized to shell width (i.e., standardized 

crushing force). A one-way ANOVA followed by an uncorrected Fisher’s LSD test 

compared  the means of all treatments to the seawater control. Predator water, blue 

crab urine of both diets, homarine (15.1 µM) and homarine + trigonelline induced 

significantly stronger oyster shells than seawater. Trigonelline (24.6 µM) did not 

significantly induce stronger shells. This box-and-whisker plot shows the median of 

each treatment, the upper and lower quartiles, and the minimum and maximum 

bounds for each treatment. Treatments are denoted as significant with * at P ≤ 0.05, 

** at P ≤ 0.01 and **** at P ≤ 0.0001. 

1.4.2 Homarine and Trigonelline in Blue Crab Urine Do Not Fully Explain Induced 

Oyster Defenses 

For the quantification of chemical cues within natural blue crab urine mixtures, 
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concentrations of homarine and trigonelline were quite variable, spanning several orders 

of magnitude. Homarine concentrations ranged from 0.4 – 65 µM and trigonelline from 0.1 

– 22 µM, respectively (Fig. 1.2). It was hypothesized and later confirmed that higher 

concentrations of homarine quantified in blue crab urine correlated positively with higher 

concentrations of trigonelline (F(1, 21) = 246, P < 0.0001, R2 = 0.92; Fig. 1.3). This 

relationship was also significant when the two blue crab diets were analyzed separately 

(mud crab diet, F(1, 10) = 68.3, P < 0.0001, R2 = 0.87; oyster diet, F(1, 9) = 150, P < 

0.0001, R2 = 0.94; Fig. 1.4). Additionally, concentrations of homarine (F(1, 16) = 2.44, 

P = 0.14), trigonelline (F(1, 15) = 4.47, P = 0.052), and homarine in combination with 

trigonelline (F(1, 15) = 2.44, P = 0.14) in blue crab urine trended negatively with 

standardized crushing force but not significantly (Fig. 1.5). This was also true when diets 

were analyzed separately (Fig. 1.3). 
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Figure 1.2 Concentrations of homarine (A) and trigonelline (B) quantified for 24 blue 

crab urine mixtures (oyster or mud crab diet) via LCMS. Homarine concentrations 

were generally higher than corresponding trigonelline concentrations for the same 

urine mixture. Concentrations for both metabolites spanned three orders of 

magnitude. Homarine concentrations ranged from 0.4 – 65 µM. Trigonelline 

concentrations ranged from 0.1 – 22 µM. Black bars represent the mean for each 

treatment. Data were excluded for samples where concentrations were below the limit 

of quantitation. 
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Figure 1.3 Linear regression of homarine versus trigonelline concentrations for 23 

blue crab urine samples (F(1, 21) = 246, P < 0.0001, R2 = 0.92). Although the ratio of 

these metabolites is not fixed, there is a significant positive correlation for homarine 

and trigonelline concentrations when urine samples are analyzed irrespective of diet 

(mud crab or oyster). Data were excluded for concentrations below the limit of 

quantitation. 

 

Figure 1.4 Linear regression analyses of homarine and trigonelline concentrations 

quantified in urine of blue crabs fed two different diets. The positive correlations 

between homarine and trigonelline concentrations for mud crab (n = 12, circles) and 

oyster diets (n =11, squares) are significant (mud crab diet, F(1, 10) = 68.3, P < 0.0001, 

R2 = 0.87; oyster diet, F(1, 9) = 150, P < 0.0001, R2 = 0.94). Data were excluded for 

concentrations below the limit of quantitation. 
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Figure 1.5 Linear regression analyses of chemical cue concentrations quantified for 

blue crab urine from the predator cue bioassay. Models suggest that homarine (A), 

trigonelline (B) and their combined concentrations (C) were not reliable indicators of 

induced oyster shell strengthening for oysters exposed to blue crab urine. Analyses 

were performed for combined diets: A) homarine concentration (F(1 , 16) = 2.44, P = 

0.14), B) trigonelline concentration (F(1, 15) = 4.47, P = 0.052), and C) trigonelline + 

homarine concentration (F(1, 15) = 2.44, P = 0.14). Oyster spat were exposed to one 

of 17 crab urine mixtures (oyster diet, n=8, mud crab diet, n=9), crushed, and 

crushing force was standardized by oyster shell width. Each point is an average of 20 

oyster spat. Data were excluded for concentrations below the limit of quantification. 

1.4.3 Oyster Response to Cue Concentration is Dose-Dependent 

Results from the predator cue bioassay justified an evaluation of oyster response to 

a wider range of concentrations for pure chemical cues: trigonelline, homarine, and 

homarine + trigonelline (Fig. 1.1). Trigonelline potency increased with concentration up to 

 

A) 

C) 

B)
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24 µM (F(1, 18) = 10.2, P = 0.005, R2 = 0.36; Fig. 1.6B), which was close to the natural 

concentration maximum (22.1 µM) in blue crab urine from predator cue bioassays 

conducted in summer 2020 (Fig. 1.2). However, trigonelline did not induce stronger oyster 

shells at the slightly higher concentration, 24.6 µM, tested in the 2020 predator cue 

bioassay (Fig. 1.1), nor at higher concentrations tested within the dose response experiment 

(Appendix A, Table A3). In other words, juvenile oysters did not strengthen their shells 

when exposed to concentrations of trigonelline above natural concentrations in blue crab 

urine. In contrast, homarine potency did not significantly increase with concentration (F(1, 

16) = 4.01, P = 0.063, R2 = 0.20; Fig. 1.6A), however it did induce oysters to make the 

strongest shells at 0.85 µM, almost twice as strong as oysters exposed only to seawater. 

Notably, this was the lowest non-zero concentration of homarine tested (ANOVA, F(5, 12) 

= 4.00, P = 0.023; Fisher’s LSD, P = 0.001, Fig. 1.6A), suggesting that even lower 

concentrations of homarine might induce a stronger response. The potency of homarine in 

combination with trigonelline also increased with concentration, providing more support 

for the hypothesis that these molecules have the strongest effect on oyster shell strength 

when presented together (F(1, 19) = 13.6, P = 0.002, R2 = 0.42; Fig. 1.6C).  
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Figure 1.6 Dose response curves for oyster spat exposed to solutions of homarine (A), 

trigonelline (B), or a combination of homarine and trigonelline (C), with 

concentrations spanning five orders of magnitude. The slopes of B and C non-linear 

regression analyses are significantly non-zero (P = 0.005 and P = 0.002, respectively) 

indicating that standardized crushing force increases with higher concentrations of 

chemical cue. The non-linear regression analysis for A was not significantly non-zero 

(P = 0.063), however, the 0.84 µM homarine dose was significantly different from 

seawater (Fisher’s LSD pairwise comparison, P = 0.001). Seawater controls are 

plotted on the y axes since the concentrations of chemical cue in these treatments is 

considered to be 0 µM. Each point is an average of 6-17 oysters. Crushing force was 

standardized by oyster shell width. 

Given that oyster response was not entirely explained by homarine and trigonelline 

concentrations (Fig. 1.5), an additional experiment was designed to test the dose 
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dependency of blue crab urine as a natural mixture. Blue crab urine potency significantly 

increased with concentration (F(1, 43) = 44.0, P < 0.0001, R2 = 0.5785, Fig. 1.7), providing 

further evidence for the dose-dependent nature of oyster shell strengthening and the role of 

other urinary metabolites in this interaction. The 6.6 million-fold dilution of blue crab urine 

(i.e., 1.50 × 10-7 within experimental aquaria) was the lowest dose that significantly 

induced oyster defenses (one-way ANOVA w. multiple comparisons, P = 0.012, Fig. 1.7), 

and was notably much lower than the two-thousand-fold dilution that was previously 

observed to induce oyster shell strengthening (Fig. 1.1). 

 

Figure 1.7 A dose response curve for oyster spat exposed to urine of blue crabs fed 

exclusively oysters. Eight different urine concentrations were tested spanning several 

orders of magnitude. Urine potency increased significantly with concentration (non-

linear regression, F(1, 43) = 44.0, P < 0.0001, R2 = 0.5785). Urine doses along the x-

axis are the total volume of undiluted blue crab urine applied to the experimental 

aquaria. Each point is an average of 32 oyster spat and crushing force was 

standardized by oyster shell width. A one-way ANOVA revealed that the lowest 

potent urine volume is 1.50 x 10-7 (P = 0.012). 

1.5 Discussion 
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Juvenile eastern oysters made stronger shells in response to blue crab urine as well 

as urine constituents homarine and trigonelline, the same cues that were previously found 

to reduce mud crab foraging behavior (Poulin et al., 2018). These results confirm that prey 

from different marine taxa and trophic levels respond to the same molecules released by a 

shared predator, providing insights about induced defense mechanisms in response to a 

generalist predator. While there have been a wide array of studies focusing on how 

chemical cues from predators influence prey in terrestrial and aquatic systems (Godard et 

al., 1998; Leonard et al., 1999; Maerz et al., 2001; Poulin et al., 2018; Scherer et al., 2016; 

Smee & Weissburg, 2006; Weissburg et al., 2016), previous efforts concentrate on how 

closely related prey respond to a common predator (Ferland-Raymond et al., 2010; Ferrero 

et al., 2011; Peckarsky, 1980). Considerably fewer studies explored the interaction between 

a shared predator with diverse prey (Osada et al., 2014), and experiments with marine 

organisms remain rare (Poulin et al., 2018). Our findings reveal that taxonomically diverse 

prey from multiple trophic levels within this model system detect and respond to the same 

predation risk cues, supporting the idea that common fear molecules may be capable of 

influencing other ecological systems through various non-consumptive effects. 

Furthermore, ragworms may reduce foraging in response to these same cues (Fletcher et 

al., 2023), potentially providing further evidence for the existence of common fear 

molecules. The effects of a generalist predator may reduce those of an intermediate 

predator on basal prey, where the defense of the intermediate prey lowers its own efficacy 

or contact rate (e.g., by reducing activity) when exploiting the basal prey. The presence of 

a generalist predator may also amplify the effect of an intermediate predator by increasing 

efficacy or contact rate with basal prey, such as when the response of the intermediate prey 
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is to move to refugia where basal prey are abundant. Furthermore, as is the case for multiple 

predator effects (Sih et al., 1998), pairwise interactions are not sufficient for explaining 

numerous prey responses to a multitude of cues from a single predator.  

In the current study, oyster defenses were especially noteworthy when both 

homarine and trigonelline were present simultaneously (Fig. 1.1), indicating that chemical 

blends induce the greatest prey response. The potency of homarine and trigonelline in 

combination increased with dose within the natural concentration ranges of these molecules 

found in blue crab urine (Fig. 1.6), and as hypothesized, the potency of blue crab urine as 

a whole significantly increased with dose (Fig. 1.7). These data suggest that oysters use 

urine concentration as a proxy for danger, whereby high risk could correspond to several 

large crabs or higher numbers of smaller blue crabs present nearby. An oysters’ ability to 

successfully interpret the risk of predator encounter and respond to chemical blends can 

increase the survival of individual spat in nature (Belgrad, Knudson, et al., 2023; Belgrad, 

Smee, et al., 2023), incentivizing the selection of accurate responses. Dose dependent 

responses to chemical cues are not unusual, whereby the magnitude of the response 

increases with cue concentration (Fraker, 2008; Tollrian, 1993), and it is not uncommon 

for this dose dependency to rely on a blend of multiple cues, including conspecific cues 

(Laforsch et al., 2006). Our findings suggest homarine and trigonelline are utilized by 

oysters for detecting blue crabs and it is likely that other bioactive molecules are also 

involved in this interaction. This is supported by the observation that there was no 

correlation between oyster shell strengthening and concentrations of homarine and 

trigonelline quantified from blue crab urine samples (Figs. 1.5 and 1.8), a relationship 

expected to be significant if these compounds alone were responsible for oysters 
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responding to predation risk. Although this does not negate the importance of homarine 

and trigonelline in mediating the interaction between oysters, blue crabs, and mud crabs, 

our findings suggest that these are only two of perhaps several molecules comprising a cue 

blend and that more work is needed to identify all relevant chemical cues in this interaction.  

 

Figure 1.8 Linear regression models suggested that homarine (A) and trigonelline (B) 

concentrations were not reliable indicators of induced oyster shell strengthening for 

oysters exposed to blue crab urine. Analyses were performed for individual diets: A) 

homarine concentration for individual diets (oyster diet, n = 9, F(1, 7) = 3.48, P = 0.10; 

mud crab diet, n = 9, F(1, 7) = 0.0481, P = 0.83), and B) trigonelline concentration for 

individual diets (oyster diet, n = 8, F(1, 6) = 5.48, P = 0.058; mud crab diet, n = 9, F(1, 

7) = 0.969, P = 0.36). Oysters were exposed to one of 18 crab urine mixtures for eight 

weeks, spat were crushed, and crushing force was standardized by oyster shell width. 

Each point is an average of 20 oysters. Data were excluded for concentrations below 

the limit of quantitation. 

Generalist prey such as oysters may use a chemical blend as a proxy for danger, 

whereby the presence of multiple chemical cues at the right ratios indicates a greater risk, 

prompting a stronger response at higher concentrations (Tollrian, 1993). The use of 

chemical blends, and concentration-dependent responses, occurs across many systems in a 

variety of predator-prey interactions (Fraker, 2008; Hahn et al., 2019; Osada et al., 2014; 
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Poulin et al., 2018; Selander et al., 2015; Weiss et al., 2018). Blends, such as metabolic 

waste products, may be more reliable than individual cues because they reduce the 

possibility of falsely interpreting danger; therefore, selective pressure for this type of 

perception by prey is strong. The possibility of these cues originating from a relevant 

predator is higher if prey detect multiple molecules in the environment, especially if cues 

are primary metabolites shared by many predators, as certain combinations of chemical 

cues may act as an indicator of species type. Homarine and trigonelline may serve as these 

generalizable basal cues indicative of many marine predators, while the addition of 

unidentified chemical cues allows for marine prey to identify predator species; this explains 

the lack of trend between homarine and trigonelline concentration quantified in blue crab 

urine samples and standardized crushing force. This is also true for cue concentration, 

whereby prey may assess the concentration of a cue to determine relevant information for 

risk, including nearness, size, or species of a predator, time since last fed, or other clues to 

interpret risk of consumption (Fraker, 2008; Laforsch et al., 2006; Tollrian, 1993). 

As an important basal resource to numerous consumers in coastal communities, 

eastern oysters experience considerable selection pressure to recognize the risk of 

predation, suggesting that the most reliable cues could be those common to many predators. 

Utilizing molecules involved in life-sustaining pathways shared by many taxa, as fear cues, 

is advantageous to oysters and mud crabs; these cues are produced and emitted by relevant 

predators that cannot prevent their release, making detection of these organisms by prey 

more certain. Furthermore, metabolites like homarine and trigonelline are enriched in the 

waste of some organisms in a diet-dependent manner (Poulin et al., 2018), and it is likely 

that many fear cues come from a predator’s diet or result from other metabolic processes. 
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Sensing these urine molecules directly associates the predator with feeding on relevant prey 

because many marine invertebrates contain homarine and trigonelline within their tissues 

(Carr et al., 1996). This hypothesis is reinforced by evidence that homarine and trigonelline 

are more abundant in mud crab tissues compared to other blue crab prey, and that both cues 

were enriched in blue crab urine when blue crabs fed exclusively on mud crabs (Poulin et 

al., 2018). Since danger is associated with metabolic activity of the predator, primary 

metabolites are more definitive cues than those with a specialized function or which are 

non-diet derived. This notion may apply to many ecosystems, in which primary metabolites 

serve as common fear molecules for broadly consumed prey species, which in response 

have evolved to detect predation risk through metabolic waste products that are common 

to many predators. Therefore, primary metabolites in many taxa are likely to serve as 

common fear molecules within multiple ecosystems, although the distinction between 

primary and secondary is inexact as more and more metabolites are discovered to be 

multifunctional (Erb & Kliebenstein, 2020).   

When a predator urinates, cues are released into the surrounding water as a 

concentrated plume, transported over space and time via diffusion or advection (Webster 

& Weissburg, 2009). Nearby prey may then be exposed to these cues at a range of 

concentrations depending on their spatial proximity to an excretion or secretion event, 

transport of the cue in the water column, or molecular diffusion from particulate organic 

carbon. While homarine and trigonelline have yet to be quantified in seawater from 

relevant oyster reef habitats (i.e., along the eastern coast of the United States through the 

Gulf of Mexico), several studies have detected these compounds in marine particles 

(Boysen et al., 2021; Heal et al., 2021), sea ice (Dawson et al., 2020), and environmental 
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seawater samples (Muslin, 2017; Rasyid, 2021; Sacks et al., 2022) at concentrations 

ranging from pM to µM. These ambient concentrations are largely below the effective 

doses for trigonelline and homarine in the current study (Fig. 1.6C), although at the 

medium-to-high end, they overlap with concentrations at which these urinary metabolites 

can impact species interactions. Collectively these studies suggest that these molecules are 

prevalent in the marine environment, although the concentration range is wide, further 

supporting our conclusion that specific concentrations are required for inducing prey 

defenses and that these concentrations must be above an ambient threshold. Additionally, 

reported concentrations of homarine and trigonelline in seawater field samples (Muslin, 

2017; Rasyid, 2021) support the hypothesis that they are present at lower levels in offshore 

waters than in coastal habitats where the presence of predators and associated fear cues are 

higher. 

Identifying waterborne fear cues from seawater is challenging (Bayona et al., 2022; 

Berlinck et al., 2021), so it is unsurprising that such molecules have rarely been identified. 

Homarine and trigonelline are widespread metabolites (Carr et al., 1996), but their principal 

ecological role in marine environments remains elusive. Both molecules have been 

described as osmolytes (Dickson & Kirst, 1986; Gebser & Pohnert, 2013; Tikunov et al., 

2010), and their prominence as primary metabolites is further supported by their ubiquity 

in the tissues of marine invertebrates (Ashihara, 2008; Ashihara et al., 2015; Carr et al., 

1996; Dickson & Kirst, 1986; Mathias et al., 1960) and some vertebrates, such as 

elasmobranchs (Dove et al., 2012), as well as by their presence in the urine of diverse 

species (Gibson et al., 2020; Lapan, 1975; Poulin et al., 2018). These metabolites are also 

proposed to fulfill a variety of functions in other marine organisms and are perhaps more 
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specialized in purpose than expected. Homarine and trigonelline are necessary for proper 

polyp development and larval metamorphosis in hydroids (Berking, 1987), altering the 

morphology of these individuals, and both molecules were also identified as antifouling 

agents utilized by different species of soft corals (Kawamata et al., 1994; Targett et al., 

1983). Additionally, some Antarctic soft corals use homarine as an antimicrobial defense 

(Slattery et al., 1997), while it serves as a predator feeding deterrent in Antarctic gastropods 

(McClintock et al., 1994). The pervasive roles of both cues in diverse ecological systems 

supports their utility as a general cue and implies that primary metabolites may be more 

important in ecological function than previously considered. 

Discovery of new functions for known metabolites allows for study of ecological 

and evolutionary insights of predatory interactions, such as the plasticity of prey responses, 

subsequent evolution of sensory systems, and epigenetic consequences to morphological 

induced defenses. Currently, many studies rely on simply adding live predators to induce 

prey responses which places limits on researchers’ ability to standardize experiments due 

to the individual nature of live organisms. However, the cue concentrations described here 

provide targets for researchers to begin providing known threat exposure treatments. As 

advancements are made towards discovery of additional molecules that mediate predator-

prey interactions, accurate identification and verification of biological activity will be 

paramount for understanding and managing the impact of chemical cues on ecosystems. 

Future research should focus on identifying chemical cues from additional marine 

predators, analogous to studies of terrestrial systems to further understand the breadth of 

homarine and trigonelline as universal fear cues. Strong collaborations between ecologists 

and chemists continue to result in important breakthroughs for the field, notably where 
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efforts are directed towards the development of chemometric tools for metabolomics 

studies. Without these partnerships, identification of the molecules mediating these 

important interactions would be improbable. 
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CHAPTER 2. PREDATOR CUES INDUCE DEFENSIVE 

RESPONSES IN DIVERSE MARINE PREY: A METABOLOMICS 

DECODING OF BLUE CRAB URINE BIOMARKERS 

2.1 Abstract 

 Prey strongly rely on chemical cues to detect predators, especially in coastal 

ecosystems where other signs of danger are concealed by turbid, dynamic waters. In the 

estuaries of the Gulf of Mexico and southeast Atlantic, oysters (Crassostrea virginica) 

respond morphologically to blue crab (Callinectus sapidus) chemical cues, while mud 

crabs (Panopeus herbstii), another blue crab prey, lower their risk of being detected by 

decreasing their own foraging activity. More specifically, particular natural concentrations 

of urinary metabolites homarine and trigonelline cause oysters to make stronger shells. The 

current study uses statistically driven metabolomics to leverage the individual variation in 

blue crab urine chemistry and pinpoints specific chemical features that correlate with 

induced defenses of two taxonomically distinct prey, therefore facilitating identification of 

new bioactive molecules comprising the waterborne cue. A strong positive correlation 

between crushing force required to break an oyster shell and specific blue crab urine mass 

spectral features indicated that a blend of distinct urine metabolites, unrelated to predator 

diet, induce oyster shell strengthening; This is in contrast to mud crabs which generally 

respond more strongly to urine of blue crabs fed mud crabs. Partial least squares regression 

(PLS-R) analyses of mass spectra coupled with bioassay data also confirmed that chemical 

features of yet-to-be identified urinary metabolites revealed by statistical models are of 

even greater importance for the fear-inducing blend than homarine and trigonelline, 

previously shown to play such a role. Seven new mass spectral features corresponding to 

seven separate unknown compounds were determined to serve as important cues 
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potentially used by both prey to detect a shared predator. These results indicate that some 

fear molecules are more widely used by prey, and hence more reliable indicators of risk 

than others. 

2.2 Introduction 

 Communication between living organisms is mediated by a combination of 

chemical signals and cues that make up a complex language. Traditionally, studying these 

messenger molecules involved multiple rounds of different chromatographic separation 

techniques coupled with repeated measurements of biological activity, gradually leading 

to one or more pure compounds responsible for a biological effect (Prince & Pohnert, 2010; 

Weller, 2012). Development of unique bioassays was centered around physiological, 

morphological, or behavioral responses elicited by organisms when exposed to the 

chemical message at natural concentrations. This method, known as bioassay-guided 

fractionation, has proven useful in many instances, resulting in a plethora of natural product 

and chemical ecology discoveries, but it is not consistently successful in identifying all the 

components required for full biological activity (Kuhlisch & Pohnert, 2015). When 

attempting to isolate such molecules from their source, bioactivity is often greatly reduced 

or lost after several separation steps. Possible reasons for this include, but are not limited 

to, chemical instability, inefficient recovery following separation steps, or the need for 

multiple components to be present in specific ratios (Poulin & Pohnert, 2019). 

 Metabolomics is a modern approach for studying these molecular messages 

because it relies on chemical profiling coupled with statistics to identify metabolites of 

potential interest. Comparative and targeted metabolomic approaches allow for the 

identification of chemical features associated with dramatic or subtle differences between 

bioactive samples and non-active controls (Poulin & Pohnert, 2019; Prince & Pohnert, 

2010). With the aid of online metabolomics databases, chemical features represented in 
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multivariate statistical models can be traced back to spectroscopic fingerprints of specific 

molecules, supporting compound identification. If bioactive molecules are new secondary 

metabolites, they are then typically isolated and characterized using a combination of 

spectroscopic techniques. In the past decade metabolomics has provided a platform for 

generating chemical profiles of many marine organisms such as corals (Sogin et al., 2014), 

sponges (Bauvais et al., 2017), microalgae (Chen et al., 2017), and bivalves (Aru et al., 

2017; May et al., 2017). It has also been successfully applied to discover a diatom sex 

pheromone (Gillard et al., 2013) and the effects of allelopathic phytoplankton competition 

(Poulson-Ellestad et al., 2014), however, only a few studies have identified chemical cues 

that mediate perception of predators by their prey (Hahn et al., 2019; Poulin et al., 2018; 

Selander et al., 2015; Weiss et al., 2018).  

 Detection of and response to chemical cues increases fitness of many organisms, 

allowing predators to find prey and for prey to avoid predation, each party leveraging 

chemical information from the environment for their benefit. When predators locate a 

potential food source, they rely on taste and smell to determine whether it is palatable and 

safe to eat (Long & Hay, 2006). At the same time, prey assess predation risk by detecting 

molecules released by predators, conspecifics, and other neighboring species within a 

shared habitat (Ferrari et al., 2010). More specifically the ‘smell of death’ can be a mixture 

of exudates from injured prey and metabolic waste released by feeding predators: together 

these cues affect behavior (e.g., changes in eating habits) (Long & Hay, 2006), physiology 

(Bristow et al., 2019), morphology, and life history; hence they can significantly impact 

community structure and ecosystem function via non-consumptive effects of predation, not 

only the effects of direct removal of prey by predators. 

 Urine is an important cue source rich in small organic molecules capable of 

influencing animal behavior (Osada et al., 2015). The water-soluble and volatile properties 

of urinary metabolites facilitate transport from emitter to recipient. Given that many 
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animals urinate frequently, it is evidently advantageous for prey to use predator urine for 

assessing predation risk. Commonalities exist between urine of different species (Ferrero 

et al., 2011), but the majority of chemistry efforts have focused on characterizing human 

urine (Bouatra et al., 2013; Putnam, 1971), especially in relation to aspects such as diet 

(Playdon et al., 2016), age, and sex which are known to affect its composition (Hesse et 

al., 1986). Resulting individual variation and chemical complexity can potentially impact 

urine potency as a chemical cue, as demonstrated by studies relating urine of different 

predator diets to danger perceived by prey (Nolte et al., 1994; Poulin et al., 2018). Specific 

cue combinations at unique ratios and concentrations are typically critical for proper 

interpretation of chemical messages, as these key factors determine the uniqueness, and 

hence reliability of a particular scent (Deland et al., 1993; Grunseich et al., 2021).  

 There has been relative success identifying urine cues in terrestrial systems (Osada 

et al., 2015), whereas few cue molecules have been characterized from marine predators 

(Poulin et al., 2018). This is because waterborne molecules are challenging to isolate from 

seawater due to low natural concentrations in a high salt matrix (Berlinck et al., 2021). 

However, the ability to acquire urine directly from the predator presents a unique 

situational advantage whereby scientists mostly avoid the complications associated with 

analyzing molecules in dilute seawater. Additionally, metabolomics has proven to be an 

excellent tool for investigating the chemistry of urine (Bouatra et al., 2013), as it facilitates 

the simultaneous analysis of individual molecules from complex mixtures and reduces the 

risk of metabolite decomposition exacerbated by sequential chemical separation steps. 

Minimal sample preparation increases efficiency in comparison to the more traditional 

route of bioassay-guided fractionation, especially if the accompanying bioassays are slow, 

labor-intensive, and consume substantial quantities of chemical cue.  

 The present metabolomics study leverages genetic algorithms and multivariate 

statistics to identify blue crab urine biomarkers indicative of predation risk to oysters, as 
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well as fear cues that they may have in common with mud crabs. Previous work identified 

homarine and trigonelline as two urine constituents important for both prey species; 

however it was evident in those studies that these are not the only cues used to detect 

predatory blue crabs (Poulin et al., 2018; Roney et al., 2023). The current study provides 

insights about the commonalities and differences between fear cue blends originating from 

a common predator, emphasizing the complexity of these cues, especially in the context of 

predator-prey interactions.  

2.3 Methods 

 Experiments were designed to use metabolomics for discovering chemical cues in 

blue crab urine that result in evaded predation by two prey, mud crabs and eastern oysters. 

For each respective bioassay, prey were repeatedly exposed to the same blue crab urine 

samples to identify chemical cues that induce oyster shell strengthening, reduced mud crab 

feeding, or both.  

 All seawater used in aquaria and mesocosm tanks was drawn from offshore from 

Mobile Bay, AL, USA and allowed to settle in a tank for three days to remove particulates. 

Seawater salinity was maintained at 20 ± 2 ppt throughout all experiments. Oyster and mud 

crab bioassays were performed at the Dauphin Island Sea Lab in Dauphin Island, AL, USA 

from July – Sept. 2020. 

2.3.1 Blue Crab Urine Preparation 

 Blue crabs (Callinectus sapidus)  were caught in commercial crab traps on the 

Mobile Bay side of Dauphin Island Sea Lab and housed in individual tanks with natural 

seawater. Crabs were starved for two to three days prior to being fed either oysters 

(Crassostrea virginica) or mud crabs (Panopeus herbstii) once every two days. All blue 

crabs were maintained on a constant diet for one week before beginning urine collection, 
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which was performed twice per week. Crabs were chilled on ice to quiescence prior to 

siphoning urine from the nephropore using a 23 gauge-needle and light vacuum suction 

(Roney et al., 2023). 

 Urine collected from individual crabs was combined into mixtures to provide 

enough urine for both the oyster shell strengthening and mud crab feeding assays. Urine 

samples from individual blue crabs was stored at -80°C before being combined, ensuring 

that the smallest number of crabs contributed to each mixture. This maximized the 

chemical diversity of each urine sample, as desired for metabolomics analysis. For the 

current study, each mixture was composed of urine from 3-12 individual blue crabs, 

constituting one biological replicate. The same 24 urine mixtures (n=12 mud crab diet and 

n=12 oyster diet) were used for both bioassays, enabling direct comparison of chemical 

features associated with each biological response. 

2.3.2 Oyster Shell Strengthening Assay 

 The purpose of this bioassay was to determine the effect of blue crab urine on oyster 

shell strengthening. The Auburn University Shellfish Laboratory provided diploid oyster 

larvae which were settled onto marble tiles and allowed to grow for one week in 1250 L 

mesocosms prior to experimentation. These oyster spat were transferred to aquaria and 

exposed to blue crab urine (mud crab or oyster diet) or natural seawater (negative control) 

for a period of 48 days. Twenty oyster spat were crushed from each biological replicate to 

assess shell strength. Oyster shell width was measured with calipers and crushing force 

with a Kistler 5995 charge amplifier coupled to a 9207 force sensor. Crushing force was 

divided by shell width to calculate standardized crushing force, which was averaged for 

oysters within the same aquaria. Additional details for the oyster bioassay and the statistical 

analysis are provided in Roney, et al., 2023. 

2.3.3 Mud Crab Feeding Assay 



 39 

 As it was already known that homarine and trigonelline are two blue crab urine 

metabolites that induce fear in mud crabs (Poulin et al., 2018), the goal of this assay was 

to determine whether mud crabs use any of the same chemical cues as oysters to assess 

blue crab predation risk. Methods were based on Poulin et al., 2018. Mud crabs were 

collected from the area surrounding Priest Landing on Skidaway Island, GA, USA and 

transported in coolers to Dauphin Island Sea Lab. They were acclimated in a 2 m diameter 

mesocosm with recirculating natural seawater approximately 1 m deep, and fed satiating 

amounts of shrimp every few days.  

 Prior to experimentation, mud crabs were starved for 24 hours. Aquaria were filled 

with 1.5 L water and the bottoms covered with sun-bleached oyster shells to serve as refuge 

for mud crabs. Four mature mud crab adults, 2-3 cm wide with at least one individual of 

each sex, were added to each aquarium and allowed to acclimate for at least an hour. All 

mud crabs had two chelipeds and were not missing more than two legs. Meanwhile, frozen 

shrimp were fully thawed and blotted to remove excess water before measuring their initial 

weight. Food (i.e., thawed shrimp) and 3.75 mL urine cue were added to corresponding 

aquaria simultaneously, resulting in mud crabs being exposed to blue crab urine at a 

concentration of 2.5 mL/L). Crabs were allowed to eat for 4 hours in the dark, after which 

excess water was removed before measuring final weights for the remaining shrimp in each 

aquarium. Given space constraints, the experiment was performed in four blocks consisting 

of all treatments in each block (i.e., one aquarium per cue mixture per day, totaling four 

replicates per mixture) and 12 urine mixtures were tested per diet (mud crab or oyster). 

Each block had two seawater negative control replicates, with the exception of block four 

which had six seawater replicates. Feeding assays were deliberately conducted at night 

when mud crabs are the most active (Griffen et al., 2012). Data were statistically analyzed 

by ordinary one-way ANOVA using GraphPad Prism 9.3.0. 

2.3.4 Estimating Protein Content in Blue Crab Urine 
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 Separate from urine’s role as a predator risk cue, oyster spat could potentially utilize 

blue crab urine as a nutritional source, thus enabling production of stronger shells. To rule 

out this confounding hypothesis, total protein (as one important measure of nutritional 

value) was compared between blue crab urine and Reed Mariculture Instant Algae Shellfish 

Diet 1800 which was the source of food for oyster spat during the shell strengthening assay. 

The number of algal cells in 1 mL was estimated using a Fluid Imaging FlowCam since 

this was the volume of algae administered to each tank per day. Algal cells were lysed 

using the OMNI Bead Rupter Elite via two 45 second cycles at 7.1 m/s separated by a 30 

second dwell time. Protein concentrations were measured using a Thermo Fisher Scientific 

Pierce Modified Lowry Protein Assay Kit following the microplate procedure. All 

standards and reagents were prepared in liquid chromatography mass spectrometry 

(LC-MS) grade water which was also used as the blank. Urine, algal samples, bovine serum 

albumin standards, and media controls were transferred to a 96-well plate and absorbance 

was measured at 750 nm using a BioTek Synergy H4 Hybrid plate reader. A quadratic 

standard curve was constructed using GraphPad Prism 9.3.0 to interpolate protein 

concentrations in urine samples, lysed algal cells, artificial seawater 22 ppt, and 20 ppt L1 

media. 

2.3.5 Blue Crab Urine Chemical Profiling 

 Separate from urine’s role as a predator risk cue, o Aliquots of the same 24 blue 

crab urine samples used for both bioassays were brought from Dauphin Island Sea Lab to 

the Georgia Institute of Technology, GA, USA where they were stored at -80°C. 1H NMR 

spectroscopy and mass spectrometry datasets were acquired for all urine samples at the 

Georgia Institute of Technology. These complimentary data were used to explore the 

metabolic composition of blue crab urine.  

2.3.5.1 NMR Metabolomics 
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 Samples were prepared for NMR spectral analysis by combining 138 µL blue crab 

urine, 46 µL phosphate buffer (0.1 M pH 7.4), and 16 µL 0.1% w/v 3-

(trimethylsilyl)propionic-2,2,3,3-d4 acid (TMSP). Phosphate buffer and TMSP solutions 

were made in D2O (99.9% atom D2O; Cambridge Isotope Labs). Solutions were mixed via 

micropipette and 175 µL were transferred to 3 mm NMR precision tubes (Wilmad-

LabGlass). All spectra were acquired using a Bruker Avance IIIHD 800 MHz spectrometer 

equipped with a 3 mm cryoprobe. For water suppression, the Bruker zgpr pulse sequence 

was used with a relaxation delay of 10 s. Spectra were centered at 3758.89 Hz, spectral 

width was set to 13.9 ppm, receiver gain was set to 16, and 256 scans were acquired per 

sample. 

 Data were processed in Metabolab (Ludwig & Günther, 2011). Spectra were 

phased, the TMSP reference peak was set to 0 ppm, and spline baseline corrected choosing 

baseline points spanning the entire spectral width. The TMSP peak, residual artifacts from 

the suppressed water peak, and regions with a noisy baseline were excluded as they are not 

relevant for statistical analyses. Spectra were aligned, filtered for noise, and then binned 

using a width of 0.005 ppm. Probabilistic quotient normalization (PQN) was applied to 

reduce systematic variation. Processed spectra were exported as a .mat file and imported 

into PLS Toolbox 9.0 where they were general log transformed and mean centered prior to 

multivariate statistical analyses. 

2.3.5.2 Untargeted Mass Spectrometry Metabolomics 

 Blue crab urine was thawed at room temperature and then kept on ice during sample 

preparation. Pooled urine samples for each diet (mud crab and oyster) were prepared by 

combining equal volumes of all samples for a single diet. For both pooled and biological 

replicate urine samples, 20 µL urine was added to 180 µL LC-MS methanol, vortexed for 
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proper mixing, centrifuged at 19980 ×g for 10 minutes to pellet any precipitate, and all 

supernatant was transferred to a clean vial.  

 Ultra-performance liquid chromatography mass spectrometry (UPLC-MS) was 

performed using a Vanquish HPLC coupled to an Orbitrap ID-X Tribrid mass spectrometer 

(Thermo Fisher Scientific). Chromatographic separation was conducted for 1 µL sample 

injections at a temperature of 40 °C using an ACQUITY UPLC BEH Amide column (2.1 

× 150 mm, 1.7 µm particle size, Waters Corporation). Compounds were eluted from the 

column at 40 mL/min using 80:20 water/acetonitrile with 10 mM ammonium formate and 

0.1% formic acid (mobile phase A), and acetonitrile with 0.1% formic acid (mobile phase 

B) for the following gradient program: 0 min 5% A; 0.5 min 5% A; 8 min 60% A; 9.4 min 

60% A; 9.5 min 5% A; 12 min 5% A (Optima, LC-MS grade, Fisher Scientific). 

 The Orbitrap ID-X Tribrid mass spectrometer is a high resolution (500,000 FWHM 

at 200 m/z), accurate mass (<1 ppm) instrument with dual detectors (i.e., an orbitrap and 

an ion trap). The following settings were used for the heated electrospray ionization (HESI) 

source: positive ion mode, a vaporizer temperature of 275 ⁰C, a spray voltage of 3.5 kV, 

and sheath, auxiliary, and sweep gas flows of 40, 8, and 1 L/hr, respectively. For the 

untargeted metabolomics experiment, full scan data from 70-600 m/z were acquired with 

the orbitrap at a resolution of 60,000 followed by data-dependent acquisition (DDA) of 

tandem mass spectra with the ion trap to ensure accurate mass spectra using both higher 

energy collisional dissociation (HCD, collision energies 15, 30, and 45 eV) and collision-

induced dissociation (CID, collision energy 35 eV). For HCD, precursor ions were isolated 

in the ion trap using a 0.8 m/z window and activated at 50%. Data acquisition was 

performed using Xcalibur Version 4.3.73.11 (Thermo Fisher Scientific) followed by 

processing in Compound Discoverer 3.3.0.550 (Thermo Fisher Scientific). Normalized 

peak areas were exported from Compound Discoverer and further processed in PLS 

Toolbox 9.0. The data was processed with and without PQN prior to applying a general log 
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transformation and mean centering, generating two base models that would later be used 

for partial least squares regression analyses (PLS-R). 

2.3.6 Multivariate Statistical Analyses of Spectroscopic Data and Variable Selection  

 Both pre-processed 1H NMR and LC-MS metabolomics datasets were analyzed in 

PLS Toolbox 9.0 by principal component analysis (PCA) and partial least squares 

discriminant analysis (PLS-DA). Then these spectral datasets were paired with either 

oyster shell strengthening or mud crab feeding assay data to build PLS-R models. Unlike 

for 1H NMR spectroscopy, mass spectral features are considered independent variables so 

genetic algorithm variable selection was used to refine the mass spectrometry feature list 

by removing unwanted features that did not correlate with bioactivity, greatly improving 

the cross validation for these models. Different combinations of genetic algorithm 

parameters were compared to determine which ones resulted in the lowest root mean 

squared error of cross validation (RMSECV). A 2 × 2 factorial design was implemented to 

create four models for each bioassay: data processed with or without PQN either with or 

without a percent of variables target range (5-15% with a penalty slope of 0.05). The 

following parameters were used for all genetic algorithm runs: a population size of 256, 

20% initial terms, 100 max generations, 50% at convergence, 0.005 mutation rate, single 

crossover, 10 max LVs, venetian blinds cross validation (6 splits and thickness = 1), 2 CV 

iterations, and 5 replicate runs. Although each genetic algorithm run tested hundreds of 

different variable combinations, selected variable lists are those with the lowest RMSECV. 

Variable importance parameter (VIP) scores were compared for all features, and those 

≥ 0.75 or that were selected by at least two models were compiled into a prioritized list, as 

these features are the most ideal biomarker candidates. Pearson correlation coefficients 

were calculated for all features in Microsoft Excel (Microsoft 365). Permutation tests were 

performed in PLS Toolbox to confirm that all models were robust. 
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2.3.7 Annotation of Blue Crab Urine Biomarkers via LC-MS/MS Spectra  

 A follow-up targeted MS/MS experiment was later performed to acquire additional 

spectra targeting promising MS features arising from PLS-R models which produced 

feature lists using genetic algorithm variable selection. This was necessary because MS/MS 

spectra for some of these features were not acquired in the untargeted experiment. A pooled 

urine sample was prepared from equal volumes of all 24 urine samples as described 

previously. General method parameters were the same as for the untargeted MS/MS 

experiment; however, prioritized mass spectral features were split into 10 groups based on 

similar retention times so that only a subset of ions were targeted per injection. Assigning 

specific retention time windows to each group allowed for a higher number of scans per 

cycle time.  

 Acquired MS/MS spectra for high ranking PLS-R model features were compared 

to experimental and theoretical data accessed from the Human Metabolome Database 

(HMDB) and MassBank of North America (MoNA). Compound Discoverer in conjunction 

with a molecular formula calculator was used to propose potential molecular formulae for 

MS features of interest. 

interactions.  

2.4 Results 

2.4.1 Predator Diet Does Not Influence Oyster Perception of Predation Risk 

 Complementary 1H NMR and LC-MS datasets indicated that blue crab urine is 

chemically rich and complex, with appreciable concentrations of several hundred 

metabolites (Fig. 2.1). LC-MS analysis led to prioritization of 712 features, the majority of 

which are expected to be unique metabolites, although some represent different ions of the 



 45 

same molecule. For PCA associated with 1H NMR and LC-MS spectra, profiles of blue 

crab urine, mud crab, or oyster diets were separated by PC 1, accounting for 19.5% and 

20.5% of the variance, respectively (Fig. 2.2). PLS-DA also supported the statistically 

significant separation of urine chemical profiles based on blue crab diet, with even clearer 

separation between treatments than for PCA (data not shown). Therefore, unsurprisingly, 

and in line with previous results (Poulin et al., 2018), blue crab urine is chemically 

distinguishable based on diet (Fig. 2.2), with the known urinary metabolites homarine and 

trigonelline contributing to this separation, as they were identified in the PC 1 loadings plot 

for the 1H NMR spectral analysis (Fig. 2.3).  

 

Figure 2.1 Complementary 1H NMR and LC-MS spectra were acquired for 24 blue 

crab urine samples: mud crab diet (n=12) and oyster diet (n=12). A) Representative 
1H NMR spectra for urine of each blue crab diet: oyster (blue spectrum) and mud 

crab (gold spectrum). B) Overlaid LC-MS chromatograms for all 24 urine samples. 

Mass spectra were acquired using positive ionization electrospray mode. 
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Figure 2.2 Principal component analyses of 1H NMR (A) and LC-MS (B) blue crab 

urine metabolomics datasets. 1H NMR and mass spectra were acquired for 24 urine 

samples: mud crab diet (n =12) and oyster diet (n = 12). Strong separation of 

treatments for both models indicates distinct chemical profiles for urine of blue crabs 

fed different diets. 
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Figure 2.3 Trigonelline and homarine are two blue crab urine metabolites that 

contribute to distinct chemical profiles for blue crab urine of different diets. A) 

Structures of homarine and trigonelline with their 1H NMR chemical shifts. Two 

representative 1H NMR spectra (B) and the corresponding loadings plot (C) for the 

principal component analysis of the 1H NMR blue crab urine metabolomics dataset. 

Black arrows point to peaks for trigonelline, and gray arrows point to peaks for 

homarine. Trigonelline and homarine peaks are negative in the loadings plot 

indicating that these features are enriched in the mud crab diet (yellow arrow). 

Feature enriched in the oyster diet are positive for PC 1 in the loadings plot (blue 

arrow).  

 PLS-R analyses revealed that urine potency, with respect to its ability to enhance 

oyster shell strength, was not diet-dependent. In other words, urine of blue crabs fed oysters 

was not more or less potent as a cue to oyster spat than urine of blue crabs fed mud crabs 

(Fig. 2.4). This was evident for PLS-R models of both 1H NMR and MS data because blue 
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crab urine samples were not segregated by diet along the regression line (Fig. 2.4). This 

was in contrast to mud crabs’ response to blue crab urine, whereby diet-dependent chemical 

differences in blue crab urine generally correlated with suppression of mud crab feeding 

(i.e., increased urine potency (Fig. 2.5) (Poulin et al., 2018). Interestingly, in the current 

study, oyster diet blue crab urine sample 12 was comparably potent (towards mud crabs) 

to the most fear-inducing mud crab diet urine samples (Fig. 2.5). This urine mixture was 

the second most potent overall for reducing mud crab feeding, and notably also caused 

oysters to make the strongest shells. Potency did not correlate with total concentration of 

urine metabolites (i.e., derived from the overall abundance of measurable chemical signals 

for each sample), rejecting the hypothesis that the most concentrated or chemically rich 

urine is typically most potent in fear-inducing assays. In addition, no single individual 

metabolite on its own significantly accounted for the fear-inducing properties of blue crab 

urine, as revealed by Pearson correlation coefficients (data not shown). Overall, it’s clear 

that multiple compounds in blue crab urine are required to elicit fear-inducing effects in 

oyster spat and mud crabs. 

2.4.2 Blue Crab Urine is Not a Source of Nutrients to Oyster Spat  

 Based on urine protein concentrations measured by interpolation from a standard 

curve, blue crab urine contained approximately 0.1% of the protein of in an equal volume 

of Algae Shellfish Diet, which was used to feed oyster spat in our experiments (data not 

shown). Thus, crab urine is not an appreciable nutrient source for juvenile oysters, leading 

us to reject the alternative hypothesis that oysters absorb nutrients from urine resulting in 

stronger shells. 
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Figure 2.4 Partial least squares regression analyses for 1H NMR (A) and MS (B) 

metabolomics datasets related to oyster shell strengthening. For both models, 

measured oyster shell standardized crushing force is regressed against spectroscopic 

chemical features to predict standardized crushing force values for each urine 

sample. Lines of best fit for the 1H NMR and MS metabolomics models have R2 values 

of 0.97 and 0.64 respectively, where higher R2 values are indicative of a better 

predictive model. 
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Figure 2.5 Partial least squares regression analyses for 1H NMR (A) and MS (B) 

metabolomics datasets related to mud crab feeding suppression. For both models, 

measured urine potency is regressed against spectroscopic chemical features to 

predict urine potency values for each urine sample. Plotted lines of best fit are for 

the 1H NMR and MS metabolomics calibrated models (R2 = 0.98 and 0.97 

respectively). Higher urine potency indicates reduced mud crab feeding and higher 

R2 values are indicative of a better predictive model. 
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2.4.3 Blue Crab Urine Biomarkers Indicative of Predation Risk: Specific and Common 

Fear Cues Utilized by Multi-Trophic Prey 

 PLS-R analysis of the 1H NMR metabolomics dataset revealed that trigonelline is 

a minor component of the cue blend that correlated with increasing oyster shell strength 

(Fig. 2.6). The presence of trigonelline in the VIP plot of this model supports previous 

results that oysters perceive trigonelline as a fear cue (Roney et al., 2023), although cross-

validation for this model was poor (Fig. 2.4; R2 (Cal) = 0.97; R2 (CV) = 0.13). However, 

contrary to results from this same previous study, the PLS-R model did not identify 

homarine as a significant cue correlating with stronger oyster shells, suggesting that 

trigonelline is a more critical component of the fear-inducing blend for oysters than 

homarine. As these results indicated that homarine and trigonelline were perhaps less 

important fear-inducing cues towards oysters than other unidentified metabolites, 2D  

NMR spectroscopy of blue crab urine was explored to identify other metabolites with high 

VIP scores, but insufficient instrument sensitivity, spectral complexity, and low metabolite 

concentrations made this option impractical in the absence of purification efforts (data not 

shown). 

 

Figure 2.6 Variable importance parameter plot for the 1H NMR metabolomics partial 

least squares regression analysis. Peaks above the dashed red line are chemical 

features corresponding to molecules whose concentrations positively correlate with 

oyster shell strength. Black arrows point to features corresponding to trigonelline. 
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 Original PLS-R models generated from MS metabolomics data (Fig. 2.7; oyster 

shell strengthening assay, R2 (CV) = 0.01; Fig. 2.5; mud crab feeding assay, R2 (CV) = 

0.04) were improved using variable selection, since by this method individual features are 

considered independent of each other. Genetic algorithm variable selection of MS features 

improved cross validated PLS-R models for predicting oyster shell strengthening and 

reduced mud crab feeding (Fig. 2.7; oyster shell strengthening assay, R2 (CV) = 0.89; mud 

crab feeding assay, R2 (CV) = 0.95), on average selecting a subset of variables representing 

approximately 8% of the total. These models pinpointed specific features in blue crab urine 

that may serve as biomarkers for increased oyster shell strength (Table 2.1) and reduced 

mud crab feeding (Table 2.2). Seven features were important for PLS-R models of fear 

responses for both prey (Table 2.3). These molecules are top candidates for common fear 

cues, as constituents of biological exudates important to multiple prey species seeking to 

avoid predation. Proposed molecular formulae for these spectral features are indicative of 

small nitrogenous compounds and organic acids (Tables 2.1, 2.2, and 2.3). Additionally, 

Pearson correlation coefficients were calculated for MS features, but values were low (≤ 

0.59), indicating that individual variables did not, on their own, correlate well with oyster 

shell strengthening. 
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Figure 2.7 Partial least squares regression models for the oyster shell strengthening 

(A) and mud crab feeding (B) assays using the positive ion MS metabolomics dataset. 

Only two of the final eight models (i.e., four PLS-R models per bioassay) are shown. 

Urine potency, measured for oysters as increased shell strength and for mud crabs as 

decreased food consumption, were regressed against mass spectral features to predict 

the potency of each urine sample. Plotted lines of best fit are for the MS metabolomics 

cross-validated models (R2 = 0.89 for the oyster shell strengthening assay and R2 =  

0.95 for the mud crab feeding assay). Higher urine potency indicates stronger oyster 

shells or reduced mud crab feeding; Higher R2 values are indicative of a better 

predictive model. 
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Table 2.1 Top ten positive ion MS features that correlated with increased oyster shell 

strength. A list of 78 features was compiled by cross-comparing four PLS-R models 

generated for the oyster shell strengthening assay. These models were built using a 

subset of variables that were selected by genetic algorithm variable selection and are 

more robust for predicting oyster shell strength. Features are ordered by variable 

importance parameter (VIP) scores from highest to lowest, where higher scores 

indicate greater importance to the model. 

 

Table 2.2 Top ten positive ion MS features that correlated with reduced mud crab 

feeding. A list of 81 features was compiled by cross-comparing four PLS-R models 

generated for the mud crab feeding assay. These models were built using a subset of 

variables that were selected by genetic algorithm variable selection and are more 

robust for predicting reduced mud crab feeding. Features are ordered by variable 

importance parameter (VIP) scores from highest to lowest, where higher scores 

indicate greater importance to the model. 
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Table 2.3 Seven positive ion MS features that correlated with both increased oyster 

shell strength and reduced mud crab feeding. This list was compiled by cross-

comparison of all of the oyster and mud crab bioassay PLS-R models generated from 

features chosen by genetic algorithm variable selection. Features are ordered by 

variable importance parameter (VIP) for the oyster bioassay. Scores are ordered 

from highest to lowest, where higher scores indicate greater importance to the model. 

 

2.5 Discussion 

 Chemical cues indicative of predation risk are inherently complex, as materials 

released by predators into the environment are typically blends comprised of both primary 

metabolites common to many or most species, and specialized metabolites associated with 

one or a few species. The current study supports this pattern through identification of seven 

chemical features which appear to be used by both oysters and mud crabs to detect blue 

crabs as potential predators (Table 2.3), as well as many more specialized urine biomarkers 

unique to assessing risk for individual prey species (Tables 2.1 and 2.2). Prey have evolved 

the ability to detect a plethora of chemical cues associated with their predators, but most 

studies fail to understand the complete ecological picture. A handful of marine studies have 

identified specific or multiple molecules from blends of predator-derived compounds. For 

example, anthopleurine, is a sea anemone alarm pheromone released by injured 

conspecifics and by nudibranchs (predators of sea anemones) in the immediate days 

following a predation event, alerting surviving sea anemone to withdraw their exposed 

tissues for protection (Howe & Harris, 1978; Howe & Sheikh, 1975). Additionally, 

phytoplankton respond to a blend of waterborne taurolipids known as copepodamides, 
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exuded by copepod predators, inducing a diverse set of anti-predation mechanisms 

(Grebner et al., 2019; Lindström et al., 2017; Selander et al., 2015). In estuarine reefs, 

homarine and trigonelline are two blue crab urine cues that alert mud crabs to cease 

foraging and seek refuge (Poulin et al., 2018) and oysters, as juvenile spat, to invest in 

long-term shell strengthening (Roney, Cepeda et al., 2023). However, neither of these blue 

crab cues were identified as dominant components of the fear-inducing blend by cross-

validated PLS-R models in the current study (Fig. 2.7; Tables 2.1, 2.2, and 2.3). Instead, 

multiple other metabolites that remain to be fully characterized appear to be responsible 

for most of the induced antipredator resistance in mud crabs and oyster spat. Part of this 

difference could be due to metabolic differences influencing urine chemical variation 

between blue crabs in different environments and at different times. Urine is a chemically 

complex fluid, and although different blue crab metabolites appear to be most important in 

different studies, what has remained consistent is the potent effects of blue crab urine 

towards prey and the simultaneous importance of multiple metabolites in each case. 

 Elucidating the molecular structures of individual metabolites responsible for fear-

inducing effects has so far been challenging, partly because of the many hundreds of 

metabolites each present in low abundance. However, variable selection applied to 

metabolomics datasets filters out some chemical noise, enabling models to be generated 

from a subset of cues that are biologically relevant. In the current study, genetic algorithm 

variable selection resulted in prioritization of fewer than 10% of the total number of 

features, suggesting that the majority of molecules in blue crab urine are not useful for 

alerting prey of nearby predators. This is not surprising as urine is a ubiquitous biological 

fluid released by many different organisms, not all of which are predators. For example, 

studies in terrestrial systems have shown that prey respond to urine of relevant carnivores, 

although not urine from herbivores (Nolte et al., 1994) or conspecifics (Fendt, 2006).  
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Predator diet also influences prey response in marine systems as is the case for mud crabs 

(Poulin et al., 2018), although results from the current study show greater overlap in 

potency for urine of blue crabs fed different diets. (Fig. 2.7).  In part, this may be explained 

by the fact that homarine and trigonelline were not selected by genetic algorithm variable 

selection in relation to reduced mud crab feeding (Fig. 2.7B), likely because, as shown by 

previous analyses (Roney et al., 2023), concentrations of these metabolites measured in 

blue crab urine of this sample set were comparable for both diets and lower than in previous 

years. Additionally, since homarine and trigonelline concentrations in urine analyzed for 

the current study were not previously found to correlate with oyster shell strengthening 

(Roney, Cepeda et al., 2023) nor reduced mud crab feeding (data not shown), it makes 

sense that these metabolites do not appear in the corresponding PLS-R models (Fig. 2.7). 

These results support the following hypothesis: when homarine and trigonelline are very 

abundant, prey take notice, but in the absence of high concentrations of these cues, prey 

rely on other molecules to assess predation. These second-tier fear cues appear not to be 

diet-dependent, resulting in greater overlapping metabolite concentrations and in turn urine 

mixtures of different diets. As a result, particular urine mixtures appear to be especially 

potent towards both mud crabs and oyster spat due to appreciable concentrations of 

common fear cues.  

 Prey response to predator cues is nuanced, which is why prey utilize complex 

blends and rely on what is available. In many cases, individual metabolites do not 

adequately explain prey response, requiring sophisticated methods such as metabolomics 

to explore the chemical basis for induction of antipredator resistance. Results from the 

current study suggest that mud crabs, a mid-trophic level organism, detect cues related to 

predator diet when available (Fig. 2.5), while oysters, at a lower trophic level, focus on 

more general blends of urine cues common to many relevant predators irrespective of diet 

(Fig. 2.4 and 2.7A).  This may be a more advantageous strategy for oysters since they are 
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immobile, unable to seek refuge, and more accessible to certain predators. Across diverse 

animal species, urine shares broad chemical similarities, including pungent sulfurous 

volatile molecules and low molecular weight polar water-soluble compounds including 

amines. One study found that fox urine-derived 3-methyl-3-butenyl methyl sulfide was 

aversive to hares (Sullivan & Crump, 1986), while another proposed that sulfur-containing 

metabolites are likely fear cues as they are prevalent in the urine of carnivores, which is 

particularly effective at repelling prey (Nolte et al., 1994). The composition of wolf urine 

has been studied extensively, identifying alkyl pyrazine analogs as important constituents 

of a blend used by mice (Osada et al., 2013) and deer (Osada et al., 2014) to sense and 

avoid predators. Rodents exhibit avoidance behavior in the presence of phenylethylamine, 

a metabolite prevalent in the urine of many carnivores, and multiple prey in oyster reefs 

exhibit anti-predatory responses to blue crab urine quaternary amine metabolites homarine 

and trigonelline (Poulin et al., 2018; Roney et al., 2023). Proposed molecular formulae for 

features identified by PLS-R models in this study suggest that additional fear cues 

important to blends used by oysters and mud crabs are polar nitrogen and oxygen-

containing metabolites which remain to be fully characterized. 

 Animal metabolism and urine composition are influenced by age, sex, diet, 

genetics, and environmental conditions (Bouatra et al., 2013; Osada et al., 2015). These 

factors almost certainly affect metabolites released in the urine of blue crabs and in turn 

prey perception of risk, although we did not explore systemic metabolism in the current 

study. Additional research has shown that external stressors such as climate change and 

exposure to anthropogenic contaminants (i.e., metals, plastics, and pollutants) impact 

animal metabolism. However, it is unknown how these factors influence predator urine 

composition, or a cue’s chemical stability in the environment. As oceans become more 

acidic, ambient concentrations of chemical cues and their efficacy may be altered, with 

potentially large ramifications for common fear cues used by many prey. When designing 
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future metabolomic experiments investigating chemically mediated predator-prey 

interactions, all of these variables should be collectively taken into consideration. 

 The current study lays the foundation for discovering new fear cues from complex 

biological fluids, especially in cases in which blends of multiple metabolites are required 

to elicit prey response. The specificity of the response  relies on the molecular structure of 

each predator metabolite and its presumed interaction with a corresponding prey receptor. 

Even small differences in chemical structure, for example, even among compounds that 

share the same metabolite class or carbon skeleton are expected to dramatically affect 

biological activity. Genetic algorithm variable selection and metabolomics are methods 

that can be leveraged for unraveling the composition of complex chemical cue blends 

important to predator-prey interactions, especially in marine systems where identities of 

the majority of these chemical cues remain unknown. Many predator-prey systems could 

be explored via this approach, including Nucella snails responding to predatory green crabs 

(Large & Smee, 2013), oysters strengthening their shells after exposure to chemical cues 

from predatory snails (Ponce et al., 2020), and urine-mediated interactions between 

generalist predatory fish and various prey. Development of novel bioassays are needed in 

conjunction with the use of novel metabolomic methods to facilitate ground-breaking 

discoveries. Adjustments and improvements for metabolomics methods are constantly 

being developed  and will continue to facilitate the identification of chemical cues that 

influence interactions between predators and prey.  
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CHAPTER 3. ASESSING ALGAL BIOFUEL POND SYSTEM 

EXOMETABOLOMES: INSIGHTS FOR PROTECTION FROM 

PESTS 

This chapter is adapted from the final report submitted to Sandia National 

Laboratories as part of the Laboratory Directed Research and Development (LDRD) 

Program. Algal biofuel pond system exometabolomes were explored as part of a 

collaborative project between scientists at Sandia National Laboratories and the Georgia 

Institute of Technology: Marisa R. Cepeda, Gabriella Chebli, Nolan H. Barrett, Carolyn L. 

Fisher, Todd W. Lane, Samuel Moore, Hailey Loehde-Woolard, Samantha Spano, William 

Buzzeo, Ethan Bar-Nur, and Julia Kubanek. 

3.1 Abstract 

Preliminary studies at Sandia National Laboratories (SNL) identified several 

bacterial consortia comprised of multiple marine bacterial species that protect biofuel-

relevant microalgae from ubiquitous microscopic pests called rotifers. While bacterial 

consortia offered varying degrees of protection against rotifers, some may better protect 

against phagotrophic algae and pathogens such as chytrid fungi. It was hypothesized that 

specific species within these bacterial communities produce secondary metabolites that act 

as natural agents of biocontrol and this work explores co-culturing algae with protective 

marine bacteria as a zero-cost pest control solution. The goal of this project was to identify 

bacterial natural products that exhibit toxicity or deterrent effects against pests, towards the 

development of algal cultivation methods that can be optimized for co-culturing with the 
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identified protective bacteria. Proton nuclear magnetic resonance (1H NMR) spectroscopy- 

and mass spectrometry (MS)-based metabolomics methods were used to obtain chemical 

profiles of bacterial consortia exometabolomes in order to identify putative defenses 

against algal pond threats. Statistical analysis of a small-scale pilot experiment indicated 

that lipid-soluble exometabolomes are influenced by bacteria, and more specifically that 

algal cultures with protective bacterial consortia have chemical profiles that are 

distinguishable from those with non-protective bacteria. Furthermore, SNL isolated 36 

bacteria from unique sources (i.e., several protective bacterial consortia) and a bacterial 

extract library was generated to explore the toxicity effects of bacterial extracts on rotifers, 

phagotrophic algae, and chytrids. Screening of bacterial extracts generated from this isolate 

library indicated that 6 of 36 bacteria were significantly toxic to rotifers. However, several 

follow-up experiments failed to reproduce the observed toxicity, and Illumina next-

generation sequencing results suggested that this was likely in part because many bacteria 

in the library were not clonal. Additional toxicity bioassays were conducted with 18 of the 

36 bacterial isolates that had been exposed to rotifer and algal conditioned media to address 

the hypothesis that rotifer cues induce bacteria to produce anti-rotifer compounds. 

However, these extracts had no impact over rotifer mortality. Five of these isolates were 

tested at higher concentrations, with one isolate increasing the mortality rate of rotifers; 

however, this isolate was found to be an impure culture. A subset of these bacterial extracts 

was screened for growth-suppressing effects on the phagotrophic alga Poterioochromonas 

malhamensis. Initial experiments failed to indicate allelopathic effects of bacterial culture 

extracts; however stimulatory effects of media components were implicated in these 

results. Follow-up experiments with extracts of bacterial supernatants, instead of whole 
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cultures, reduced the stimulatory effects of the media, but little evidence of allelopathy was 

observed and there was no evidence that the presence of P. malhamensis induced antialgal 

metabolite production in these bacteria. Of the 36 bacterial supernatant extracts screened, 

two significantly suppressed the growth of this algal pest. However, one of the bacterial 

isolates found to decrease P. malhamensis growth consisted of multiple bacterial species 

and the purity status of the second is unknown. Moving forward, clonal bacterial isolates 

with reproducible growth and metabolite production will be key for developing methods 

to identify protective molecules, using rotifers as a model system. These methods can then 

be applied to additional target pests (e.g., chytrids) that threaten commercially valuable 

microalgal species.  

3.2 Introduction 

As fossil fuel reserves continue to be depleted and atmospheric carbon dioxide 

warms the planet, the need for renewable liquid fuel sources has increased. Liquid biofuels 

derived from microalgae biomass show the most promise because these algae are able to 

accumulate up to 75% of their dry weight in lipids (i.e., fuel molecule precursors) (Mubarak 

et al., 2015). In addition, they are an important alternative to current fuel sources because 

a large portion of the biomass produced by microalgae comes from carbon dioxide 

sequestered from the atmosphere (Falkowski et al., 1998). However, to make algal biofuels 

competitive with liquid fossil fuels, the cost of production needs to be greatly reduced (A. 

Sun et al., 2011) through optimization of growth conditions, conservation of resources 

(e.g., fresh water, land, etc.), and elimination of predator-induced “pond crashes” that result 

in algal biomass loss (Hamilton, 2014).  
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Although progress has been made toward determining optimal conditions for 

industrial microalgae cultivation (Hamilton, 2014), predators of microalgae  (e.g. ,protists, 

copepods, rotifers, etc.) are ubiquitous in open-air ponds (Flynn et al., 2017). Once 

introduced into a pond, predators are capable of capitalizing on an almost limitless food 

source. Current methods to eliminate predators often involve the addition of pesticides, but 

this option is not ideal because of risks to environmental health and the need to add more 

compound after it gets consumed or degraded (Montemezzani et al., 2015). Examples of 

compounds that have been used previously as pesticides against predators in biofuel ponds 

include rotenone (Van Ginkel et al., 2015), quinine sulfate (C. Xu et al., 2015), and 

hypochlorite (Park et al., 2016), none of which are known to be naturally produced by 

microalgae or their associated bacteria. A potential source of protective compounds are 

bacteria, which produce complex secondary metabolites and benefit microalgae through 

nutrient exchange (Fuentes et al., 2016). Therefore, the biofuel industry could directly 

benefit from growing microalgae with bacterial consortia because bacteria provide 

microalgae with essential nutrients, improve their growth, and have the potential to protect 

them from predators. 

Previous studies carried out by our collaborators at Sandia National Laboratories 

have already identified protective bacterial consortia that kill rotifers (Brachionus 

plicatilis), preventing their predation on microalgae (Microchloropsis salina) (Fisher et al., 

2019). While observations of rotifers exposed to these bacterial consortia indicate that the 

interaction is chemically mediated, further work is needed to determine the exact protection 

mechanism. Rotifer death may be caused by exposure to molecules excreted by bacteria 

into the surrounding culture media, or alternatively rotifers may need to ingest bacterial 
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cells in order to be negatively impacted. The chemical profiles of algal cultures with and 

without protective bacteria are expected to be distinguishable based on distinct chemical 

features associated with protective molecules. These molecules may be either 

extracellularly released or intracellular bacterial secondary metabolites. Therefore, this 

project was divided into the following steps to bridge the current knowledge gap: 1) 

Chemically profile algal cultures with non-protective and protective bacterial consortia, 2) 

Identify aquatic bacterial isolates from select bacterial consortia, 3) Determine which 

bacterial isolates produce natural products that protect algal crops from predation by 

rotifers, phagotrophic algae, and chytrids to in turn prevent biofuel ponds from crashing. 

3.3 Methods, results, and discussion 

3.3.1 Chemical Profiling of Bacterial Consortia Exometabolomes 

To explore whether bacteria exude protective secondary metabolites, we conducted 

multiple experiments to determine whether microalgal cultures with protective or non-

protective bacterial consortia could be distinguished from each other through chemical 

profiling of their exometabolomes (i.e., metabolites present in conditioned media). In a 

pilot study conducted at SNL, Microchloropsis salina was cultured with protective and 

non-protective bacterial consortia or without bacteria (negative control). At Georgia Tech, 

natural products were extracted from conditioned algal culture media using solid phase 

extraction (SPE) and eluted with methanol. Two technical replicates were analyzed per 

treatment group and all samples were partitioned into lipid- and water-soluble fractions 

using a water-methanol-chloroform (9:10:15) mixture.  
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1H NMR spectroscopy was used to generate chemical profiles for lipid- and water-

soluble fractions of conditioned media from each of the two treatments and the no-bacteria 

control. Several dominant chemical features in 1H NMR spectra were observed in all three 

treatments. To consider compounds beyond these most dominant ones, principal 

component analyses (PCA) were performed on spectra for both lipid- and water-soluble 

extracts to determine whether the treatment groups could be distinguished from each other 

based on differences among more minor chemical features (Fig. 3.1 and 3.2). PCA of 1H 

NMR spectra for lipid-soluble extracts separated all three treatment groups from each other 

based on variation among their chemical features. The protective and non-protective 

bacterial treatments were separated by PC 1 which accounted for 43.8% of the variance 

between samples, while PC 2 separated both bacterial consortia treatments (protective and 

non-protective) from the no-bacteria control and explained 24.0% of the variance. These 

results indicate that the presence of bacteria affects the lipid-soluble exometabolome, and 

specifically the presence of protective bacterial consortia is associated with specific 

molecules that are distinguishable from those of non-protective bacteria. For PC analysis 

of the water-soluble extracts, PC 3 accounted for 14.8% of the variance between replicates 

and separated the no-bacteria control from the treatment with non-protective bacteria 

indicating that the presence of bacteria affects the chemical profile of the water-soluble 

exometabolome. PC 1 accounted for 46.7% of the variance, suggesting that algal cultures 

with protective bacteria are chemically distinct from those with non-protective bacteria or 

no bacteria. However, since PC 1 only separated one of the two protective samples from 

the other treatments, analysis of additional replicates is needed to confirm this. While the 

majority of metabolites in both the water-soluble and lipid-soluble exometabolomes are 
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likely algal in origin, it is most likely bacterial metabolites that distinguish the protective 

treatment from the no bacteria and non-protective treatments. These results were 

sufficiently promising to support expansion of the project to analyze a larger group of 

treatments and replicates.  

 

Figure 3.1 Principal component analysis (PCA) of 1H NMR spectral data acquired for 

lipid-soluble algal culture conditioned media extracts, in the presence and absence of 

bacteria. Two technical replicates were tested per sample type: no bacteria (green 

diamond), non-protective bacteria (consortium “B”, pink diamond), protective 

bacteria (consortium “F”, blue triangle). Bacterial metabolites most likely distinguish 

the protective treatment from the non-protective and no bacteria treatments along 

the PC 1 axis. 
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Figure 3.2 A principal component analysis of 1H NMR spectral data acquired for 

water-soluble algal culture conditioned media extracts. Two technical replicates were 

tested per sample type: no bacteria (green diamond), non-protective (pink diamond), 

protective (blue triangle). Bacterial metabolites separated one of the two protective 

treatment technical replicates from the non-protective and no bacteria treatments 

along the PC 1 axis. Distinct metabolites in the second technical replicate were likely 

too dilute to distinguish it from the other treatments. 

Given that MS is a more sensitive, yet complementary spectroscopic method to 

NMR spectroscopy for metabolomics analysis, we developed an LCMS-based chemical 

profiling method to distinguish the exometabolomes of algal cultures with and without 

protective bacteria. Lipid- and water-soluble fractions of the same pilot study samples used 

to acquire 1H NMR spectra were recombined and dissolved in water prior to liquid 

chromatographic (LC) separation (TSKgel Amide-80 column) and electrospray ionization 

(ESI) ion trap MS analysis. MS chemical profiles of algal cultures without bacteria or with 

protective bacterial consortia are distinguishable for both positive (Fig. 3.3a) and negative 

ionization modes (Fig. 3.3b). 
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Figure 3.3 Base peak chromatograms from LCMS analysis of algal culture extracts 

a) Positive mode base peak ion chromatograms for extracts of algal cultures grown 

with a protective bacterial consortia (blue) or no bacteria (red). b) Negative mode 

base peak ion chromatograms for extracts of algal cultures grown with a protective 

bacterial consortia (blue) or no bacteria (red). 

A larger experiment was performed employing a 6 × 2 factorial design with six 

algal-bacterial treatments including one bacteria-free control (i.e., algae grown without a 

bacterial consortium), each either exposed or not exposed to rotifers. Bacterial consortia 

were considered to be protective in the presence of rotifers if the algal growth endpoint, 

measured by relative fluorescence, was significantly greater than that of the bacteria-free 

control with rotifers. Samples from all twelve treatments (n=3 replicates of each) were 

extracted using SPE and metabolites were eluted using methanol. Dried extracts were 

dissolved in deuterated dimethyl sulfoxide (DMSO-d6) to acquire 1H NMR spectra at 800 

MHz. 1H NMR spectra for all sample extracts were compared to a spectrum of the bacteria-

free control extract (representative spectra shown in Fig. 3.4). Almost all dominant peaks 

in these NMR spectra for the different treatment groups were also present in the bacteria-

free control, indicating that they likely correspond to microalgal metabolites. The 
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remaining dominant peaks were present in the bacteria-free control in the presence of 

rotifers indicating that these peaks either correspond to molecules produced by rotifers or 

by algae in the presence of rotifers, rather than by bacteria. The sole treatment whose 

extracts contained more than four additional peaks were associated with the least protective 

consortium, both in the presence and absence of rotifers. Examples of these peaks are 

circled in red in Figure 3.4. However, since these peaks are present in the least protective 

sample, it is unlikely that they correspond to protective molecules. If the most protective 

consortium samples contain extracellularly released protective bacterial metabolites 

contributing to algal protection, it is likely that the current extraction protocol is not 

appropriate for their identification (e.g., the protective compounds could be 

biomacromolecules such as proteins) or that the metabolites are produced at concentrations 

below the limit of detection for 1H NMR spectroscopy. 
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Figure 3.4 1H NMR spectra of algal culture-conditioned media extracts: no bacteria 

(dark green), no bacteria + rotifers (light green), least protective consortium (navy 

blue), least protective consortium + rotifers (royal blue), most protective consortium 

(dark purple), and most protective consortium + rotifers (light purple). Although 

many bacterial consortia were tested in this experiment, only the no bacteria, most 

protective consortia, and least protective consortia treatments are shown because 

they are representative of the entire data set. Red circles draw attention to signals 

associated with molecules arising from exposure to bacteria. 

Since 1H NMR spectroscopy was not adequate to detect chemical features unique 

to exometabolomes of algal cultures with the most protective bacterial consortia, LCMS 

was used to further characterize these extracts. Two samples (one strongly protective and 

one moderately protective algal-bacterial culture conditioned media extract) were chosen 

for the initial method development using C18 reversed phase LC and neither of these 

samples were from cultures that contained rotifers. While chromatograms for both samples 

each had a few broad peaks, distinct metabolites eluted early (~2 min) and mass spectra for 
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the labeled peaks (A and B) revealed more distinct chemical features (red circles) for the 

strongly protective algal-bacterial culture conditioned media extract (Fig. 3.5). As 

expected, MS spectra contained a greater number of spectral features, however the majority 

were present in all samples, unique features were at intensities comparable to the noise, 

and the most abundant molecules detected were plastics. Features of interest in the strongly 

protective consortium sample include m/z signals 140.9, 167.23, 169.12, and 202.36, and 

in the moderately protective consortium m/z signal 554.84. However, higher sample 

volumes and larger replicate numbers are needed to confirm that these signals are 

reproducible and unique to protective samples. 
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Figure 3.5 a) Liquid chromatography (LC) chromatogram for an algal-bacterial 

(strongly protective) culture conditioned media extract. The mass spectrum for peak 

A (gold outline) shows m/z signals for distinct metabolites (red circles). b) LC 

chromatogram for an algal-bacterial (moderately protective) culture conditioned 

media extract. The mass spectrum for peak A (blue outline) shows m/z signals for 

distinct metabolites (red circles). 

3.3.2 A Comparison of SPE Methods for Extracting Algal Culture Conditioned Media 

To get a broader scope of the types of metabolites present in algal-bacterial culture 

conditioned media, a pilot study was designed to compare culture extracts obtained by 

different SPE methods. M. salina microalgae were cultivated at SNL with Alteromonas 

macleodii bacteria to investigate their potential as a probiotic and determine whether they 
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protect microalgae from rotifer predation. Three different algal culture treatments (algae + 

rotifers, algae + bacteria, and algae + bacteria + rotifers) and a negative control (axenic) 

were monitored approximately every 24 hours by measuring relative fluorescence (Fig. 

3.6). Growing A. macleodii with M. salina microalgae provided neither a probiotic nor 

protective effect; however, unsurprisingly, microalgae grew better in the absence of rotifers 

than microalgae exposed to rotifer predation. We proceeded by focusing on the algae + 

rotifers and algae + bacteria + rotifers samples to determine the best SPE method for 

extracting bacterial metabolites that would allow us to distinguish between cultures grown 

with and without bacteria. Since experimental relative fluorescence end point values were 

lower than in previous experiments, larger sample volumes (~95 mL) were extracted using 

three different SPE methods (C8, PPL, and StrataX) that retain molecules spanning a range 

of polarities. 

 

Figure 3.6 Algal growth curves for the M. salina and A. macleodii co-culture 

experiment: Axenic (blue), algae + rotifers (orange), algae + bacteria (grey), and algae 

+ bacteria + rotifers (gold). 
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For LCMS chemical profiling of algae + rotifers and algae + bacteria + rotifers 

conditioned media extracts, positive ionization mode data were acquired using both 

hydrophilic interaction liquid chromatography (HILIC) and reversed phase liquid 

chromatography methods. Principal component analyses for both HILIC and reversed 

phase data sets were performed using the Thermo Scientific Compound Discoverer 

software and showed that samples shared more similarities if they were extracted using the 

same SPE method (Figs. 3.7 and 3.8). For the PCA of MS data acquired using reversed 

phase C18 liquid chromatography (Fig. 3.7), PC 1 explained 67.8% of the variance between 

samples, while PC 2 explained 15.4% of the variance. The corresponding loadings plot 

shows individual molecular masses (gray dots) that contribute to the separation of samples 

in the PCA plot. The samples with the greatest number of associated molecular masses 

were those extracted using StrataX cartridges, followed by C8 and then PPL. Thus, it was 

resolved that in future, we would use StrataX cartridges to extract important 

exometabolome metabolites from conditioned media samples in preparation for reversed 

phase LCMS. 
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Figure 3.7 Top) Principal component analysis (PCA) of reversed phase C18 LCMS 

data acquired for algae + rotifers and algae + bacteria + rotifers conditioned media 

extracts. Three different solid phase extraction (SPE) methods are represented by red 

(C8), blue (PPL), or yellow (StrataX) shapes. Extracts from cultures grown with 

bacteria are represented as squares while those of extracts for cultures grown without 

bacteria are represented as circles. Bottom) Loadings plot where each point 

represents an individual molecular mass with a corresponding retention time. 

For the PCA of MS data acquired using normal phase BEH HILIC (Fig. 3.8), PC 1 
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accounted for 61.2% of the variance between samples and PC 2 accounted for 16.3% of 

the variance. While the loadings plot for the HILIC PCA displayed a similar trend to that 

for the reversed phase analysis, the HILIC chromatography resolved a greater number of 

distinct chemical features for samples extracted using the StrataX cartridges. In addition, a 

greater number of chemical features spread across PC 2 may indicate that in future studies 

these features could be used to distinguish between StrataX extracts for algal cultures 

grown in the presence or absence of bacteria. However, this greater chemical diversity in 

the loadings plot for the normal phase LC-MS analysis should be treated with caution 

because it may be that it corresponds to irrelevant features that Compound Discoverer 

could not successfully filter out of the dataset as in the case for the reversed phase analysis. 

This aside, these results still indicated that we should use StrataX cartridges in preparation 

for BEH HILIC LCMS to ensure that we maximize chemical diversity in our analyses. 

Results from that pilot study indicate that the SPE LCMS pipeline is suitable for 

analyzing algal-bacterial culture conditioned media. While PCA does not suggest that 

either reversed or normal phase liquid chromatography is better for separating molecules 

within each of the extracts, both datasets suggest that StrataX is the best SPE method for 

maximizing chemical diversity. In future studies, additional replicates are needed to 

produce more powerful PCA outcomes to establish whether the SPE LC-MS pipeline 

distinguishes extracts from algal cultures grown with or without bacteria in a statistically 

significant manner. 

In an effort to simplify our metabolomic workflow, we designed and conducted an 

experiment in collaboration with the Systems Mass Spectrometry Core at Georgia Tech to 

determine whether conditioned algal culture media samples could be analyzed directly 
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without the need for an extraction step. HILIC high resolution MS data were acquired in 

both positive and negative ionization modes for three types of conditioned algal culture 

media samples: 1) samples that were never extracted, 2) samples that were extracted using 

SPE, and 3) the flow-through of samples that were extracted using SPE (i.e., compounds 

not retained by SPE). The three SPE methods that were tested in order of most to least non-

polar were C8, PPL, and StrataX. For PCA of both positive and negative ionization mode 

data, samples statistically clustered according to the processing method. An example of 

this is shown in Figure 3.9 with the HILIC positive ionization mode data. In addition, 

within the group of samples that were generated from SPE, samples separated based on the 

three different SPE cartridge types. PC 1 in both the positive and negative ionization mode 

PCA plots separated SPE samples from the non-extracted and flow-through samples, 

indicating that the flow-through may share more features with samples that were never 

extracted. While very few features were associated with the flow-through samples, a large 

number of features were associated with both the non-extracted and SPE extracted samples 

(Fig. 3.9B). Therefore, this experiment suggests that conditioned algal culture media 

samples can be analyzed using LC-MS without prior SPE, however metabolites that are 

more dilute may not be detected.  
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Figure 3.8 Top) Principal component analysis (PCA) of normal phase BEH HILIC 

LCMS data acquired for algae + rotifers and algae + bacteria + rotifers conditioned 

media extracts. Three different solid phase extraction (SPE) methods are represented 

by red (C8), blue (PPL), or yellow (StrataX) shapes. Extracts from cultures grown 

with bacteria are represented as squares while those of extracts for cultures grown 

without bacteria are represented as circles. Bottom) Loadings plot where each point 

represents an individual molecular mass with a corresponding retention time. 
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Figure 3.9 A) Principal component analysis (PCA) for HILIC positive ionization 

mode LCMS data. PC 1 on the x axis and PC 2 on the y axis represent 54.6% and 

15.7% of the variance among samples respectively B) Loadings plot of chemical 

features that correspond with samples in the PCA plot. Each feature is a molecular 

mass with a corresponding retention time and how they group results in the 

separation of treatment groups. 

3.3.3 Anti-rotifer Natural Products from Aquatic Bacterial Isolates 

Previous challenges related to poor reproducibility and low concentration of 

metabolites associated with algal-bacterial consortia paved the way for the design of new 
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experiments focusing on 36 bacterial isolates, each tested separately. SNL isolated these 

bacteria from five unique sources based on observations suggestive of their potential to 

produce protective natural products: bacterial consortia associated with dead rotifers, a live 

rotifer culture, and an outdoor pond at Arizona State University where the algal crop 

survived while algae in nearby ponds did not. At Georgia Tech, to leverage the protective 

potential of these bacteria, a natural product extract library was created from two major 

experiments whereby bacteria were either grown in isolation or in the presence of 

waterborne cues from the rotifer Brachionus manjavacas. Strain numbers used in the 

current report are those provided by Dr. Carolyn Fisher at SNL. We aimed to test the 

overarching hypothesis that individual bacterial strains produce natural products that kill 

rotifers, and the secondary hypothesis that the presence of rotifers induce production of 

anti-rotifer natural products in bacteria.  

For the first experiment, single cultures of each bacterium were generated in marine 

media, lysed with 0.1 mm ceramic beads to ensure cell rupture, and extracted twice with 

ethyl acetate. (Preliminary experiments with additional solvents, such as dichloromethane, 

to extract bacteria produced similar results.) These extracts were then dissolved in dimethyl 

sulfoxide (DMSO) and screened in a rotifer toxicity assay slightly modified from previous 

studies (Kubanek et al., 2007; Snell & Persoone, 1989). Each well in a 24-well plate 

contained 6-8 rotifers, M. salina (850,000 cells mL-1), and 10 µL of treatment or control 

solutions dissolved in DMSO.  Extracts were tested at half-fold of the concentration of the 

original bacterial culture (by volume), a concentration close to the maximum of what is 

realistically achievable for algal raceway pond applications while still higher than 

undetectable levels in previous algal-bacterial co-culture experiments (Fisher et al., 2019). 



 81 

For this initial bacterial extract screening, all treatments and controls were tested in 

triplicate wells (Fig. 3.10). Six of 36 extracts were significantly more toxic to rotifers than 

their corresponding DMSO negative control (p < 0.05), as was the ~0.75 µM rotenone 

positive control (p < 0.05). The toxicity of bacterial extract #10 was comparable to that of 

the rotenone positive control, making it the most promising for future investigation. 

However, bacterial extract #3 was also reasonably toxic, followed by extracts for isolates 

#4, #6, #18, and #26 which all had comparably lower bioactivities. Extracts for bacterial 

isolates #2, #9, #20, and #23 did not result in any notable rotifer mortality, nor did the 

remainder of the 36 bacterial extracts tested (Fig. 3.10). 
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Figure 3.10 24-hour rotifer toxicity assay initial screening results. One graph is shown 

for each 24-well plate assay. Asterisks denote when extracts of bacterial isolates (n = 

3) were significantly more toxic than the corresponding negative control (n = 3; p < 

0.05). The toxicity of the isolate 10 extract was comparable to that of the rotenone 

positive control (~0.75 µM). Of all the extracts generated, isolate 10 was the most 

toxic, followed by isolate #3. 
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Figure 3.10 (continued) 

Given that six bacterial extracts were toxic to rotifers in the intitial screening, the 

corresponding bacterial isolates were recultured (n = 3 independent replicate cultures), and 
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extracted as previously described to reproduce our original findings. Surprisingly, the 

average rotifer mortality observed was below 25% for all treatments, and none were 

significantly different from the marine media extract negative control (p > 0.05) (Fig. 3.11). 

 

Figure 3.11 24-hour rotifer toxicity assay follow-up experiment. Bacterial extracts for 

isolates #3, #4, #6, #10, #18, and #26 were generated in biological triplicate and 

screened for rotifer toxicity in a 24-well plate assay. Previously observed rotifer 

toxicity was not reproducible for any of the bacterial isolates. However, toxicity 

observed for both the rotenone positive control and   marine media extract negative 

control was as expected. 

3.3.4 Sanger and Illumina Next Generation Sequencing to Identify Aquatic Bacterial 

Isolates 

Because of the inabilithy to reproduce some experimental findings, we 

hypothesized that some isolates might not be clonal, and even potentially mixtures of a 

small number of bacterial species, potentially resulting in variable bacterial growth, 

inconsistent metabolite production, and in turn irreproducible rotifer toxicity. In order to 

investigate this, DNA from all 36 bacterial isolates was extracted, amplified, and purified 



 85 

in preparation for several sequencing experiments.  

Illumina next generation (NG) sequencing results for a selective subset of the 36 

bacterial isolates, complemented by previously acquired Sanger sequencing data for all 

samples, provided critical insights about the purity and overall species diversity for bacteria 

that were previously assumed to be clonal isolates. The primers used for 16S rRNA coding 

region amplification (27F and 1492R) for Sanger sequencing capture the whole 16S region 

so in comparing the whole 16S sequences to the V2 subregion of the 16S rRNA coding 

region used for NG sequencing (and given that the reference database used by the 16S 

Metagenomics app in BaseSpace), the classifications derived from the Sanger sequenced 

data are more likely to be accurate to the most basal level. Many of the bacteria have only 

recently been discovered and not been analyzed for secondary metabolism and so their 

potential is above average. Since Sanger sequencing only allows for classification analysis 

of the most abundant DNA sequence in a sample, NG sequencing was essential to 

understanding a sample’s bacterial composition in its entirety. Nine isolates were selected 

for further investigation by NG sequencing based on previous rotifer bioassay experiments 

which suggested they had reasonable potential to serve as biocontrol agents in algal 

cultivation systems (i.e., the six bacteria resulting in statistically significant toxicty to 

rotifers and three additional bacteria that possibly resulted in false negative results). All 

bacterial constituents of each particular sample were quantified relative to each other, and 

further analysis allowed for family, genus, and, in some cases, species level classification 

(Table 3.1).  
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Table 3.1 Validation of strain purity for nine bacterial samples. Sequencing of 16S 

rDNA revealed that four of nine bacterial samples consisted of multiple strains or 

species. The criteria for strain purity used here are as follows: 1) the percent of total 

reads for a single species must be greater than 98.5% and 2) no other single 

classification category may have a percent of total reads greater than 0.2%.  

Classification of 16S rDNA sequences (greater than 0.2% of total reads) from illumina 

Next Generation sequence analysis is synthesized from both Sanger and illumina Next 

Generation sequence comparison with reference libraries NCBI Blast and "RefSeq 

RDP 16S v3 May 2018 DADA2 32 BP" used by illumina in the 16S Metagenomics 

application, respectively. The illumina sequencing was performed on the V2 region of 

the 16S rDNA coding region and does not perfectly predict the classification of the 

bacteria with 100% certainty. This table was created by Nolan Barrett. 

Sample 

ID # 

Pure 

Isolate? 

Genus & 

Species 

Family Subclassification 

Notes 

Environments Secondary 

Metabolites 

known from 

these taxa 

References 

3 Yes Epibacterium 

mobile  

(formerly 

Ruegeria 

mobilis) 

Rhodobacte

raceae 

Roseobacter 

clade 

Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010) 

Tropodithietic 

acid -

tropolone 

with dithiete 

moiety (Gram 

2010) 

(Gram et 

al., 2010; 

Matallana-

Surget et 

al., 2018) 

4 Yes Epibacterium 

mobile  

(formerly 

Ruegeria 

mobilis) 

Rhodobacte

raceae 

Roseobacter 

clade 

Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010) 

Tropodithietic 

acid (Gram 

2010) 

(Gram et 

al., 2010; 

Matallana-

Surget et 

al., 2018) 

6 Yes Epibacterium 

mobile  

(formerly 

Ruegeria 

mobilis) 

Rhodobacte

raceae 

Roseobacter 

clade 

Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010) 

Tropodithietic 

acid (Gram 

2010) 

(Gram et 

al., 2010; 

Matallana-

Surget et 

al., 2018) 

10 Yes Epibacterium 

mobile  

(formerly 

Ruegeria 

mobilis) 

Rhodobacte

raceae 

Roseobacter 

clade 

Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010) 

Tropodithietic 

acid (Gram 

2010) 

(Gram et 

al., 2010; 

Matallana-

Surget et 

al., 2018) 

18 No Pseudomonas 

sp., P. 

kunmingensis, 

Pseudomonas 

sp. 

(JQ762275), 

and 

unclassified 

Rhodobactera

ceae 

Pseudomon

adaceae 

and 

Rhodobacte

raceae 

 
Marine and terrestrial , 

P. kunmingensis is 

from a phosphate mine 

(Xie 2014)  

Quinolines, 

quinolones, 

vareity of 

alkaloids, and 

variety of 

halogenated 

compounds 

(Isnanetyo 

2009) 

(Isnansetyo 

& Kamei, 

2009; Xie 

et al., 2014) 
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Table 3.1 (continued) 

26 No Rheinheimera 

baltica,  R. 

aquimaris, 

Rheinheimera 

sp., and 

unclassified 

Rhodobactera

ceae 

Chromatiac

eae and 

Rhodobacte

raceae 

 
Marine, pelagic 

(Brettar 2002) 

R. baltica, 

glaukothalin 

(Grossart 

2009); R. 

aquimaris, 

antiquroum 

sensing 

diketopiperazi

nes (Sun 

2016) 

(Brettar et 

al., 2002; 

Grossart et 

al., 2009; 

S. Sun et 

al., 2016) 

32 No Paracoccus 

sp. 

(JX126474), 

unclassified 

Rhodobactera

ceae, 

Paenirhodoba

cter 

enshiensis 

(JN797511), 

Roseicitreum 

antarcticum 

(FJ196006), 

Paracoccus 

aquimaris 

(NR_148324.

1), 

Paracoccus 

sp., 

Rheinheimera 

baltica, 

Roseovarius 

pacificus(DQ

120726), 

Ruegeria 

arenilitoris 

(JQ807219), 

Paracoccus 

solventivoran

s 

(AY014175), 

and 

Thalassococc

us halodurans 

(DQ397336) 

Rhodobacte

raceae and 

Chromatiac

eae 

 
P. enshiensis is from 

sewage outlet soil 

(wang 2014), R. 

antarcticum from 

sandy intertidal 

sediment of Antartica 

(Yu 2011). P 

aquimaris from 

seawater (kim 2015), 

R. pacificus from deep 

sea sediment (wang 

2009), P. 

solventivorans (Siller 

1996), T. halodurans 

from marine sponge 

(Lee 2007) 

No secondary 

metabolites 

described for 

most of these 

species.  

(Kim & 

Lee, 2015; 

Lee et al., 

2007; Siller 

et al., 1996; 

B. Wang et 

al., 2009; 

D. Wang et 

al., 2014; 

Yu et al., 

2011) 
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Table 3.1 (continued) 

37 No Epibacterium 

mobile (forme

rly Ruegeria 

mobilis), 

Rheinheimera 

baltica 

Rhodobacte

raceae and 

Chromatiac

eae 

 
Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010); Marine pelagic 

(Brettar 2002) 

E. mobile, 

tropodithietic 

acid (Gram 

2010); R. 

baltica, 

glaukothalin 

(Grossart 

2009) 

(Brettar et 

al., 2002; 

Gram et al., 

2010; 

Grossart et 

al., 2009; 

Matallana-

Surget et 

al., 2018) 

46 Yes Epibacterium 

mobile (forme

rly Ruegeria 

mobilis) 

Rhodobacte

raceae 

Roseobacter 

clade 

Marine coastal pelagic 

(Matallana-Surget et al 

2018); Geographically 

ubiquitous in tropical 

and temperate marine 

envrionments (Gram 

2010) 

Tropodithietic 

acid (Gram 

2010) 

(Gram et 

al., 2010) 

 

From NG sequencing analyses, five of the nine selected samples (i.e., isolates #3, 

#4, #6, #10, and #46) were determined to consist of a single species under the following 

criteria: 1) the percent of total reads for a single species was greater than 98.5% and 2) no 

other single classification category contributed a percent of total reads greater than 0.2%. 

The remaining four of the nine sequenced samples contained a variety of 16S rDNA 

sequences and could not be considered single strains or species. Through integration of NG 

and previously acquired Sanger sequencing data, tentative classifications were made of the 

16S genes associated with each sample. Given these more recent findings, plausible 

alternative reasons for irreproducible bioactivity include, but are not limited to, highly 

variable bacterial growth or the possibility that #10 contains multiple competing strains of 

the same species. Regardless of the cause, the variable bioactivity of sample #10 and other 

pure bioactive isolates remains ellusive. 

Of the nine samples of particular interest, all identified bacterial species are known 

to be found in marine environments, and are thus not likely to have arisen from lab 

contamination but rather from mixed communities and populations within the original 
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bacterial samples. The Rhodobacteraceae family was highly represented especially by 

Epibacterium mobile (formerly Ruegeria mobilis) in the Roseobacter clade but other 

members of this family were also observed (Matallana-Surget et al., 2018).4 Members of 

the families Pseudomonadaceae and Chromatiaceae were also represented, especially in 

samples that were clearly impure. For the remaining 27 cultures, only Sanger sequencing 

data was collected so only the most abundant species within each sample could be 

confirmed and not all of these were classifiable to the species level. The families 

represented by the most abundant 16S rDNA sequences per each sample were 

Rhodobacteraceae, Erythrobacteraceae, Pseudoalteromonadaceae, Flavobacteriaceae, 

Chromatiaceae, Alteromonadaceae, Vibrionaceae, and Pseudomonadaceae (Table 3.2).  

When taken together, most of the 36 bacterial samples contained species belonging 

Rhodobacteraceae followed by Chromatiaceae and Vibrionaceae, with isolate #10 standing 

out as the most interesting due to its confirmed purity (i.e., it is a single species) and 

previously observed exceptional rotifer toxicity which was well above that of extracts 

generated from all other bacterial samples. The microbes in this collection represent a 

diverse group of marine bacterial families with potential to produce bioactive molecules 

relevant for these studies.  
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Table 3.2. The bacterial families represented in the 36 bacterial samples are all found 

in the marine environment and known to produce a wide array of potentially useful 

secondary metabolites. This table was created by Nolan Barrett. 

Bacterial Family Envrionmental 

Range 

Secondary Metabolites 

known for these taxa 

References 

Rhodobacteraceae Both marine and 

non marine 

environments 

Indole derivatives, 

tropone derivatives, 

indigoidine, NRPs 

(Martens et 

al., 2007; 

Pujalte et 

al., 2014; 

Simon et 

al., 2017) 
Erythrobacteraceae Both marine and 

non marine 

environments 

Notable for their 

terpenoids but also 

produce an array of 

compounds in the other 

major biosynthetic 

classes. 

(Cho et al., 

2021; L. Xu 

et al., 2020) 

Pseudoalteromonadaceae Widespread in 

marine 

environment, 

often symbionts 

Wide variety of 

compounds including 

pentabromopseudilin, 

korormycin, thiomarinol 

A, bromo-

alterochromides A and B, 

and tambjamine YP1 

(Bowman, 

2007; Gram 

et al., 2010; 

Ivanova et 

al., 2014) 

Flavobacteriaceae Both marine and 

non marine 

environments 

Wide variety of 

compounds NRPs, 

terpenoids, polyketides, 

alkaloids 

(Gavriilidou 

et al., 2020) 

Chromatiaceae Both marine and 

non marine 

environments, 

including many 

extreme 

envrionments 

Elemental sulfur, 

bacteriochlorophyll, 

carotenoids, vitamin B12, 

poly-beta-

hydroxybutyrate, 

molecular hydrogen 

(Imhoff, 

2014) 

Alteromonadaceae Widespread in 

marine 

environment 

Wide variety of 

compounds including 

thiomarinol, alteramide 

A, quinolone and pyrone 

derivatives 

(Gram et 

al., 2010; 

López-

Pérez & 

Rodriguez-

Valera, 

2014) 
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Table 3.2 (continued) 

Vibrionaceae Widespread in 

marine environment 

Wide variety of 

compounds NRPs, 

terpenoids, polyketides, 

alkaloids 

(Gram et 

al., 2010; 

Mansson 

et al., 

2011) 
Pseudomonadaceae Marine, aquatic, 

terrestrial, and 

pathogens to many 

organisms 

Well known for their 

metabolites for quroum 

sensing but also produce 

phenazine derivatives, 

rhizoxin analogues, cyclic 

lipopeptides, and a new 

class of alkyl-substituted 

aromatic acids, among 

other natural product 

groups. 

(Cousin, 

1999; 

Shahid et 

al., 2018) 

 

3.3.5 Aquatic Bacterial Natural Product Induction in Response to Rotifer Cues 

We had originally hypothesized that ecological challenge from rotifer cues induces 

production of bioactive natural products and that unique metabolites are up-regulated by 

only a select group of bacteria. In total, 111 unique extracts were generated from 36 

bacterial isolates as described in Figure 3.12. To generate the rotifer filtrate, rotifers were 

fed M. salina for 24 hours, carefully filtered from seawater with a sieve, and algae were 

removed via centrifugation. For the algal control treatment, fresh artificial seawater was 

exposed to algae during the feeding period, but never exposed to rotifers. These samples 

were also centrifuged to remove algal cells, and for both the rotifer and algal filtrate 

samples removal of algae was confirmed via microscopy. Live bacterial cultures were 

exposed to chemical cues from the conditioned media of rotifers fed M. salina, conditioned 

media of an M. salina culture, or artificial seawater. Dense cultures were lysed with 

ceramic beads using an OMNI International Bead Ruptor Elite tissue homogenizer and 
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extracted twice with ethyl acetate in glass scintillation vials. Extracts from half of the 

bacterial isolates were screened in the 24-well rotifer toxicity assay following the 

previously described procedure. 

Following the initial screening of induced bacterial extracts from 18 of the 36 

isolates, additional experiments were conducted on a subset of bacterial extracts at higher 

concentrations. Rotifer toxicity bioassays were conducted in 24-well plates over 24 hours 

with 10-12 rotifers per replicate. Rotifers were exposed to these induced extracts (Fig. 3.12) 

at 3x and 6x the concentration that was used in the previously described rotifer toxicity 

bioassays, resulting in concentrations of 1.5-fold and 3-fold the original bacterial culture 

concentration. Rotifers were counted via microscopy 24 hours after bacterial extract 

exposure.  

Extracts from 18 of the bacterial isolates that had been grown in the presence of 

rotifer conditioned media, algal conditioned media, or artificial seawater were screened 

against rotifers in a 24-hour toxicity bioassay. None of the 18 extracts, regardless of the 

conditions in which the bacteria were grown, significantly killed rotifer compared to the 

negative marine media control (Fig. 3.13). The positive and negative controls were 

compared to each other, and treatments from the same bacterial isolate were compared to 

each other and to the positive and negative controls. The rotenone positive control 

significantly induced rotifer mortality compared to all other treatments within each 24-well 

plate experimental setup (n = 3; p < 0.001). The rotifer and algal filtrate-exposed bacterial 

extract in isolate #2 caused greater rotifer mortality than its artificial seawater control 

counterpart (Fig. 3.13) (n = 3; p = 0.024); however, it was not statistically significant from 

the negative control (n = 3; p > 0.05). Overall, there was no evidence that these bacteria 
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produced anti-rotifer compounds either constitutively or when exposed to rotifer and algal 

conditioned media. 

 

Figure 3.12 Induction Experiment. 36 bacterial isolates were grown in the presence 

of rotifer conditioned media, algal conditioned media, or artificial seawater. Induced 

bacteria were lysed with ceramic beads in a tissue homogenizer and extracted by 

liquid-liquid partitioning of the whole culture. Ethyl acetate bacterial extracts were 

screened in a 24-well rotifer toxicity assay. 
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Figure 3.13 24-hour rotifer toxicity assay utilizing induced bacterial extracts 

screening results. One graph is shown for each 24-well plate assay. Asterisks denote 

both the positive control rotenone (~0.75 µM) being significantly more toxic than the 
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marine media extract negative control and when treatments from the same isolate 

were significantly different from one of the other treatments (n = 3; p ≤ 0.05). Of all 

the extracts screened, the only significant difference within a set of isolate treatments 

was the rotifer and algal filtrate exposed bacterial extract in isolate #2 inducing 

greater rotifer mortality than the artificial seawater control counterpart (n = 3; p = 

0.024); however, it was not statistically significant from the negative control (n = 3; p 

> 0.05). (* = p ≤ 0.05; ** p ≤ 0.01; *** = p ≤ 0.001; **** p ≤ 0.0001). 

3.3.6 Testing Higher Concentrations of Bacterial Extracts for Rotifer Mortality 

To determine whether high concentrations of bacterial extracts may induce a higher 

mortality rate in rotifers, a subset of extracts were chosen for future investigation both 

based on bacterial diversity and on the initial bacterial extract screening results from Figure 

3.10. These bacterial isolates were #3 (Epibacterium mobile), #4 (Ruegeria sp.) #9 

(Erythrobacter sp.), #26 (Rheinheimera baltica; impure isolate) and #64 (Vibrio sp.). These 

bacterial isolates were tested at a “low” concentration (3x the concentration of the original 

screening) and a “high” concentration (6x the concentration of the original screening) In 4 

of the 5 isolates, there were no significant differences between any of the treatments and 

the negative marine media control, nor were there any significant differences within the 

three “low” or three “high” treatments or pairwise between the “low” and corresponding 

“high” treatments (Fig. 3.14). The three high concentration treatments from isolate #26 

bacterial extracts did significantly induce rotifer mortality compared to the negative control 

(n = 3; p = 0.0002, 0.020, and 0.0009). However, given the previous inability to reproduce 

isolate #26 results (Figs. 3.10 and 3.11) and isolate #26’s status as an impure culture based 

on next gen Illumina sequencing results, pursuing isolate #26 further raises multiple 

challenges, such as parsing out this polyculture into monocultures and retesting each new 

isolate to traceback to a potentially toxic bacterial strain against rotifers. 
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Figure 3.14 24-hour rotifer toxicity assay utilizing induced bacterial extracts at 

increased concentrations screening results. One graph is shown for each 24-well plate 

assay. Asterisks denote both the positive control rotenone (~0.75 µM) being 

significantly more toxic than the marine media extract negative control and when 

treatments from the same isolate were significantly different from one or the other 

treatments (n = 3; p < 0.05). Extracts were screened at a low (1.5-fold the original 

bacterial culture concentration) or high (3-fold the original bacterial culture 

concentration) concentration. Of all the extracts screened, the only significant 

differences were found in isolate #26, where the high concentrations of all 3 

treatments were statistically different than the negative marine media control (n = 3, 

p values notes on graph). (* = p ≤ 0.05; ** p ≤ 0.01; *** = p ≤ 0.001; **** p ≤ 0.0001). 
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3.3.7 Natural Products from Aquatic Bacterial Isolates for Controlling Phagotrophic 

Algae 

The phagotrophic alga Poterioochromonas malhamensis is a known pest of lipid-

rich Chlorella species cultivated for biofuel which is why it was selected as a model for 

screening bacterial extracts against unwanted algal pests (Ma et al., 2018). It was 

hypothesized that some of the 36 aquatic bacteria produce natural products that suppress 

growth of phagotrophic algae and that some are induced only after exposure to the 

phagotrophic alga. Therefore, similarly to the experimental design described for the 

induction experiment targeting rotifers, all 36 bacterial isolates were cultured in the 

presence of pest cues from lysed P. malhamensis algal cells in an effort to activate 

interesting metabolite production and in turn induce bioactivity. An algal growth inhibition 

assay was developed to screen for bacterial extracts bioactive against P. malhamensis (Fig. 

3.15).  

 

Figure 3.15 Phagotrophic alga Poterioochromonas malhamensis bioassay. Algae were 

enumerated using a FlowCam and exposed to chemical extracts in 10 mL culture 

tubes. Cells will be counted with a FlowCam before and after exposure to determine 

bioactivity. 
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3.3.8 Generation of Bacterial Extracts to Screen for Anti-phagotrophic alga Activity 

I. Bacterial extract generation 

IA. Bacterial cell extract generation  

Bacterial cultures were grown 35 ppt marine media for 24 or 48 hours depending 

on the growth rate of the isolate at 21 °C in a 12/12 light dark cycle (n = 3). Optical density 

measurements were recorded to standardize the inoculum concentration for the bacterial 

induction experiments. A new set of bacterial cultures were inoculated from previous 

cultures and were exposed to P. malhamensis cell lysate to induce the production of 

bioactive secondary metabolites by the bacteria against P. malhamensis (n = 3). A second 

set of bacterial cultures were grown without exposure to P. malhamensis cell lysate to 

determine whether induced bacterial extracts impact the growth of P. malhamensis 

differently than non-induced bacterial extracts. All cultures were prepared in biological 

triplicate and incubated under the same conditions as previously described. After 24 or 48 

hours of growth, the bacterial cells were lysed with 0.1 mm ceramic beads using the OMNI 

International Bead Ruptor Elite tissue homogenizer to ensure cell rupture, extracted with 

ethyl acetate (2 x 5 mL), and dried by rotary evaporation. Marine media with and without 

P. malhamensis cell lysate was also extracted following the same procedure to serve as 

controls for the P. malhamensis growth inhibition assays.  

 

IB. Bacterial supernatant extract generation  

Bacterial isolates were grown in the same manner as in IA for the induced and non-

induced treatments, however supernatant extracts were generated using different methods. 

Bacterial cells were pelleted via centrifugation (3000 rpm for 10 minutes) and the 
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supernatant was pipetted off. The supernatant was extracted with ethyl acetate (2 x 5 mL) 

and dried by rotary evaporation. Marine media with and without P. malhamensis cell lysate 

was also extracted following this procedure to serve as controls for the P. malhamensis 

growth inhibition assays. 

 

II. P. malhamensis cell lysate generation 

To prepare P. malhamensis lysate, the alga was grown in freshwater Ochromonas 

medium to early exponential phase (60,000 cells/mL) at 21 °C in a 12/12 light dark cycle. 

This concentration mimics P. malhamensis having a strong presence in an algal pond but 

not yet dominating the community. Cells were pelleted at 3000 rpm for 10 minutes. The 

supernatant was discarded, and the algal cells were rinsed twice with deionized water. The 

cells were resuspended in marine media and lysed with 0.1 mm ceramic beads using the 

OMNI International Bead Ruptor Elite tissue homogenizer to ensure cell rupture. Cell 

debris were removed by centrifugation and this lysate-conditioned  marine media was used 

to culture the previously described bacterial cultures.  

 

III. P. malhamensis growth inhibition bioassays: 

The following growth inhibition bioassay was conducted twice, once for the 

cellular extracts genearted in IA and again for the supernatnat extracts genearted in IB. 

Bacterial and marine media control extracts that represented 5 ml of liquid culture were 

resuspended in 100 µL DMSO and screened for inhibition of P. malhamensis growth 

utilizing a Fluid Imaging FlowCam, an instrument that combines digital imaging, flow 

cytometry, and microscopy, to enumerate cells following exposure to extracts of a subset 
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of bacterial isolates. The goal of these first experiments was to determine whether the 

extract from bacteria that grew exposed to P. malhamensis cell lysate impacted the growth 

of P. malhamensis differently than the extract from bacteria that grew without P. 

malhamensis exposure (i.e., induced vs non-induced). A subset of bacteria was selected 

based on the Sanger sequencing data so that multiple genera were tested. These bacterial 

genera included Rugeria sp., Epibacterium mobile, Rhodobacteraceae, and Paracoccus sp. 

The starting P. malhamensis concentrations were ~30,000 cells/ml. The growth inhibiton 

bioassays took place in 10 ml culturing tubes, and 30 µL of the dissolved bacterial extract 

was added to each test tube in biological triplicate with a total algal culture of 3 ml. The 

final concentration was half-fold the original bacterial culture and equal to the bacterial 

extract concentration used in the rotifer toxicity assays, as this is a concentration close to 

the maximum of what is realistically achievable for algal raceway pond applications while 

still higher than undetectable levels in previous algal-bacterial co-culture experiments 

(Fisher et al., 2019). The cultures were incubated for 72 hours at 22 °C in a 12/12 hour 

light/dark cycle. Cells were enumerated via flow cytometry on the FlowCam using an 80 

µm field of view flow cell and the following settings: 10x objective, autoimage rate of 20 

frames/second, 0.150 ml/minute flow rate, and a particule filter of 2-20 µm . Cells from 

each biological replicate were counted twice and the average of these two counts was used 

to calculate P. malhamensis’ growth rate over 72 hours.  

For the comprehensive screening of all 36 bacterial isolate supernatant extracts 

against P. malhamensis, bacterial extracts were prepared following the protocol in IB for 

the non-induced treatments. Growth inhibition bioassays were conducted as described 
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earlier, but in sets. Groups of three bacterial isolate extracts were paired with one marine 

media control to maintain statistical power. 

No bacterial cellular or supernatant extracts were found to suppress growth of P. 

malhamensis, and exposure of these bacteria to P. malhamensis lysate did not appear to 

induce antimicrobial defenses. Overall, P. malhamensis experienced increased growth 

when cultured with cellular bacterial extracts (Fig. 3.16). There was no statistically 

significant difference between the induced and non-induced treatments for all five of the 

bacterial isolates tested in this experiment (n = 3; p > 0.05). Nor was there a statistically 

significant difference between the two controls or each control, or the induced control and 

the induced treatments, or the non-induced control and the non-induced treatments (Figs. 

3.16 and 3.17).  

For the P. malhamensis cultures exposed to extracted bacterial cells, the greatest 

difference was between non-induced bacterial isolate #6 and the non-induced control, and 

between non-induced #2 and the non-induced control (p = 0.12 and p = 0.13, respectively). 

However, all the induced vs non-induced comparisons were more similar (p > 0.70). There 

was substantial variation between biological replicates (indicated by the error bars in Fig. 

3.16). The exact reason for such variation is unclear. Of the five bacterial isolates tested, 

isolate #32 was found to be a mixture of multiple genera (Table 3.1), and thus the lack of 

consistency among biological replicates may have been due to different strain assemblages 

in the culture. Isolate #2 did not undergo next generation (NG) Illumina sequencing and 

potentially was a polyculture. Bacterial isolates #4, #6, and #10 were found to be clonal by 

next gen sequencing. Extracting whole-cell bacterial cultures likely created nutrient-rich 

extracts, which increased overall growth in P. malhamensis compared to the controls that 
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did not contain these bacterially derived nutrients. For this set of experiments, optical 

density measurements were not acquired for the bacterial cultures prior to extraction. 

Despite being inoculated with the same concentration of starter culture and strategically 

randomized in the incubator (Methods IA), the possibility exists that the biological 

replicates varied somewhat in initial cell density, compounding the variation in the 

nutrient-rich extract to which P. malhamensis was exposed. 

 

Figure 3.16 72-hour P. malhamensis growth inhibition assay initial screening results 

from the bacterial cellular extract induced verses non-induced experiment. Bacterial 

isolates (#2, #4, #6, #10, #32) were cultured in the presence (induced) and absence 

(non-induced) of P. malhamensis lysate to produce bacterial cell extracts 

corresponding to each isolate. P. malhamensis was grown exposed to these bacterial 

extracts, and growth rate was determined via flow cytometry. Induced and non-

induced samples from the same isolate were compared to each other, and all non-

induced samples were compared to the non-induced control while all induced samples 

were compared to the induced control. The two controls were compared to each other. 

There was no statistical significance between any of these comparisons (n = 3; p > 

0.05). The greatest difference was between non-induced #6 and the noninduced 

control and non-induced #2 and the non-induced control (p = 0.12 and p = 0.13, 

respectively). However, all the induced vs non-induced comparisons were more 

similar (p > 0.70). Data acquisition and analysis were performed by Gabriella Chebli. 
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Nutrient stimulation from bacterial cell extracts may have overpowered inhibitory 

effects of bacterially derived natural products. To test this hypothesis, the induction 

experiment was repeated with supernatant extracts, rather than whole culture extracts, 

using the same bacterial isolates (Method 1B, Fig. 3.17). Overall, there was less variation 

among biological replicates and less growth enhancement among the treatments compared 

to both controls compared to the growth inhibition assay conducted with bacterial cell 

extracts (Figs. 3.16 and 3.17). The same comparisons were made as before: induced and 

non-induced isolates were compared to each other, and the induced treatments were 

compared to the induced control while the non-induced treatments were compared to the 

non-induced control. The only statistically significant outcome was the slight stimulation 

of P. malhamensis by induced isolate #2 treatment versus the relevant media control (n = 

3; p = 0.038). There was no statistical significance among the other comparisons (n = 3; p 

= 0.12 - 0.89) (Fig. 3.17). The more uniform growth rates between biological replicates 

and bacterial supernatant extract treatments and controls supports that whole cell bacterial 

extracts stimulated P. malhamensis growth in the earlier experiment (Figs. 3.16 and 3.17). 

Exposure of bacteria to P. malhamensis cell lysate did not induce the production of anti-

algal natural products, nor was there any evidence that these bacterial isolates produce anti-

algal natural products constitutively. This subset of bacteria tested represents multiple 

genera within the bacterial consortium (Methods III), all of which are present at least once 

more in the other 32 bacterial isolates to be tested. The induced treatments did not decrease 

P. malhamensis growth compared to their non-induced counterparts or the controls and, 

compared to the controls, at times increased P. malhamensis growth. Considering these 

results, supernatant extracts were generated for the remaining bacterial isolates, and these 
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were screened against P. malhamensis without the induction portion of these previous two 

experiments. 

 

Figure 3.17 72-hour P. malhamensis growth inhibition assay initial screening results 

from the bacterial supernatant extract induced verses non-induced experiment. 

Bacterial isolates (#2, #4, #10, #32) were cultured in the presence (induced) and 

absence (non-induced) of P. malhamensis lysate to produce bacterial supernatant 

extracts corresponding to each isolate. P. malhamensis was grown exposed to these 

bacterial extracts, and growth rate was determined via flow cytometry. Induced and 

non-induced samples from the same isolate were compared to each other, and all non-

induced samples were compared to the non-induced control while all induced samples 

were compared to the induced control. The two controls were compared to each other. 

The only statistically significant comparison was between the induced isolate #2 

treatment and its respective control (n = 3; p = 0.038). There was no statistical 

significance between the other comparisons (n = 3; p = 0.12 to 0.89). Data acquisition 

and analysis were performed by Gabriella Chebli. 

The supernatant extracts from 36 bacterial isolates were screened against P. 

malhamensis with most bacterial isolates having no impact over the growth rate of P. 

malhamensis (Fig. 3.18). Isolates #59, #61, and #62 increased P. malhamensis growth rate 

(n = 3 each; p = 0.022, 0.0019, 0.0031, respectively) compared to marine media extract 

controls. These three bacterial isolates did not undergo NG Illumina sequencing, and thus 
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their identity as a monoculture or polyculture is unclear. Sanger sequencing data indicates 

the genera Ruegeria sp. (#59 and #61) and Vibrio sp. (#62) were most prominent in the 

samples of these bacterial cultures analyzed for sequencing. It is possible that these strains, 

and the other strains showing no significant impact, do not produce algicidal metabolites 

impacting P. malhamensis growth. It is also possible that due to most of the cultures not 

being pure, a single strain that potentially produced inhibitory compounds did not 

adequately dominate the bacterial community to inhibit P. malhamensis. Most 

interestingly, bacterial isolates #26 and #63 decreased growth of P. malhamensis (n = 3 

each; p = 0.0022, 0.042, respectively) (Fig. 3.18), with #26 likely including the bacterial 

genus Rheinheimera sp. and #63 Vibrio sp. Vibrio spp. are a especially common marine 

bacteria, and it is not surprising that one species may enhance algal growth rate, and another 

from the same genus may slightly inhibit algal growth rate (Natrah et al., 2014). Studying 

these bacterial isolates further would likely include multiple challenges due to isolate #26 

being an impure culture and the likelihood that the other isolates of interest—including 

isolate #63 which was not sequenced using Illumina NG sequencing— are also 

polycultures, given the irreproducible results observed in the rotifer toxicity bioassays. 

Additionally, few studies have investigated the natural microbiome of P. malhamensis, 

especially with regards to the specific genera in this study, perhaps due to the disconnect 

in habitats between this freshwater alga and these marine-derived bacteria. Nevertheless, 

these results and this study provide insight into the potential of utilizing bacterially derived 

metabolites to inhibit the growth rate of certain algal species or in the opposite case, 

increasing the growth rate of potentially beneficial algal species. 

  



 106 

 

Figure 3.18 72-hour P. malhamensis growth inhibition assay screening results where 

P. malhamensis was exposed to bacterial supernatant from 36 different bacterial 

isolates. P. malhamensis was grown exposed to these bacterial supernatant extracts, 

and growth rate was determined via flow cytometry.  One graph is shown for each 

assay “set,” consisting of three bacterial isolates and one marine media control.  

Asterisks denote when extracts of bacterial isolates (n = 3) had a significantly greater 

impact on growth than the corresponding control (n = 3; p < 0.05 for * and p < 0.01 

for **). Isolates #63 and #26 decreased the growth rate of P. malhamensis compared 

to the marine media control (p = 0.042, 0.0022, respectively), whereas isolates #59, 

#61, and #62 increased P. malhamensis growth rate (p = 0.022, 0.0019, 0.0031, 

respectively). Data acquisition and analysis were performed by Gabriella Chebli. 
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3.3.9 Anti-chytrid Natural Products from Aquatic Bacterial Isolates 

The freshwater green alga Haematococcus pluvialis is primarily cultivated in mass 

culture to produce astaxanthin, a commercially valuable antioxidant and dietary 

supplement, however crops are often decimated by chytrid infection (Gutman et al., 2009). 

For this reason, known parasites of H. pluvialis, chytrids JEL0821 Paraphysoderma 

sederbokerensis and JEL0842 Rhizophydium sp., were purchased from the Collection of 

Zoosporic Eufungi at the University of Michigan (CZEUM) with the intent of developing 

another bioassay to screen the previously generated bacterial natural product extract 

library. Given the biological and consequent chemical diversity of this bacterial library, it 

was hypothesized that select isolates produce molecules toxic to chytrids.  

To our knowledge, a model chytrid has yet to be isolated from an ecologically 

relevant source for biofuel investigations (i.e., an M. salina algal raceway pond), and while 

the species that were purchased are not known to infect algae cultivated for biofuel, they 

were selected to explore their potential as model organisms. Maintaining liquid cultures of 

both species at Georgia Tech revealed that they grew extremely slowly at all conditions 

used (i.e., liquid PmTG and YPD media, at 23 °C or 30 °C), and even under the growth 

conditions recommended by CZEUM. While P. sederbokerensis grew noticeably faster 

than Rhizophydium sp. in liquid cultures, both species did poorly at 30 °C regardless of the 

media type (i.e., we observed reduced growth and a noticeable increase in cellular debris). 

On average, a 3-5 mL culture took about 3 months to reach a visibly noticeable higher 

density, even after manipulating temperature and nutrient conditions, making both 

organisms poor candidates for a model system exploring bacteria-chytrid interactions for 

the protection of algal biofuels. While a model organism approach assumes that related 
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organisms share fundamental similarities, our efforts to culture these chytrids in the lab 

strongly suggest that these organisms are very specialized, especially with regard to 

morphology and physiology. Therefore, the chytrids selected are not predictive of other 

fungal parasites and are not suited for algal biofuel studies requiring a model organism. 

Given this, the algal biofuel community would strongly benefit from collaborating with 

mycologists to identify a model chytrid for future studies. 

3.4 Conclusions 

Bacterial consortia have useful environmental properties, but mixtures of different 

species are subject to problems associated with lack of reproducibility and low 

concentration of metabolites from any single bacterial constituent within a mixed 

community. Our initial experiments with bacterial consortia did not yield extracts with 

adequate concentrations of compounds to enable robust metabolomics analysis, although 

differences in chemical profiles were observed based on presence or absence of bacteria. 

Bacterial isolates from aquatic environments have the potential to be useful as sources of 

natural products to protect biofuels, for example killing or deterring rotifer grazers. Several 

occurrences of bacterial isolates producing extractable materials that were toxic to rotifers 

were observed, but these were not consistently reproducible even when conditions were 

near-identical. Our bacterial library consisted of some isolates that appeared to represent a 

single species (maybe even a single strain), but also many that were mixtures of two or 

more species. It would be necessary to acquire clonal cultures, for the sake of 

reproducibility and to be able to associate a natural product with its producer bacterial 

strain, in order to better assess the potential of bacteria to protect microalgae against pests 
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found in biofuel ponds. This bacterial library represents diverse taxonomic groups, 

including some taxa that are known secondary metabolite producers and also some rare 

species, creating opportunities for future development. 
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CHAPTER 4. CONCLUSIONS AND FUTURE DIRECTIONS 

The number of chemical cues that mediate interactions in biological systems is vast, 

yet the identities of the majority of these molecules remain unknown. Commendable efforts 

made by chemists and ecologists have resulted in the discovery of many cues essential for 

various purposes including, but not limited to, defense, finding food, avoiding predation, 

and choosing a mate. This thesis explores chemical cues that mediate predator-prey 

interactions for two distinct marine systems: oyster reefs and algal biofuel ponds. 

Cues used by marine prey for assessment of predation risk must be waterborne, but 

inorganic salts in seawater present unique challenges for isolation and compound 

identification. New approaches are still needed to overcome the presence of salts which 

interfere with preferred analytical methods (i.e., mass spectrometry and 1H NMR 

spectroscopy). As chapter 3 focused on algal exometabolomes, a thorough exploration of 

cue isolation from seawater was conducted to assess different extraction methods for 

compatibility with a metabolomics workflow. However, results revealed that downstream 

spectroscopic analyses were biased by these different sample preparation methods, 

indicating that multiple complementary sample preparation methods are needed to capture 

the full chemical richness of a biological sample which will later be related back to 

biological activity. Chapters 1 and 2 circumvented the problem of salts, by acquiring 

biological fluids directly from their source, a strategy which should be implemented when 

possible to facilitate cue isolation and identification . While urine may seem like an obvious 

choice for metabolomics analysis, other biological fluids such as blood and hemolymph 

should be explored for potential kairomones as molecules exuded from injury are clearly 
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related to predation risk.  

Determining the source of a cue is comparatively less challenging than solving the 

structures of specific molecules, with the majority of metabolomics studies annotating only 

a small fraction of an organism’s metabolome. As spectroscopic instrumentation continues 

to improve in sensitivity and resolution alongside development of sophisticated statistical 

tools, more reliable biomarkers can be identified for non-model systems, and perhaps be 

used to establish new model systems for ecological studies. Continual interest in 

development of metabolomics tools is essential for the discovery of important chemical 

cues in diverse ecological systems. However, it is critical that the field continue to 

standardize methods to ensure best practices and reproducibility. As is demonstrated in 

chapter 3, machine learning and robust statistics will be critical for generating models from 

spectral features (i.e., cue blends) that are the most predictive of biological phenomena.  

In the context of the chemical ecology of predation risk, the results of this thesis 

emphasize that cues are often complex blends that elicit nuanced biological responses from 

different species. While measured effects (e.g., oyster shell strengthening and mud crab 

foraging suppression) are often subtle, they have the potential for large scale non-

consumptive effects at the community and ecosystem levels. More specifically, the 

successful utilization of chemical cues by prey to assess risk and avoid predation results in 

notable ecosystem changes. A systems biology approach would be ideal for exploring these 

systems more holistically, prioritizing identification of sensory receptors used for detection 

of chemical cues by non-model species. Understanding of the molecular and cellular 

mechanisms required for chemical detection can be facilitated by genome sequencing, 

bioinformatics, and development of culturable cell lines for ecologically important species 
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which are often not yet available.  This represents a future avenue for chemical ecology 

research. 

Understanding how chemical cues mediate life processes allows for controlled 

manipulation of biological systems. Various industries including crop cultivation, farming, 

and pest management may leverage chemical cues as tools to obtain a preferred outcome 

by improving the survival and reproduction of economically valuable species. For example, 

knowledge of chemical cues that manipulate oyster growth could be used to improve oyster 

farming or reef restoration projects by increasing their survival. In the case of microalgal 

crops, knowledge of chemical cues could be used to manipulate and increase the production 

of biofuels or biopharmaceuticals. Hence successes from collaborations between chemists 

and ecologists leading to identification of chemical cues also harbors great potential for 

broader impacts in conservation biology and development of clean energy. 
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APPENDIX A. SUPPLEMENTARY FIGURES AND TABLES FOR 

CHAPTER 1 

 

Figure A1 A simple linear regression of the average spat size and crushing force per 

replicate in the predator water (A) and seawater (B) treatments from 2020 predator 

cue bioassay experiment. The relationship between size and crushing force follows a 

significantly positive linear relationship for both the positive and negative controls 

(PW, P = 0.01 and SW, P = 0.02), indicating that stronger individuals often have a 

larger shell. Because of this evidence for a linear relationship, we use standardized 

crushing force (crushing force/size) to report changes in shell strength from our series 

of experiments. 

Table A1 pH and salinity values recorded with Orion Star ™ A121 Portable pH Meter 

during June – Sept. 2020 bioassay experiments. Values were recorded directly before 

water changes in each aquarium. 

Treatment pH Avg ± SD Salinity Avg ± SD 

Trigonelline 8.35 ± 0.13 21.00 ± 0.53 

Homarine 8.37 ± 0.15 21.03 ± 0.59 

Trigonelline + 

Homarine 
8.37 ± 0.23 21.06 ± 0.53 

Seawater 8.38 ± 0.17 20.83 ± 0.48 

Blue Crab Urine 

(Mud Crab Diet) 
8.33 ± 0.16 20.81 ± 0.49 

Blue Crab Urine 

(Oyster Diet) 
8.33 ± 0.23 20.92 ± 0.53 

Predator Water 8.34 ± 0.19 20.76 ± 0.69 
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Table A2 The number of blue crab individuals making up urine treatment mixtures 

for blue crabs fed an oyster diet and mud crab diet. All blue crabs were between 11-

19 cm size and were fed the appropriate diet for one week before urine extraction 

began. 

Blue Crab Urine 

Replicate  

# of Individuals 

in Mixture 

(Oyster Diet) 

# of Individuals 

in Mixture 

(Mud Crab Diet) 

1 5 6 

2 6 6 

3 12 6 

4 3 4 

5 3 3 

6 4 3 

7 4 3 

8 5 5 

9 5 4 

 

Table A3 Concentrations of homarine and trigonelline for the dose response 

experiment and number of replicates for each dose. Replicates were excluded from 

analysis if they experienced high mortality of oyster spat (less than 6 spat alive). 

Concentrations of homarine and trigonelline for the homarine + trigonelline dose 

response curve are the same as those used for the dose response curves of the 

individual cues. Single asterisks (*) indicate the natural concentration upper limits 

for homarine and trigonelline in blue crab urine (oyster diet). Double asterisks (**) 

indicate that these doses were excluded from additional statistical analyses because 

they exceeded the natural concentration range. 

Homarine Trigonelline 
Homarine + 

Trigonelline  

Concentration 

(µM)  

Replicates Concentration 

(µM)  

Replicates Replicates 

0.85  3 0.24  3  3  

2.7  1 0.74  4  4  

8.5  4 2.4  3  2  

27  3 7.4  3  4  

85* 3 24* 3  4  

270** 4 74 ** 2  3  

850 ** 2 240 ** 4  3  
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Table A4 Concentrations and corresponding volumes of blue crab urine doses used 

in the 2022 urine dose response experiment. Urine was collected and pooled from 22 

crabs that ranged 13 – 18 cm in size and each crab produced 1.31 ± 0.18 mL on 

average. Cue concentration estimates are based on the assumption that in 1 mL of 

blue crab urine, the concentrations of homarine and trigonelline are 13 ± 21 µM and 

3.6 ± 6.9 µM, respectively, as quantified from urine in the 2020 predator cue bioassay. 

Asterisks (*) indicate that urine was diluted to the appropriate concentration (based 

on trigonelline values) and dosed using a 1 mL aliquot volume. 

Homarine (µM) Trigonelline (µM) Urine Volume (mL) 

65.00 23 5 

16.25 5.75 1.25 

4.06 1.44 0.313* 

1.02 0.36 0.078* 

0.25 0.09 0.020* 

0.06 0.02 0.005* 

0.02 0.01 0.001* 

0.004 0.001 0.0003* 
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