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SUMMARY

Hydrogels are water-swellable cross-linked polymeric networks that are capable
of incorporating a variety of functionalities and responsivities. The stable colloidal form
of a hydrogel is known as a microgel and ranges in size from the nano- to the micrometer
scale. Microgels can exhibit similar properties to hydrogels, but the colloidal size of the
microgel creates differences in their responsive behavior, such as faster reaction kinetics,
as compared to their macrogel counterpart. Microgels have been explored for a broad
range of applications, either as individual entities or within large scale assemblies.
Although these materials have shown a great deal of utility, microgels have also
demonstrated a great deal of complexity due to the fact that they exhibit both polymeric
and colloidal properties. This so-called polymer/colloid duality creates intricacies in
characterizing the behavior of these materials, especially when coupled with an
oppositely charged component within multilayered assemblies.

In this dissertation, work is focused primarily on building a greater fundamental
understanding of microgels and their behavior within large scale assemblies. This is done
through the development of new characterization techniques, or through a direct
visualization of the interactions of microgels with their surrounding environment, which
includes their interaction with an oppositely charged species. From a more developed
fundamental understanding of these materials, a greater grasp of their utility can be
realized. In Chapter 1, the background of hydrogels and microgels is given and current
characterization techniques and applications are outlined. This fundamental

understanding of microgel synthesis is used to create hollow microgels with varied

XXii



topology (Chapter 2) and uncharged or deuterated microgels in a controlled manner
(Appendix B).

A method for characterizing individual microgels is presented in Appendix A,
wherein the creation of glass nanopore membranes is described. The use of these pores
in conjunction with resistive pulse analysis is presented as a potential method for
unveiling the properties of individual microgels. An additional method for characterizing
individual microgels is discussed in Chapter 3, in which the surface charge is probed in
conjunction with the topography of individual microgels. From this, the effect of various
solvent conditions on microgel deposition is proposed, and results suggest complex
interactions between the microgel and a linear polyelectrolyte.

Chapter 4 uses optical techniques to explore this multifaceted interaction
between the microgel and a linear polyelectrolyte revealing a close relationship between
microgel packing during deposition and short-range redistribution of polyelectrolyte.
The long-range behavior of a polyelectrolyte was then explored across the depth of a
microgel multilayer film (Chapter 5), and the diffusivity and exchange behavior of the
polyelectrolyte was analyzed. From this, an intricate interaction of the two components
is suggested and discussed. In Chapter 7 additional experiments are proposed to
continue building on this fundamental understanding of the complex interactions within
microgel assemblies, as well as suggest relevant directions for each of the prior chapters.
As a whole, this work serves to show the complexity of microgels, whether individual or
within an assembly, and the methods or tools available for developing a more robust

understanding of these materials. Through a more robust understanding, a more
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developed understanding of the applications or complex behavior of microgels and

microgel assemblies can be understood.
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CHAPTER 1

INTRODUCTION

Portions adapted from:
Spears, M. W.; Herman, E. S.; Gaulding, J. C.; Lyon, L. A., Dynamic Materials from

Microgel Multilayers. Langmuir. 2014, 30, 6314-6323.

1.1. Polymer Thin Films

Coatings, or films, are an extremely broad class of materials that encompass a
large area of study. The use of coatings dates back as far as human existence, with early
examples of coatings prevailing within cave paintings which served as one of the first
means of art and communication.>? Since these early examples of coatings, an industry
surrounding coatings has been cultivated and continues to mature and expand. The
interest in coatings lies in the wide range of applications, from the everyday (i.e. paints,
paper, surface protection, insulation); to biological (i.e. drug delivery, tissue engineering,
antimicrobial). As broad as the available applications of thin film coatings, the list of
available materials for such films is increasing continually. Within this field, polymeric
materials continue to grow in interest due to their numerous capabilities, such as
adaptability to environments, conversion of biochemical and chemical signals, and
incorporation of responsivity>* to name a few.

A prominent method for the formation of polymeric thin films is known broadly
as self-assembly. The appeal of this technique lies in the ability to deposit a single
molecular layer onto a substrate from which an ordered multilayer film can be created.”

The first notable method that employed self-assembly was developed in the 1930’s and is



known as the Langmuir-Blodgett technique.®” Films produced through the Langmuir-
Blodgett technique were first shown conceptually when a monomolecular oil film was
deposited onto a substrate by dipping the substrate into a water solution containing the oil
at the surface.® Although this technique seemed ideal for the quick formation of thin
films, it tended to produce films that were limited in terms of film quality, stability and
versatility.> Because of this, techniques that improved upon these limitations were
desired.

One such technique is known as Layer-by-Layer (LbL) deposition. The LbL
deposition technique allows for the alternating deposition of building blocks to form
multilayer thin films.2 This can be done through a variety of driving forces, from
hydrogen bonding® to charge transfer interactions.’® However, the most predominant
method for LbL deposition is Coulombically-driven assembly due to its ability to
incorporate most charged species. This method was initially investigated by ller et al. in
1964.M It was later expanded upon and popularized by the Decher group in 1992 when
the ease of use and versatility of the technique were brought to light.* In this first
example, a positively charged substrate was dipped into a solution of negatively charged
species, thereby decorating the surface and resulting in charge reversal. Subsequent
immersion into a solution of positively charged species resulted in the adsorption and
concomitant charge reversal, returning the film surface to the original positive charge.
This process can be repeated until the desired thickness or number of alternating layers is
achieved.” The technique offers a simple and versatile method for building thin films that
can theoretically be composed of any oppositely charged pairs. The approach has been

employed for films composed of more than 100 layers without compromising stability.*®



An expansive body of work has focused on studying the use of polyelectrolytes
and other charged species in Coulombically-driven assembly since the early work of
Decher et al. From this, a deeper and more enriched understanding of thin film assembly
and growth has been developed. Initially it was believed that multilayer films created
through Coulombically-driven LbL assembly always grew linearly, with the same
amount of polymer (or thickness) being added in each step. However, continued efforts
with polyelectrolytes led to the production of multilayer films exhibiting exponential
growth,**** revealing a previously unrealized complexity in polyelectrolyte multilayer
film growth. In this case, non-linear growth behavior was attributed to the mobility of
one or both polyelectrolytes involved in film formation, which allows for the diffusion of
polyelectrolytes “in” and “out” of the film as each layer is added.™'®*” Film composed

1819 or hard spheres®®?!, have also shown

with other charged components, such as proteins
complex growth behavior. However, in this case the non-linear growth behavior is
attributed to changes in environmental conditions that alter the homogeneity of multilayer
film assembly. An understanding of this homogenous growth behavior will not be
discussed in this chapter, but the large body of work surrounding homogeneous film

growth will be described in more detail within this thesis, particularly as it relates to the

supramolecular assembly of charged microgels.

1.2. Hydrogels
Hydrogels are cross-linked networks of hydrophilic polymers capable of swelling
and holding large quantities of solvent.?*?** These solvent swollen networks are
attractive for a variety of applications due to their capacity to act as reservoirs for drug

loading® as well as their ability to incorporate biocompatibility?® and responsivity.?



Hydrogels have been of particular interest within the realm of biomedical applications,®
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such as drug delivery, cell encapsulation,?’ and tissue engineering,?® with particular

interest lying in the incorporation of responsivity for the production of “smart”
hydrogels. %%

Responsive gel networks were first shown in 1949 by Katchalsky, who showed
swelling or de-swelling of a gel network consisting of cross-linked polyelectrolytes in
response to pH changes.®* However, the utility of water swollen hydrogel networks in
biomedical applications wasn’t realized until 1960. In this year, Wichterle, proposed the
use of water swollen networks in place of plastics to solve the (then current)
biocompatibility issue.* He proposed that by using water swollen cross-linked networks,
issues such as mechanical irritation and tumorous growth would be alleviated, and from
this foundational work the soft contact lens was created. Although the work of Wichterle
did not incorporate responsivity, his work became a foundation for the development of
many of the responsive hydrogel systems available currently.®® Wichterle et al. were able
to outline the necessary features of hydrogel systems for biological application, such as
permission of water, inertness to biological environment, and permeability of
metabolites, which still hold true for the design of biologically friendly materials today.
Research has expanded tremendously from this and now encompasses a large variety of
biologically relevant responsive materials, which are capable of responding to stimuli

such as temperature®, electric signal,*® biomolecules,*® or light*"*

just to name a few.
The responsivity of hydrogels typically takes place in the form of a volume phase
transition. For example, hydrogels with an incorporated thermo-responsive moiety

exhibit a reversible volume phase transition upon heating.?* This phase transition is



related to a polymer phase separation as the network is raised above the lower critical
solution temperature (LCST), or in some special cases cooled below the upper critical
solution temperature (UCST) of the incorporated thermo-responsive polymer.”®*® The
most widely studied thermo-responsive polymer is poly(N-isopropylacrylamide)
(PNIPAM), which exhibits an LCST of 31 °C.*® At lower temperatures hydrogen
bonding between the solvent and the polymer dominate, but at the LCST hydrophobic
interactions become strengthened, resulting in water expulsion and a coil to globule
transition.” When this transition takes place in a cross-linked network, this is commonly

known as the volume phase transition temperature (VPTT).*

1.3. Microgels
Colloidally-stable hydrogels ranging from nano- to several micrometers in size
are typically referred to as microgels.*> Microgels hold similar characteristics to

macroscopic hydrogels, such as a VPTT near the LCST of the polymer,*®

and ability to
incorporate various types of responsivity.****®> These characteristics coupled with the
size range of microgels makes them a particularly attractive class of materials. For
example, the available colloidal size range of microgels makes them ideal for

encapsulation and delivery of therapeutics,*®*’

and their versatility allows for the design
of advanced architectures for a variety of applications.”® Responsive microgels can also
be incorporated into macroscopic assemblies*® which can hold the properties of the
microscopic building blocks.>® The remainder of this chapter will focus on the design

and characterization of microgels, as well as their incorporation and utilization within

larger scale assemblies.



1.3.1. Microgel Synthesis

There are a variety of methods that have been employed for the synthesis of
microgels, such as emulsion polymerization,® photolithographic and micromolding
methods, > microfluidic preparation,®® and controlled living polymerization.”* The
method used throughout this work takes advantage of the thermo-responsive properties of
pNIPAM or poly(N-isopropylmethacrylamide) (pNIPMAmMm), and is known as free radical
precipitation polymerization. First reported in 1986 by Pelton,* this facile method
allows for the creation of monodisperse thermo-responsive microgel particles. For this,
the monomer (NIPAm or NIPMAm, for example), co-monomers (such as acrylic acid
(AAC), if desired) and cross-linker (such as N,N’-methylenebisacrylamide (BIS)) are
dissolved in distilled deionized water, heated to approximately 70 °C (above the LCST of
the polymer) and purged with nitrogen to remove oxygen. A radical initiator is then
added to the solution, commonly ammonium persulfate (APS) or potassium persulfate
(KPS). The heightened temperature allows for the thermal decomposition of the initiator
to sulfate radicals and polymer chain growth begins. Once the growth of the polymer
chain reaches a critical length, it collapses into a precursor particle.*®* This precursor
particle can then continue growth through collapse onto an existing particle, through
monomer capture, or aggregation with other precursor particles.** Polymerization and
growth will continue until the particle reaches a colloidally stable size, at which point the
final microgel is formed.”®* The size and monodispersity of microgel particles formed
through precipitation polymerization can be controlled by changing the concentrations of
initiator and surfactant,® or ramping the temperature used during polymerization, which

has been shown to create larger microgels.>” The synthesis of microgels is shown



schematically in Scheme 1.1. Included in this schematic is the surfactant sodium dodecyl
sulfate (SDS), a commonly used surfactant for particle stabilization during precipitation

polymerization.

:\? SDS
/ENT/ <NH 0 oH 70 °C /__/ - A@ - @ .
NH _— i
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NIPAM } H,0 g Particle Particle Microgel
BIS

Scheme 1.1. Scheme showing the production of pNIPam-AAc microgels containing the
cross-linker BIS through free-radical precipitation.

Precipitation polymerization not only allows (via co-polymerization) for the
incorporation of various responsive moieties such as pH>**° or degradability,’®* but also
allows for the formation of multi-compartment microgels, such as core/shell®*®® through
a seeded precipitation polymerization method. This was first shown in 2000 by Jones et
al. when core/shell microgels were synthesized with an incorporated pH responsive co-
monomer, AAc, within the core.®® For this method, core particles synthesized through
precipitation polymerization as described above are used as templates for the production
of a microgel shell. This is done by heating a solution of purified core particles and the
shell monomer and cross-linkers above the LCST of the thermo-responsive component
(typically 70 °C) while purging with nitrogen. Surfactant is also typically used to
stabilize the polymerization. The initiator is then added and chain growth begins. Once
oligomeric growth reaches a critical point, the shell precursor particle collapses onto the
core particle. The shell will grow on the core template until the shell monomer and
cross-linker is exhausted or until the solution is cooled. The resultant core/shell structure

can contain a diverse array of responsivity and since the initial work of Jones et al.



advanced architectures have been created,* such as core/ double shell* or hollow
microgels, wherein a degradable component is incorporated into the core.®® Chapter 2
will discuss the utilization of this seeded precipitation polymerization technique for the
formation of more robust hollow microgels for potential efficacy as drug delivery

vehicles.

1.3.2. Characterization

Several techniques will be used throughout this thesis to analyze and characterize
microgels and microgel assemblies. In this section, a general overview of the techniques
will be given in order to set the stage for subsequent chapters which will give detailed
information about microgel and microgel assemblies as characterized by dynamic light
scattering (DLS), atomic force microscopy (AFM) and optical microscopy techniques.

1.3.2.1. Dynamic Light Scattering (DLS)

In a dilute solution of particles, the movement of individual particles can be
described as a 3D random walk (also known as Brownian motion), which is described by
a diffusion coefficient.*! This diffusion coefficient, D, can be used to gain size
information about particles in solution through the Stokes-Einstein equation:

. kT Equation 1.1.
h 6tnD

Where k, T, and n are Boltzmann‘s constant, temperature in kelvin, and viscosity of the
solvent, respectively.

DLS is a technique used to determine the diffusion coefficient, and therefore size,
of a particle in solution. First, a dilute solution of particles is hit with a monochromatic
laser light. This light is then scattered from the particles in all directions, a phenomenon

known as Rayleigh scattering. The light intensity fluctuations from the particles in

8



solution are recorded over time at a specific detector angle. For the work shown within
this angle is 90°. An autocorrelation function is then used to plot the average change in
light intensity over time as a function of delay time (t). A cumulant fit, which assumes a
single exponential decay, is then used to determine the time constant (k) associated with
the autocorrelation function, and this is then used to determine the diffusion coefficient
(D):

1 Equation 1.2.
2Dg?

K =
Here, q is the wave vector, which is dependent on the scattering angle. Once the
diffusion coefficient is known, the Stokes-Einstein equation (Equation 1.1.) can be used
to determine the hydrodynamic radius (ry) of the particle. Taking these two equations
together, we see that the time-dependent intensity fluctuations are directly correlated to
the diffusion of the particle in solution (Equation 1.2.) and the ry, is inversely related to
the diffusion coefficient (Equation 1.1.). Because of this, it can be concluded that the
recorded intensity fluctuations are dependent on the size of the particle. Fundamentally,
this means that as the size of the particle increases, the diffusion coefficient will decrease
due to slower movement in solution and therefore the larger the particle, the smaller the
intensity fluctuations. Qualitatively this is exhibited by late decay in the autocorrelation
function. DLS measurements on microgels presented in Chapter 2 were calculated at

various temperatures. This was to determine the ry of the microgels when swollen and

deswollen or below and above their characteristic VPTT, respectively.



1.3.2.2. Atomic Force Microscopy (AFM)

AFM is a common method for gaining topographical information of surfaces.
AFM was first designed as an improved method of imaging over scanning tunneling
microscopy (STM). Although STM was a technique that grew in success in a very short
time frame, and won the inventors a Nobel Prize in 1986, it was limited to samples that
were conductive.®** AFM was developed, and is used as a standard imaging technique
today, in order to gain topographical information of surfaces on a small scale (down to 1
nm) without the limitations presented with STM. This means that samples can be soft or
hard, and can be imaged in-liquid,®® in-air and in some cases under vacuum.®’ This
technique is also beneficial over other microscopy techniques, such as scanning electron
microscopy (SEM) or tunneling electron microscopy (TEM), because AFM samples do
not need to be conductive, coated, or stained in any way, minimizing the necessary

sample preparation.

Light Source
&

Position Sensitive Detector

Unrestricted Optical Access from Below the Sample Plane
Scheme 1.2. A generalized set-up of AFM optical lever detection. A laser light is
reflected from the cantilever and recorded by a position-sensitive detector. Image taken
from Asylum Research.®

The general set-up of AFM can be seen in Scheme 1.2. A sharp tip attached to a

flexible cantilever is scanned across a sample surface. A laser is reflected from the back
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of the cantilever and into a position-sensitive photodiode detector, which records small
changes in the deflection of the cantilever as it is introduced to surface features. In
response, small directional changes are achieved using piezo-electric material located in
the AFM stage (X,y) and the AFM head (z-direction).

In the simplest form, AFM is used in contact mode. For this, the tip is rastered
over the surface and the bending up and down of the tip in response to surface features is
recorded as a topographical map in x,y. Due to the softness of microgels, it is necessary
to use a mode of operation that is less invasive and minimizes the chance of damage to
the surface. Typically, soft materials are imaged through an intermittent contact mode
known as “tapping” mode, wherein a tip is oscillated near its resonant frequency. Instead
of being in constant contact, the tip is tapped over the sample, intermittently coming into
contact with the soft surface. For this mode, amplitude modulation (AM) is used with the
z-piezo scanner to maintain a constant amplitude and this information is used to generate
a topographical mapping of the surface.®’

The use of more advanced imaging techniques is also of interest for characterizing
different microgel constructs. For example, in-liquid AFM has been shown to be a useful
technique for monitoring the degradation of microgels in solution.?®® Another advanced
technique that will be discussed in detail in Chapter 3 is kelvin probe force microscopy
(KPFM), which measures potential differences between a surface and the tip thereby
mapping the surface potential of the sample.®® This is done by using a conductive AFM
tip, which upon exposure to an alternating current (AC) bias, will tap the surface of the
sample. The big difference between AFM and KPFM is the way in which the tip is

driven. There is no mechanically induced drive and the oscillation of the tip is
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completely dictated by an electrical bias that is added to the system. Since the mode with
which the tip is being oscillated differs, the feedback loop used to compensate for
deflections of the tip will also differ. Whereas in AC tapping mode the amplitude is
adjusted to compensate for surface interactions, in KPFM a direct current (DC) voltage is
added to maintain the electrically-driven tip. The detailed potential information given
from this feedback loop is recorded in conjunction with the topographical information
through a two pass technique wherein the first pass is done in AC mode using a piezo-
electrically driven tip in tapping mode to gain topological information, and on second
pass the tip is raised above the surface (nap mode) and is driven electrically to record
potential information. Although traditionally used to gain insight into conductive
surfaces, this technique has shown promising results for non-conductive materials
deposited onto a conductive substrate.””’* More detailed information regarding the
fundamentals of KPFM will be discussed in Chapter 3 and its application for mapping
charge distribution in microgels and microgel assemblies will be presented.

1.3.2.3. Optical Microscopy Techniques

Large portions of Chapter 4 and Chapter 5 will discuss the use of optical
microscopy techniques, such as brightfield, epi-fluorescence and confocal fluorescence
microscopy, for the analysis of polyelectrolyte and microgel behavior on surfaces as well
as microgel/polyelectrolyte behavior within macroscopic structures. These microscopy
techniques are useful for visualizing individual components or macroscopic structures,
and as will be shown in subsequent chapters allowed for a more in-depth analysis of

individual microgel particles and their assemblies.
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Optical microscopy has been in use for many years as a way of directly
visualizing small structures on a surface. In its simplest form, a light microscope is used
to illuminate a sample under magnification and this magnified sample image is recorded
for later analysis, such as particle size. Optical microscopes come in either upright or
inverted, with the main difference being the location of the light source, the condenser
and objective. The latter two are important lens components; the condenser focuses light
on the sample and the objective collects and focuses light from the sample to produce an
image. In an inverted microscope, The light source and condenser are located above the
sample, with the objectives located below, which has been shown to be beneficial for
imaging samples in solution.”” In Chapter 4, an 1X-71 inverted Olympus microscope
was used in conjunction with a charge coupled device (CCD) to image samples using a

40x or 100x objective. An example of an inverted microscope is shown in Figure 1.1.

Condenser
Focusing Knob

Eyepiece

Specimen
Focusing Knob

Figure 1.1. Inverted microscope image.”> The microscope shown is a Zeiss Axio
Observer inverted microscope similar in design to the Olympus I1X-71 inverted
microscope.
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Two sources of illumination are shown in Figure 1.1, and this is due to the fact
that the optical microscope can house a light source for both brightfield and fluorescence.
The light source located at the back of the microscope is filtered to illuminate the sample
at a specific wavelength known as the excitation wavelength (Aex) and collect light at a
wavelength known as the emission wavelength (Aem).”> These excitation and emission
wavelengths are built into filters, which are usually located in a single block below the
objective. These emission and excitation filters can be adjusted for specific fluorophores
that are incorporated into the illuminated sample. The application of this will be shown
for assemblies containing microgels and a fluorescent polyelectrolyte in Chapter 4.

Confocal microscopy is an advanced method of fluorescence microscopy that is
commonly used. Whereas in epi-fluorescence microscopy a sample is imaged without
the ability to obtain depth information, in confocal microscopy point illumination and a
pinhole are used to gain optical resolution in the z-dimension by eliminating out of focus
light. This means that a sample can be imaged at specific depths, known as optical
sectioning, and these sections can be reconstructed to give a 3D profile of a sample.”
First described in 1957 by Marvin Minsky, this technique has grown immensely over the
years because it allows for increased resolution, reduced blurring, improved signal-to-
noise, as well as the aforementioned increased optical resolution in the z-dimension.”
For the studies shown in Chapter 5, a confocal laser scanning microscope (CLSM),
specifically a Zeiss LSM 700, is used with a laser light excitation source. This is a

commonly used type of confocal microscope, which holds all of the advantages listed
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above making it ideal for probing components within the confines of an assembly. This

will be shown for microgel-polyelectrolyte multilayer films in Chapter 5.

1.3.3. Microgels as Building Blocks for Multilayer Thin Films

As stated above, hydrogels and hydrogel microparticles (or microgels) can be
environmentally responsive. However, Tanaka et al. were able to show that the de-
swelling of a gel is diffusion limited, and the swelling rate is inversely proportional to the
square of the gel dimension.”® Therefore, the swelling kinetics of hydrogel materials is
closely related to the size of the material, and it was shown that reducing hydrogel size
resulted in changes in de-swelling behavior in response to stimuli.”""®"® Because of this
size dependence, it is of great interest to create larger assemblies by incorporating
microgels into a bulk assembly. These assemblies could contain responsivity, however
by reducing the size of the responsive hydrogel component, the swelling constraints of
bulk hydrogel systems could be alleviated. This could possibly improve the utilization of
such materials in applications such as drug delivery or biointerfaces, two common
applications of hydrogels.®

In addition, microgel assemblies could be beneficial because response can be
more controllable or the system could possibly respond to multiple stimuli. An example
of this can be seen in the “plum pudding” gel created by Dawson et al., which is
constituted of a gel matrix with embedded responsive microgels. This system showed the
controlled release of two solutes with differing physicochemical properties from two
different microgel types within the same gel matrix.2* More recently, a microgel
assembly was constructed with microgels containing varying degrees of responsive

components. The swelling behavior of these assemblies suggested that independent
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microgel particles can act autonomously to one another.®® This study showed the
potential of controlled bulk hydrogel systems composed through the incorporation of
smaller microgel components and continued efforts within this area are ongoing.

In the Lyon group, we have developed a modified LbL assembly technique for the
incorporation of microgels into larger bulk systems. Because ionizable monomer units
are incorporated during synthesis, microgels are trivially used for the formation of thin
films via Coulombic LbL. As described above, LbL is a versatile technique, which
allows for the formation of multilayered systems from charged species. The formation of
LbL films using environmentally responsive microgels as the polyanion was first shown
in 2003%? using passive deposition. Although the use of nanoparticles in the formation of
LbL films was not in itself a novel idea, the use of soft, porous colloidal particles as
opposed to hard spheres was unique, as was the incorporation of environmental
responsivity within such films. These initial studies of microgel films built using the LbL
technique, although promising, were lacking because the microgels did not deposit in a
homogeneous way and therefore created a “patchy” surface. This was not ideal for the
formation of well-defined films, and an improved deposition technique was desired. The
first approach involved the use of the spin-coating layer-by-layer technique (scLbL)® in
which a specific microgel volume was deposited and rinsed with water and a
polyelectrolyte was deposited in the same fashion, all while the substrate was spinning at
a specific speed. This technique allowed for quicker assembly of more densely packed
films, but the high concentrations and large solution volumes necessary proved to be
materially inefficient. Following this, an “active” deposition technique®* known as

centrifugal deposition was developed to maintain efficiency and reproducibility but also
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to allow for a more economical and efficient use of materials. This technique uses
centrifugation to assemble microgel particles into a monolayer onto substrates in a much
more well-defined, close-packed fashion. The change in packing of the particles on the
surface can be attributed to the added force applied by centrifugal deposition, which
appeared to overcome some particle—particle interactions and decrease the particle
footprint as compared to passive deposition. Tight packing continues as each successive
layer is added, causing a decrease in particle size and what appears to be particle
rearrangement.®* This technique is still employed today for the formation of well-packed

microgel multi-layer films and is diagrammed in Scheme 1.3.
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Scheme 1.3. Anionic microgels are centrifugally deposited onto a silanized substrate and
introduced to a cationic polyelectrolyte; this process is repeated until a desired thickness
is achieved.

1.4. Dynamic Behavior of Microgel Thin Films
Continued work in more recent years with microgel multilayer thin films has
unveiled dynamic behavior. This was first shown for microgel multilayer films upon
damage events. For this, films were built using the centrifugation based LbL technique
as shown above on the elastic substrate polydimethylsiloxane (PDMS). Upon

mechanical deformation of the film from poking, bending, or stretching, the films
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exhibited a noticeable optical change from clear to opaque. These films were then
immersed in deionized water, and upon drying under nitrogen they no longer exhibited
any defect.®*® This self-healing was validated by light microscopy and AFM. It has
also been shown that microgel multilayer films are able to alter cell adhesion.®*®’

Efforts to determine the source of the dynamic behavior of microgel thin films
have focused on probing the behavior of multilayer microgel films during and after
mechanical deformation. The resultant data suggested the healing behavior of microgel
thin films is influenced by the swellability of microgels within the structure.®® Disruption
of the self-healing behavior has also been explored through the incorporation of cross-
linking agents, such as gluteraldehyde or 1-ethyl-3-(3-dimethylaminopropyl)
carbodiimide (EDC) coupling.?® This showed that by cross-linking the components
within microgel films, the film becomes much stiffer and self-healing behavior is
interrupted creating irreparable fractures to the surface. This suggests an inability of
individual components within microgel thin films to rearrange into a more favorable
composition, or to a healed arrangement.

Although these more recent efforts have shown how microgel films as a whole
could be easily manipulated and dynamic behavior could be modulated, a true
fundamental understanding of microgels and their cationic counterpart, the
polyelectrolyte, has yet to be revealed within the larger bulk structure of microgel
multilayer thin films. An understanding of the behavior of these individual components
within larger bulk films will create a more robust picture of film assembly and dynamic

behavior. In Chapters 4 and Chapter 5 following, the interaction of microgels and
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polyelectrolyte will be probed and analyzed, and the implications of these interactions

will be discussed.
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CHAPTER 2
REVEALING COMPLEX NETWORK STRUCTURE IN HOLLOW

MICROGELS

Portions adapted from:
Smith, M.H., Herman, E.S., Lyon L.A. Network Deconstruction Reveals Network

Structure in Responsive Microgels. J. Phys. Chem. B, 2011, 115, 3761-3764.

2.1. Introduction

Advanced delivery options for therapeutics has been of interest for a number of
years." One particular focus within this area is the development of a drug delivery
vehicle that is targetable, increases drug loading, increases drug efficacy, and reduces
systemic side effects.> Microgels are a class of responsive materials that have shown
potential in this area due to their size, inherent versatility and tunability.>’ These features
have allowed for the incorporation of responsivity to external stimuli, such as pH® or
temperature,” or degradability through the incorporation of a degradable cross-linker.®
This last feature has been utilized in the construction of several types of degradable

microgel constructs, %

including hollow microgels in which a degradable component
is incorporated into the core of a core/shell microgel. After exposure to a degradation
agent, a hollow reservoir is left within a polymer mesh, or shell. Other methods have
been explored for the construction of hollow capsules,**™* but have suffered from various

issues (i.e. payload leakage, hydrophobicity, and poor biocompatibility).? Hollow microgels,

however, may alleviate some of these issues by exhibiting the characteristic increased
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drug loading of hollow constructs in conjunction with an incorporated responsivity,
which would allow for a modulation of the delivery rate of an encapsulated therapeutic.
The incorporation of the degradable cross-linker (1,2-dihydroxylethylene)-
bisacrylamide (DHEA) into the core of core/shell microgels is a simple and effective way
to create hollow microgel constructs as has been shown previously.® DHEA contains a
vicinal diol that is degraded in the presence of the degradation agent, sodium periodate
(NalOa). Ina previous investigation, core/shell pNIPAm microgels containing the
degradable cross-linker, DHEA, and a fluorescent component within the core were
synthesized and the degradation of the core in the presence of NalO4 was analyzed by
UV-vis spectroscopy.® While this study showed a decrease in fluorescence upon
degradation, suggesting degradation of the core, additional work looking at the
degradation pathway of pNIPAm-DHEA microgels showed that these constructs may
suffer from poor incorporation of DHEA and self-cross-linking of NIPAm.*®> This work
also showed that the use of another monomer, N-isopropylmethacrylamide (NIPMAmMm),
may minimize this monomer self-cross-linking by eliminating the sites available for self-
cross-linking.*® These results strongly suggest that cores composed of poly pNIPMAM-
DHEA are more capable of complete degradation upon exposure to NalOy, and these
results may indicate that core/shell microgels constructed with pNIPMAmM-DHEA may

create a more truly hollow construct as compared to pNIPAm-DHEA.
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Figure 2.1. Possible routes of self-cross-linking in NIPAm and NIPMAm: (a) the located
on the tertiary C of the isopropyl group or (b) the hydrogen located on the tertiary C of
the main chain backbone.®

The two sites available for self-cross-linking are shown in Figure 2.1. For this, a
hydrogen atom from a tertiary C is donated to a free radical and chain growth is initiated
resulting in self-cross-linked networks. Route (a) shows chain growth from the tert-C
located on the isopropyl group of both NIPAm and NIPMAm. Route (b) shows chain
growth from the tertiary hydrogen located on the main backbone and is only available for
the monomer NIPAm. It has been suggested that growth from Route (a) is a more likely
route of self-cross-linking because it is less spatially hindered.*® The hydrolysis of a
similar monomer, poly (N-vinylformamide) (PNVF), has been tested and results
presented a lack of self-crosslinking after base hydrolysis but continued self-cross-linking
after acid hydrolysis, which strongly suggested a preference of the monomer to self-
cross-link at the amide group.!” This may suggest an inability of monomer units to
significantly self-cross-link along the monomer backbone, however additional testing is

needed to determine whether the behavior observed for PNVF hydrolysis can be
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transferred to other monomer systems. However, taken in conjunction with the lower
spatial hindrance and more electron-rich environment of Route (a) as compared to Route
(b), it may be hypothesized that Route (a) is the predominant route of self-cross-linking.

If Route (a) is considered the main source of self-cross-linking, both NIPAm and
NIPMAm are theoretically capable of self-cross-linking. However, it has been suggested
previously that mismatched reaction rates between monomer could affect the self-cross-
linking as well as the degree of heterogeneity of microgels composed through
precipitation polymerization.™ *® It has been shown that NIPAm has a faster reaction
rate than NIPMAm®® and this difference in reaction rate has been suggested as a cause of
heterogeneity in microgels containing the degradable crosslinker, DHEA." In a light
scattering study, deconstruction of pNIPAm and pNIPMAmM microgels containing DHEA
revealed the network structure of both microgel types. In this study, the topography of
both particle types were inferred from a ratio of the hydrodynamic radius (r,) and the
root-mean-square radius (rrms) and results indicated a homogenous distribution of
polymer in pNIPMAmM-DHEA microgels and an inhomogenous, radial distribution of
polymer within pNIPAmM-DHEA microgels. Erosion kinetics of these two microgel types
also showed stark differences, wherein pNIPMAmM-DHEA microgels followed an
exponential decrease in molecular weight (M,,) over time, as is characteristic for bulk
eroding polymers, and in contrast pNIPAm-DHEA microgels exhibited an initially high
erosion velocity followed by a deceleration and plateau in velocity. After extended time,
pNIPMAmM-DHEA microgels were able to completely degrade whereas pNIPAM-DHEA
microgels never fully degraded, even after extended time and increased NalO,4

concentration.
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The differences in topology and erosion were attributed to a higher preference for
homopropagation of NIPAm, which caused limited incorporation of DHEA within the
interior of the microgel and poor incorporation in the periphery of the microgel. This
would explain the radial distribution of polymer and the inability of pNIPAM-DHEA
microgels to completely degrade. This was not seen with pNIPMAmM-DHEA microgels,
which contained a higher polymer density and smoother sphere topology. This is likely
the result of even incorporation of reactants during synthesis, as NIPMAmM reacts more
slowly allowing for a more statistically random incorporation of the DHEA cross-
linker.® Also, the ability of the pNIPMAmM-DHEA microgels to completely degrade may
indicate a lack of or minimal self-cross-linking. Scheme 2.1 shows the structure of the

two core types based on the discussion above.

NIPAmM-DHEA NIPMAmM-DHEA

Scheme 2.1. Proposed structure of pNIPAmM-DHEA and pNIPMAmM-DHEA microgels.
Adapted from Reference 15.

This chapter will compare the use of NIPAm and NIPMAm within degradable
cores for the construction of thermo-responsive hollow microgels. These two hollow
constructs are produced by first creating a core/shell microgel using free radical

precipitation polymerization followed by a seeded precipitation polymerization technique
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in which the core particles are used as a template for the production of a microgel shell.
The shell for both core/shell constructs contains NIPAm and a non-degradable cross-
linker, BIS. After core/shell production the core was degraded through exposure to
NalO,4. Using AFM and DLS the degradation of the cores and the swelling behavior of
these constructs was analyzed. From these studies, the viability of pNIPAmM versus
pPNIPMAmM with the degradable cross-linker, DHEA, as templates for the production of

hollow microgels with potential utility as vehicles for drug delivery was assessed.

2.2 Experimental Section

2.2.1. Materials

All reagents were purchased from Sigma-Aldrich (St Louis, MO) and used as
received, unless otherwise noted. The monomers N-isopropylacrylamide (NIPAm) and N-
isopropylmethacrylamide (NIPMAmM) were recrystallized from hexanes (VWR
international, West Chester, PA) and dried in vacuo prior to use. The reagents N,N -
methylenebisacrylamide (BIS), sodium dodecyl sulfate (SDS), ammonium persulfate
(APS), NalO4, and DHEA were all used as received. Water used in all reactions and
particle purifications was purified to a resistance of 18 MQ (Barnstead E-Pure system),

and filtered through a 0.2 um filter to remove particulate matter.

2.2.2. Microgel Core and Core/Shell Synthesis

The syntheses of pNIPAM-DHEA and pNIPMAmM-DHEA particles were
performed via free radical precipitation polymerization as previously described® with a
molar composition of 90 % monomer (NIPAm or NIPMAm) and 10 % DHEA and a total

monomer concentration of 70 mM (for pNIPAmM) and 140 mM (for pNIPMAm). The
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total synthesis volume for both syntheses was 100.0 mL. The reactions were performed
by separately dissolving NIPAm or NIPMAmM monomer (0.713 g or 1.426 g) in 99.0 mL
of distilled, deionized water. A mass of 0.140 g DHEA was dissolved in the NIPAm
solution, whereas 0.280 g DHEA was dissolved in the NIPMAm solution. A mass of
0.044 g SDS was added to both solutions for a concentration of 1.5 mM. Each solution
was filtered through a 0.2 um Acrodisc syringe filter and added to separate 100 mL three-
neck round-bottom flasks. The reactions were heated to 70 °C and purged with N for an
hour while stirring (400 RPM). The polymerizations were then initiated by delivering a
1.0 mL aliquot of a 2 mM APS solution by pipette. All reactions were allowed to proceed
for 24 hours under an N blanket while continuously stirring. Once cooled, both solutions
were filtered through 0.8 um Acrodisc syringe filters and purified via repeated
ultracentrifugation and resuspension in distilled, deionized water.

The core-shell constructs were produced by a two-stage seeded polymerization
technique.® For this, the DHEA cross-linked particles are used as seed particles for the
polymerization of a shell containing the monomer NIPAm and cross-linker BIS. To
begin, a solution of DHEA cross-linked particles (10 mL) are mixed with SDS (4 mg) in
5 mL distilled, deionized water. This core solution is heated to 70 °C while purging with
nitrogen. Separately, NIPAm (98 %) and BIS (2%) were dissolved in distilled deionized
water to create a total molar concentration of 50 mM. After the core solution equilibrated
for 1 hour, the shell solution was added. Finally, APS (5 mg) was added to initiate the
reaction. The reaction was allowed to proceed for 4 hours at 70 °C after which it was
removed from heat. Once cooled, the solution was purified via repeated

ultracentrifugation and resuspension in distilled, deionized water.
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2.2.3. Core Degradation

To degrade DHEA within core and core/shell constructs, the degradation agent
sodium periodate (NalO,4) was used. The amount of NalO,4 added was based on the
degree to which degradation was desired. The amount of DHEA to be degraded was
calculated from the amount of DHEA in solution prior to initiation. In general, an
equivalent number of moles of NalO, is added to a 1.0 mL solution of particles and
deionized water is added to create a final volume of 1.5 mL and the reaction continued
overnight. The resultant “hollow” microgels were purified by ultracentrifugation and

resuspension in distilled deionized water.

2.2.4. Characterization

The hydrodynamic radii of the core and core/shell microgels before and after
degradation were measured by Dynamic Light Scattering (DLS) using a Dynapro DLS
(Wyatt Technology, Santa Barbara, CA) equipped with a temperature-controlled sample
chamber. Microgel solutions were diluted in distilled deionized water and light scattering
data was collected at 20 °C. Particle morphology was assessed using an MFP-3D AFM
(Asylum Research,Santa Barbara, CA) in tapping mode using silicon Pointprobe

cantilevers (Neuchatel, Switzerland) with a force constant of 42 N/m.

2.3. Results and Discussion
To analyze the viability of both pNIPAM-DHEA and pNIPMAmM-DHEA cores as
templates for the production of hollow constructs, core/shell microgels were first
constructed. The core/shell microgels described herein were synthesized using

techniques described previously by the Lyon group.®® The synthesis conditions used for
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the construction of these core/shell microgels are shown in Table 2.1. Two cores were
synthesized; pNIPAM-DHEA and pNIPMAmM-DHEA, herein referred to as Core 1 and
Core 2, respectively. These cores were then used (separately) as templates for the
synthesis of a pNIPAmM-BIS shell. The same shell composition was used for both shell
additions (98% NIPAmM, 2% BIS) in order to limit compositional variability between the
two microgel types. The final core/shell composition and degradation process is shown
in Scheme 2.2. Again, the critical feature of these two constructs is the use of the
degradable cross-linker, DHEA. This cross-linker contains a vicinal diol group, which
can be cleaved in the presence of the degradation agent, NalOy, leaving a hollow vesicle-

like structure (Scheme 2.2) after purification.
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Table 2.1. Synthesis Parameters of DHEA Containing Core and Core/Shell Microgels

Sample Core Total Total Monomer | Cross- SDS (9), | APS(g),
Volume | Volume | Monomer | Mass (g), | linker Conc. Conc.
(mL) (mL) conc. mol% mass (g), | (mM) (mM)
(mM) mol%
NIPAmM/ -- 100 70 NIPAM: DHEA: 0.044, 0.034,
DHEA 0.713, 0.140, 15 1.5
Core 90% 10%
(Core 1)
NIPMAM/ | -- 100 140 NIPMAm: | DHEA: 0.044, 0.034,
DHEA 1.426, 0.280, 15 1.5
Core 90% 10%
(Core 2)
NIPAmM/ 10 35 20 NIPAmM: BIS: 0.004,1 | 0.005, 2
BIS Shell 0.055, 0.002,
98% 2%
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PNIPAm-DHEA core

pNIPAmM-BIS shell

Degraded pNIPAm-DHEA core/
pNIPAmM-BIS shell

T
O NH O NH

NalO,

.

Washing

Degraded pNIPMAmM-DHEA

PNIPMAmM-DHEA core
core/ pNIPAmM-BIS shell

Scheme 2.2. Core particles containing the degradable cross-linker DHEA and pNIPAmM
or pNIPMAmM are used as templates for the subsequent addition of a shell composed of
PNIPAmM-BIS. The core is then degraded by exposure to NalO, and removed by
centrifugation leaving a “hollow” microgel.

The ry, of these microgels at various stages of hollow microgel production (core,
core/shell, degraded) were measured by DLS and these results are shown in Table 2.2.
The addition of the shell to the Core 1 and Core 2 microgels resulted in small or
statistically insignificant changes in particle size at 20 °C. Although one may believe
addition of a microgel shell onto a core would result in a significant increase in ry due to
polymer addition, interactions present at the core/shell interface can result in relatively

small changes in microgel size after shell addition.** This is due to the elevated

temperature (70 °C) of shell addition, which is well above the LCST of NIPAm (32 °C).
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During shell addition at this elevated temperature, the core is in its deswollen state as it
acts as a template for the growth of a polymer shell. After completion of shell addition
the solution is cooled but the core will remain compressed. This can cause moderate to no
significant changes in the overall size (ry).% However, the ry, of core 1/shell microgels
(~95 nm) and core 2/shell microgels (~136 nm) above the lower critical solution
temperature (LCST) of NIPAm (~32 °C )* and/or NIPMAm (~43 °C) are slightly larger
than core microgels alone, indicating a more dense structure and validating the addition
of a pNIPAmM-BIS shell (Table 2.2). After degradation by NalO4, a significant increase
in ry is observed. This increase acts as validation of an alleviation of tight cross-linking
between the compressed core and the outer shell layer,** suggesting degradation of the
internal core. This also validates the formation of a core/shell structure because complete
degradation would result in an immeasurable ry,.

Table 2.2. Light Scattering Data of Various Stages of “Hollow” Microgel Construction
rh, (20 °C) I'h, (45 °C) I'h, (65 °C)

pNIPAmM-DHEA Core (Core 1) 182+30 nm | 82+15 nm --

Core 1/pNIPAM-BIS Shell 182+33 nm | 95+19 nm --

Degraded Core 1/pNIPAM-BIS Shell | 210£32 nm | 88£20 nm --

pPNIPMAmM-DHEA Core (Core 2) 22716 nm | -- 131+25 nm

Core 2/pNIPAM-BIS Shell 229+17 nm | -- 13623 nm

Degraded Core 2/pNIPAmM-BIS Shell | 312+95 nm | -- --

The degradation of the DHEA-containing cores upon introduction of NalO,4 can
be observed by eye due to changes in the turbidity of core and core/shell solutions.

Shown in Figure 2.1 are solutions of Core 1 microgels (a) and Core 1/shell microgels
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before (b) and after (c) degradation. This is also seen with Core 2 (not shown), and is a
visual demonstration of the ability of microgels containing an incorporated degradable
component to react to a degradation agent. The important thing to note here is the
completely clear solution of degraded cores, whereas the degraded core/shell exhibits a
more opaque color. This implies differences in the degradation behavior of the core and
core/shell microgels, which indicates that the core/shell microgels contain a non-
degradable component, and are therefore being degraded locally, specifically within the

DHEA core.

Figure 2.2. Solutions of Core 1/pNIPAmM-BIS shell microgels before (b) and after (c)
exposure to NalO4. For comparison, Core 1 after degradation (a) is also shown.

To reaffirm that the color change observed in Figure 2.2c can be attributed to
changes in microgel core structure, the r, of the core/shell microgels as a function of
temperature was measured across the LCST of pNIPAm for Core 1 (Figure 2.3a) before
and after degradation. These temperature curves show the point at which the microgel
overcomes the polymer-solvent interactions present within the microgel and water is
expelled.?? At this point an entropically-driven polymer phase separation takes place and
a decrease in overall particle size is observed.? In cross-linked networks, this transition

9,23

is commonly called the volume phase transition temperature (VPTT)™“" and is related
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thermodynamically to the LCST of the analogous linear polymer chain. For Core 1
microgels, the volume phase transition observed before and after degradation (Figure
2.3a) exhibited similar transition temperatures at ~34 °C. This is to be expected since the
core and shell contain the same thermo-responsive polymer (pNIPAmM), and therefore the
volume transition upon heating should be similar before and after degradation.® The
larger magnitude transition observed in the non-degraded Core 1/shell structure can be
attributed to a release of cross-linked networks after degradation, and similar behavior as

has been seen previously.®
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Figure 2.3. Volume phase transition curves of non-degraded (black squares) and
degraded Core 1/shell microgels (red circles) (a). Deswelling curves of non-degraded
(black squares) and degraded (red circles) (b).

The deswelling behavior of Core 1/shell microgels before and after degradation

can be analyzed by the swelling ratio. The deswelling ratio is defined as®:

Vo RO\’ Equation 2.1.
7~ (&)
where V° and R} are the volume and hydrodynamic radius before deswelling,
respectively, and V and R;, are the volume and hydrodynamic radius at a specific

temperature, respectively. The deswelling ratio as a function of temperature for Core
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1/shell microgels before and after degradation is shown graphically in Figure 2.3b. The
degraded Core 1/shell microgels showed an increase in the deswelling volume ratio
compared to non-degraded Core 1/shell microgels. It can be inferred from this
information that the NalO4 was in fact oxidizing the DHEA present in the core and
therefore breaking apart the core construct, creating an increase in the overall size of the
particle as observed the volume transition curve and affirmed by the increase in the
swelling ratio of degraded Core 1/shell microgels.

In Figure 2.4a, the volume phase transition of Core 2/shell microgels before and
after degradation is shown. The phase transition after degradation of Core 2/shell
microgels was unreliable above 48 °C due to aggregation and high polydispersity, and
therefore a comparison of the deswelling ratio across the full volume transition for Core
2/shell microgels before and after degradation could not be obtained. However, the
volume phase transitions of Core 2 microgels and Core 2/shell microgels (Figure 2.4b)
gave insight into Core 2/shell microgel composition. In Figure 2.4b, Core 2 microgels
exhibit a volume phase transition at higher temperature (~47 °C) due to the presence of
the thermo-responsive polymer pNIPMAm within the core. Upon addition of a shell, this
transition takes place over a markedly wider temperature range. This change in the
transition is due to the presence of more than one thermo-responsive monomer, as has

11.24 and can be used as a validation of the addition of a shell

been observed previously.
containing the monomer NIPAm. Worth noting is the lack of individual transitions for
each component, which could possibly be due to the thinness of the pNIPAmM/BIS shell or
a high cross-linking density within the core, which would limit compression of the

overall structure upon reaching the LCST of pNIPAm (32 °C). At this point the core
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would remain hydrated, and if incapable of compression a distinct transition would not be

visible. In this way, interplay between the core and shell can cause indiscernible

individual transitions as has been observed previously. 2%
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Figure 2.4. Volume phase transition of non-degraded Core 2/shell microgels (grey
squares) and degraded core/shell microgels (red triangles) (a). Volume phase transitions
of Core 2 (red circles) and Core 2/shell microgels (grey squares) (b).

As an alternative method for characterizing the Core 2/shell microgel before and
after degradation, AFM was utilized. This technique that has been employed for gaining
topographical information of soft surfaces for a number of years.?®*" For this, microgels
are placed on a glass substrate and analyzed in air. When microgels deposit on the
surface, they spread due to their high porosity and high mechanical flexibility. Changes
in this porosity, or mechanical flexibility, can be visualized by AFM, and the
topographical information can be analyzed by height mapping to give insight into changes
in microgel density.? Thus, morphological changes in the core/shell microgels before and
after degradation can be analyzed by this method.

Core/shell microgels composed of Core 1 and Core 2 before (Figure 2.5a,c) and

after (Figure 2.5b,d) degradation are shown. Representative line traces accompany each
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image and act as a visual representation of the measured height and spreading of
individual microgels. The height of Core 1/shell microgels before degradation is ~11
nm (Figure 2.5a) and after degradation the microgel height is approximately half (~6
nm) (Figure 2.5b), showing a decrease in the overall density of the core/shell microgel,
indicative of mass loss. An even more drastic change can be seen for Core 2/shell
microgels before (Figure 2.5c) and after degradation (Figure 2.5d), For this, the height
of the Core 2/shell microgel before degradation is ~40 nm (Figure 2.5c) and the height
after degradation is ~7 nm (Figure 2.5d), a height >4 times smaller than the original
Core/shell structure. Core 2/shell microgels after degradation also exhibit a greater
degree of microgel spreading (~1 pm) as compared to before degradation (~500 nm).
Taking the height and spreading information together for these core/shell and hollow
microgels, it can be inferred that there was in fact mass loss after degradation, resulting in

a more mechanically flexible “hollow” microgel.
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Figure 2.5. AFM images of microgels containing Core 1 before (a) and after (b)

degradation and microgels containing Core 2 before (c) and after (d) degradation with
representative line traces.
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2.4. Conclusions and Future Outlook

The formation of core/shell microgels containing a sacrificial core composed of
pNIPAmM-DHEA (Core 1) or pNIPMAmM-DHEA (Core 2) were both explored and the
results presented above show the behavior of these constructs before and after exposure
to NalO4, a degradation agent used to cleave the vicinyl diol bond found in DHEA. The
monomer units, NIPAm and NIPMAm, differ by a single methyl group, but the final
“hollow” macromolecular structures from which they are composed differ in notable
ways.

The first notable difference between Core 1 and Core 2 was discussed previously
based on light scattering studies of the degradation of these constructs as a function of
time.™ It is important when considering the results presented herein to remember this
initial study, which created a picture of the network structure of Core 1 and Core 2 as
presented in Scheme 2.1. A more robust understanding of results presented herein
regarding the use of Core 1 and Core 2 as templates for the production of “hollow”
microgels can be attained by keeping in mind this foundational research.

To understand the swelling of the core/shell microgels before and after
degradation, the volume phase transition curves (Figure 2.2a and Figure 2.3b) were first
analyzed. For Core 1/shell microgels, a less broad transition is observed for degraded
Core 1/shell microgels as compared to non-degraded Core 1/shell microgels. This broader
transition of degraded Core 1/shell microgels also results in a higher deswelling volume
(Figure 2.2b), suggesting that polymer networks within the core had been degraded,
resulting in a less rigid structure and thus a greater swellability. For Core 2/shell

microgels, the swellability of the microgel proved difficult to understand by DLS alone
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due to aggregation of the microgels in solution at higher temperature, but volume phase
transitions showed a shift in the VPTT before the addition of a NIPAm-containing shell
(Core 2 microgels) and after (Core2/shell microgels), which results from the addition of
pNIPAmM, which has a characteristically different LCST, and thus validating the addition
of a microgel shell.

In order to understand the resultant “hollow” microgel obtained after degradation,
AFM images were obtained and analyzed of microgels before and after degradation of
Core 1 (Figure 2.5a,b) and Core 2 (Figure 2.5c,d). By AFM, it was observed that Core
2/shell microgels exhibited greater spreading (2-fold) and a greater decrease in height (4-
fold). The increased spreading and decreased height of the microgel indicates a lower
particle rigidity, which allows for greater microgel spreading and is indicative of mass
loss from the core of the structure. In this case, these results suggest a greater mass loss
from Core 2 containing core/shell microgels after degradation as compared to Core 1.
Also worth noting is the smaller height for Core 1/shell microgels (Figure 2.5a, ~10 nm)
as compared to Core 2/shell microgels (Figure 2.5c, ~40 nm). Since the ry (see Table
2.2) of the two particle types does not differ greatly and the spreading on the surface is
approximately the same, this difference can be attributed to a greater microgel rigidity of
Core 2/shell microgels. Taken in conjunction with previously published data (see
Section 2.1 and Scheme 2.1), this can be attributed to a greater density of Core 2 and
thus a greater density of Core2/shell microgels. It can also be inferred that more mass is
lost in Core 2/shell microgels after degradation, and therefore the inner cavity of these

“hollow” microgels may be of a greater volume.
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Considering all of this data together, it could be suggested that hollow microgels
polymerized with a sacrificial core containing pNIPMAmM-DHEA pose a greater utility as
a hollow vesicle as compared to hollow constructs constructed from pNIPAmM-DHEA
templates. This is due to the greater density within pNIPMAmM-DHEA core/shell
microgels, as well as the greater mass lost after pPNIPMAmM-DHEA core degradation, as
suggested by the topographical information obtained by AFM. Additional testing, such
as light scattering studies of the degradation pathway of the core/shell microgels, should
be conducted in order to understand the release of the sacrificial core and thus the
“hollow” characteristics of both constructs, but these studies show promising results
suggesting the development of a hollow microgel vehicle that may contain a greater
degree of “hollowness” and therefore potential to increase payload capacity over
previously studied hollow microgel constructs.
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CHAPTER 3
PROBING CHARGE DISTRIBUTION WITHIN MICROGELS AND MICROGEL

ASSEMBLIES

3.1. Introduction
As noted in previous chapters, microgels are a class of mechanically flexible
colloidal materials that have shown promise in a wide range of applications. The first
synthesis of poly(N-isopropyl acrylamide) (pNIPAm) microgels was published in 1986,
and since that year the number of publications encompassing complex microgel

1>2 or hollow*, and their applications, such as drug delivery

structures, including core/shel
vehicles® or the construction of microgel assemblies with non-fouling characteristics®, has
expanded tremendously. As the complexity of these constructs increased, there was an
interest in finding additional and more robust ways of characterizing microgels and their
assemblies. One method commonly used for visualizing and characterizing microgels
and microgel assemblies, is atomic force microscopy (AFM). AFM is a promising
technique for characterization because it allows for a visualization of individual
microgels’ or microgel thin film assembly and morphology® from which height or
morphological information can be obtained. AFM also can be used for more advanced
techniques, such as in-liquid imaging, which has been used to probe microgel degradation
over time,” or force mapping, in which the stiffness of microgel thin films was shown to

affect cell adhesion,' just to name a few of the characterization possibilities for flexible

colloidal materials using AFM as a platform.
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One AFM technique that has yet to be utilized in the characterization of
microgels, or porous colloidal materials in general, is kelvin probe force microscopy
(KPFM). KPFM is an AFM-based technique that allows for the characterization of the
surface potential of a variety of materials."* Initially introduced in 1991 as a method for
determining the work function of conductive surfaces,’> KPFM has since grown to

1314 and biological

encompass the characterization of the electrical properties of organic
materials.”>***"*® In one particularly interesting case, the surface charge of single-
stranded DNA and proteins before and after complexation was mapped.® This study
served as one of the first reports showing the ability of KPFM to be used to gain
topographical information in conjunction with electrical information of non-metal/non-
semiconductor materials.

To understand KPFM from a fundamental standpoint, it is important to first
understand the kelvin probe as it was originally designed by Lord Kelvin in 1898.° The
microscopy technique known as KPFM was first shown in 1991, but the kelvin probe was
originally designed as a separate entity to determine the contact potential difference
(CPD) of two surfaces.?’ In this system, a vibrating parallel plate capacitor was created
in which both plates had a characteristically different work function. Because of the
differing work functions of the two plates, a current forms between the two plates. For
this original model, a voltage was applied to maintain a zero current between the two
plates, and that voltage was defined as the CPD.?%#

Modern day KPFM utilizes a modified version of the original kelvin probe with a

standard AFM. The sample and the AFM tip can be modeled as a parallel plate capacitor,
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wherein an electrostatic force is developed between the surface and the tip and this force
is proportional to the square of the applied voltage and C is the capacitance:

19C Equation 3.1
F=—=—V?
2 OZV

The tip is operated in alternating current (AC) mode and a direct current voltage (Vpc) is
applied to minimize the electrostatic forces between the sample and the tip. The total
voltage associated with the system is equal to:

V =Vepp + Vpc + Vycsinwt Equation 3.2
Where Vcpp is the contact potential difference between the surface and the tip, Vac is the
applied AC bias, and o is the AC voltage drive frequency. Through substitution and

rearrangement, the equation for electrostatic interactions becomes:

o 10C
T 20z

([Voc = Vern? + V2] + 2[0Voc = VerpWacsint(wn)] - [5Viccoszon])  EQuation 3.3
The first term of this equation has no frequency dependence and is considered static force
and can therefore be ignored. The last term of the equation depends on 2 times the drive
frequency. The most important part of this equation is the middle term (2[(Vpc —

Verp) Vacsint(wt)]) because it occurs at the voltage drive frequency (Vw) and depends
on the voltage difference between the tip and the sample, multiplied by the applied AC
voltage. Operationally, a feedback loop between the tip and the sample is created to
make Vpc = Vepp. This is the point at which w is null and electrostatic forces are
minimized. What this means is that a voltage can be applied (Vpc) to null the oscillations
at the drive frequency (w), and this will give us the voltage of the contact potential

difference (Vcpp) between the tip and the surface. This information is then used to map

the surface potential of the sample.
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As noted above, KPFM can be used to characterize the electrical properties of a
variety of materials. Because microgels commonly incorporate a charged component,
KPFM could be beneficial in giving additional insight into microgels and their assemblies
when used in conjunction with other AFM characterization techniques. In this chapter,
AFM will be utilized in conjunction with KPFM to visualize potential distribution on
microgel-containing surfaces in an effort to understand and develop a technique to
characterize the degree of charge localization and charge heterogeneity in microgel thin

films.

3.2. Experimental

3.2.1. Materials

All materials were purchased and used as described in Chapter 2. Additionally,
acrylic acid (AAc), 3-aminopropyl trimethoxysilane (APTMS), 3-mercaptopropyl
trimethoxysilane (MPTMS), and 2-mercaptoethylamine (MEA), poly
(diallyldimethylammonium) chloride (PDADMAC), and poly (ethylene glycol) diacrylate
(PEG-DA) were all used as received.
3.2.2. Microgel Synthesis and Characterization

Microgels were synthesized through a previously described aqueous free radical
precipitation polymerization method.?>? Microgel particles were composed of NIPAm
(70%), AAc (26%), and PEG-DA (4%), herein referred to as MG-26, with a total
monomer concentration of 120 mM; SDS and APS were used during synthesis as
surfactant and initiator, respectively. NIPAm, BIS and SDS were dissolved in distilled
deionized water, filtered through a 0.2 pm filter into a 3-neck round-bottom flask and

heated to 70 °C while purging under N, for 1 h. Ten min prior to initiation, AAc was

52



added and allowed to equilibrate with the heated monomer solution. After initiation
through the addition of APS, the reaction proceeded for 17 h and was quenched upon
cooling to room temperature. Microgels were purified through centrifugation and
resuspension in distilled deionized water and were lyophilized to increase storage time.

Microgels composed of NIPAm (88%), AAc (20%) and BIS (2%), designated
herein as MG-20, and microgels composed of NIPAm (75%), AAc (10%) and BIS (5%),
designated MG-10, were also synthesized by precipitation polymerization with total
monomer concentrations of 150 mM and 120 mM, respectively. These syntheses were
carried out in the same manner as the microgels described above, and were also cleaned
by centrifugation and lyophilized to increase storage time.

The hydrodynamic radii of the microgels were measured by Dynamic Light
Scattering (DLS) using the instrument described in Chapter 2. All microgel types were
diluted in pH 7.4 PBS buffer with an ionic strength of 200 mM (high ionic strength (HIS)

PBS), and the ry was measured at 20 °C.

3.2.3. Microgel Sample Preparation

3.2.3.1. MG-20 and MG-10 Deposition

To monitor the size, morphology, and electrical properties of individual
microgels, MG-10 and MG-20 were deposited in a manner that allowed for both densely
and poorly packed microgels on gold coated glass coverslips. First, a previously
described method was used to functionalize glass coverslips using a mercapto- containing
silane to create a thiol-rich surface.?* For this, clean glass coverslips were placed in an
MPTMS (2.5% V/V) solution in EtOH while shaking for 2 hr and thermally cured at 80

°C overnight. After curing, the glass coverslips were gold coated using a Hummer 6
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Gold Sputterer under vacuum with a plasma discharge current of approximately 20 mA
for 3 min. Gold coated glass slides were then functionalized with 1.0 mM MEA in
absolute EtOH for 24 h to create an amine-modified, positively charged surface.

To deposit microgels in a poorly packed fashion, microgels were deposited onto
gold coated coverslips by passive deposition. For MG-20, this was done by exposing a
gold surface to a 0.1 wt% solution of the microgels for 30 min, rinsing the films with
distilled deionized water and drying under N,. To analyze MG-20 and MG-10
simultaneously, mixing of the two particle types was done in two ways. First, a clean and
functionalized glass coverslip was exposed to a 1:1 ratio of MG-10 and MG-20 with a
total microgel concentration of 0.1 wt% in HIS PBS for 30 min and washed with distilled
deionized water to remove non-adhered microgels and dried under a stream of No.
Second, samples with a mixture of MG-20 and MG-10 were created by first depositing a
0.1 wt% of MG-20 onto clean and functionalized glass for 30 min, then subsequently
exposing samples to a 0.1 monomolar PDADMAC solution for 30 min, followed by
exposure to a 0.1% solution of MG-10 for 30 min with washing between each deposition

step. Samples were then washed and dried under No.

3.2.3.2. MG-26 Multilayer Thin Films

Multilayer films were prepared as previously described, using a modified LbL
technique.®?® In short, a 0.1% solution of microgels composed of MG-26 was
centrifuged onto an elastomeric substrate (PDMS) at 3700 x g for 10 min using an
Eppendorf 5804 R centrifuge with a plate rotor. The substrate was then washed with

distilled deionized water and placed in a PDADMAC solution for 30 min while shaking.
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The substrate was then removed, washed and the microgel deposition step was repeated.

This was done until a total of 5 microgel deposition steps had been achieved.

3.2.3.3. MG-26 Thin Film Damage and Healing

Multilayer films containing MG-26 and PDADMAC on PDMS were damaged by
gently scraping the surface. For this, the sample was secured and a pipette tip was used
to scrape vertically along the sample. This scraping caused the sample to turn opaque in
the areas of damage, as had been seen previously.>% This opaqueness is caused by
changes in the film morphology, or a wrinkling of the microgel thin film. Films were
healed by washing the sample with water and drying gently under No.

3.2.3. Characterization

The height information of microgels was obtained in conjunction with surface
potential mapping using an Asylum Research (Santa Barbara, CA) MFP-3D AFM
equipped with an Olympus Electri-lever Cantilever (Force Constant = 70 kHz), which is a
silicon probe with a platinum coated tip. For this, a two pass technique is used. During
the first pass a topographical image is obtained and during the second pass a map of the
surface potential is obtained. The first pass imaging is done in a regular AFM imaging
mode as previously described (see Chapter 1 and Chapter 2) and the second pass image
uses a technique called nap mode in which the tip is raised some distance (typically 40
nm) above the sample surface. Samples were grounded to the bottom of the AFM
instrument using metal wire attached to the sample surface in order to avoid charge

buildup at the surface.

55



3.3. Results and Discussion

Microgels and microgel-containing thin films have been characterized by a
variety of techniques,?’ but additional characterization tools could be useful to give a
deeper level understanding of charge distribution in these materials. Using KPFM the
surface potential can be measured in conjunction with the topography of microgels and
microgel assemblies and from this we hypothesized that a more robust understanding of
charge distribution within could be determined. Once the utility of this technique is
determined, measured changes in charge distribution as the film is composed can give
insight into the interaction of individual components within microgel assemblies and an
understanding of the source of dynamic behavior within microgel thin films could be
developed.”

To begin exploring the utility of KPFM as a characterization technique, MG-20
microgels were deposited onto glass substrates. For this, microgels were deposited in
HIS PBS, low ionic strength (LIS) PBS, and distilled deionized H,O. By altering the
ionic strength of the solution in which the microgels are deposited, the effect of salt
concentration on the microgel morphology can be explored. The results for this can be

seen in Figure 3.1 below.
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Figure 3.1. AFM heighptmimages of MG-20 deposited in HIS Péms (@), LIS PBS (b) and
H,O (c) with their corresponding KPFM height maps (d, e, and f, respectively). All
contain line traces of representative microgels. All images are 20 x 20 pum.
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Images in Figure 3.1 show the height and surface potential images for the 3
solvent conditions. To determine the surface charge of each microgel, line traces across
the microgels were used to determine the surface potential difference between the
microgel and the gold surface. This normalization gave a true value for the individual
microgel, and allowed for an exclusion of the inherent surface charge of the conductive
gold surface. Based on these line traces, the potential for microgels deposited in HIS
PBS, LIS PBS, and H,0 are 75 mV, 175 mV and 200 mV, respectively, while the height
of the particles in all 3 cases is ~45 nm. This suggests an increase in the ionic strength
will result in a decrease in the surface potential of the microgel while the height of the
particle changes negligibly.

The increase in potential with decreasing ionic strength shown in Figure 3.1 may
be caused by a shielding of the surface charge due to an increase in salt concentration.
Typically a higher ionic strength is used for particle deposition because it allows for an
increase in microgel packing on a surface. This is due to the fact that the microgels
employed here are negatively charged, and in order to get tightly packed films some
amount of charge compensation is necessary to reduce microgel-microgel repulsion.
After drying samples, this charge compensation is not completely lost and the trend
observed in Figure 3.1 agrees with this.  This would also explain why there are very
few microgels on the surface in which microgels are deposited in distilled deionized
water, in which case microgel-microgel repulsion is not compensated by any salt in
solution, limiting the number of microgels capable of depositing on the surface.
Additionally, these results show the possible utility of KPFM in monitoring small

changes in surface charge due to solvent effects.
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Building upon the results presented above, it would be of interest to see the
response of the surface charge of a negatively-charged microgel upon exposure to a
positively-charged species. This is of interest from the viewpoint of microgel thin film
assembly because films are assembled by exposing microgels on a surface to an
oppositely charged species. During exposure to this oppositely charged species, surface
charge is overcompensated and the resultant film is positively charged.?® Being able to
monitor the surface charge of the film during film assembly would allow for a
characterization of charge distribution, or possible redistribution of charged species. To
test the ability of KPFM to monitor changes in microgel surface charge after exposure to
a positive species, MG-20 were diluted in LIS PBS (0.1 wt%) and passively deposited
onto glass surfaces to create sparsely packed monolayers. These microgels were then
exposed to PDADMAC, a commonly used polyelectrolyte for the formation of multilayer

microgel films.® The results for this are shown in Figure 3.2.
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Figure 3.2. AFM height images of MG-20 before (a) and after PDADMAC exposure (c)
with their respective potential maps (b,d, respectively). Representative line traces are
also presented. All images are 20 x 20 pm.

The height (Figure 3.2a,c) and potential mapping (Figure 3.2b,d) show
interesting results for microgels before and after PDADMAC exposure. The height of the
microgel prior to exposure to the polyelectrolyte is ~30 nm, and after the addition of
PDADMAC the height increases to ~60 nm. This increase in height may seem logical
because additional mass is being added to the microgel, but previous studies have shown
that the microgels contract upon exposure to polyelectrolyte in solution.?** Based on this
increase in height shown in Figure 3.2c, the compression previously shown by

Richtering et al. upon exposure to negatively charged polyelectrolyte does not translate to
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the dried microgel. This may be an indication of size inclusion of the polyelectrolyte, but
it may also be indicative of a complex interaction of the polyelectrolyte with the
microgel, wherein a dense polyelectrolyte shell is created upon the microgel that creates
compression and densification of the microgel. An increase in density would be apparent
upon drying, wherein the bare microgel could spread on the surface to a greater degree
than the denser microgel-polyelectrolyte complex. Although these results do not show
which of these scenarios is true, it does show that there is a complexity within the
microgel-polyelectrolyte interaction, especially when considered in the context of
previously published literature.?**

When analyzing the surface potential of these microgels before and after
PDADMAC exposure, the opposite trend is observed. Before exposure to PDADMAC
the surface charge is ~120 mV (Figure 3.2b), and after exposure the surface potential is
~60 mV (Figure 3.2d). As noted above, when microgels were exposed to a buffer
containing a lower ionic strength, there was less charge shielding or charge compensation
and therefore a higher surface potential. These results suggest a similar behavior,
wherein the PDADMAC is compensating for the negative charge of the microgel, which
would create an overall lower surface charge. Surprisingly, the overall mapped potential
was not reversed, as one would expect to be the case since the overall surface charge of
the particle is being overcompensated and is therefore now positive. This should not be
taken as an indication of a lack of charge overcompensation, as that aspect of film
formation through LbL has become well-studied and characterized.®*"* Instead, these
observations are more than likely due to environmental interactions, such as surface

water or atmospheric ions from the ambient air within the AFM set-up. This has been
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shown to affect the surface charge with KPFM previously****

and would also explain
why the surface of the negatively charged microgels do not have a surface potential that
IS negative. Because of this, KPFM is better used as a qualitative method, to obtain an
understanding of charge distribution and changes in charge distribution as opposed to
gaining quantitative information from the given potential mapping. Therefore, the data
presented in Figure 3.2b,d (and throughout) can be treated qualitatively, and it can be
said that the decrease in the potential after exposure to PDADMAC may be explained as
charge overcompensation and this conclusion can be validated by considering previous
studies, wherein it has been shown that charge overcompensation takes place upon
microgel exposure to an oppositely charged species.®

Keeping in mind that the surface potential seems to be affected by charge
compensation or lack thereof, the surface potential of microgels containing varying acid
content were analyzed to determine discernibility on a surface by potential mapping.
Although at this point it has been determined that KPFM is a qualitative method, it may
still be useful from the standpoint of determining charge distribution in films assembled
with varying acid content, which is of interest for the formation of multi-responsive or
complex multilayer films. For this, two types of samples were prepared. First, a mixed
microgel sample was created by depositing a mixed solution of MG-10 and MG-20 in
equal parts. Second, a sparsely packed layer of MG-20 was exposed to PDADMAC, and
then sequentially exposed to a solution of MG-10 using a passive layer-by-layer method.
In this case, the MG-20 are exposed to the PDADMAC, but because MG-10 is deposited

after PDADMAC exposure, it should not contain the polyelectrolyte. These results are
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shown in Figure 3.3. For these images, the wider microgels are the MG-20 microgels,

(rn = 495 nm) and the more narrow particles are the MG-10 microgels (r, = 343 nm).
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Figure 3.3. AFM height and KPFM potential maps of mixed one layer films (a,b) and
two layer films (c,d) with representative height traces. Both films contain MG-10 and
MG-20. All images are 20 x 20 pum.

Again, first it is worth noting the height changes between the two films. The
mixed film that has not been exposed to polyelectrolyte (Figure 3.3a) contains microgels
with heights of ~20 nm and ~35 nm for MG-20 and MG-10, respectively. This indicates

that MG-10 microgels are denser due to an increased cross-linker concentration, which

agrees with previous studies.***® However, in the mixed microgel sample wherein MG-
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20 was deposited first and MG-10 was deposited after deposition of PDADMAC, the
height of the microgels is ~60 nm for both particle types. If we consider the height MG-
20 before exposure to PDADMAC (~20 nm), the height of MG-20 after exposure to
PDADMAC has increased 3 fold. The increase of particle height is expected based on the
results presented above (see Figure 3.2a,c). Additionally, there also appears to be a
height increase (from ~35 nm to ~60 nm) of the second particle type, which was not
expected because it was not exposed to PDADMAC. The potential maps of the two
sample types (Figure 3.3b,d) do not seem to show distinguishable differences in
potential between MG-20 and MG-10 in either sample, however the sample containing a
mixed (MG-20 and MG-10) microgel deposition (Figure 3.3a) shows a potential of ~100
mV, whereas when MG-20 and MG-10 are deposited sequentially witha PDADMAC
deposition step between, both microgel types show a potential of ~50 mV. This trend,
wherein a decrease in microgel potential is observed after exposure to PDADMAC,
agrees with the results seen in Figure 3.2. Taking all of this information together, these
results could imply charge redistribution after MG-10 deposition. This would indicate a
movement of polyelectrolyte and an overall microgel potential decrease, regardless of
whether the microgel was deposited before or after PDADMAC. These results of course
are suggestive, and possible charge redistribution within microgel films will be explored

in more detail in Chapters 4 and 5.

3.4. Conclusions and Outlook
The work described in this chapter sought to better define KPFM as a
characterization technique for microgels and microgel assemblies. Through the

characterization of various surfaces using KPFM to monitor the topographical and
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potential information, it was shown that KPFM may be a useful qualitative tool for
monitoring changes in surface charge. Limitations in the method may be due to
environmental conditions, such as environmental water within ambient air, and the
method may benefit from improved control over atmospheric conditions. For example, it
may be of use to flood the AFM chamber with N, before imaging to remove artifacts
from ambient air. Although quantitative data was not obtained, these first pass results
show the prospective use of KPFM as a characterization tool due to its sensitivity and
ability to characterize microgels and their assembles in new and interesting ways.

An interesting future application of KPFM would be the characterization of
microgel multilayer films. It has been shown previously in the group that microgel
multilayer films are capable of self-healing upon exposure to water.?> It would be
beneficial in characterizing this phenomenon to be able to monitor the charge distribution
within such films before, during damage and after healing. This may give insight into
charge redistribution during healing, which may be relevant to the pathway of healing. A
first pass effort in understanding charge distribution during damage and healing is shown
in Figure 3.4. For this, 5 layer films composed of MG-26 and PDADMAC were built on
PDMS and damaged by stretching by 10% with healing of the film taking place after

exposure to distilled deionized water.
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Figure 3.4. KPFM height and potential maps of 5 layer microgel films composed of
MG-26 and PDADMAC before damage (a,d), during damage (b,e), and after healing
(c,f). Scale bar =1 um.

The height images of the 5 layer microgel film at the different stages of damage

and healing match nicely with the previously published results,?>°

with damage (Figure
3.4b) resulting in a wrinkling effect of the microgel film. The corresponding surface
potential images show that the film before damage and after healing do not contain
significant potential variation, whereas during damage there are noticeable differences in
the potential that seem to coincide with the damaged regions of the film. These results
are interesting from the standpoint of understanding microgel thin film damage and
healing, as they suggest that damage creates uneven charge distribution, and upon healing
there is a redistribution of this charge to a more energetically favorable state. However,
as was true for the results shown in previous sections these results remain completely
qualitative and also appear to suffer from imaging artifacts, as can be seen in the dark
lines across the potential images in Figure 3.4e,f. These could be an indication of
imperfect imaging parameters, such as scan speed. Alternatively, it could be a factor of

the substrate chosen for damage and healing, which is an insulating substrate (PDMS), as

opposed to a conductive substrate as was shown in the previous sections. The effect of
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the chosen substrate on determining the potential of the surface is not known, although
studies on both types of substrates have been done with very different materials.?>**
These damage and healing studies were another indication that quantitative information is
currently not understood for these surfaces, however this shows once again that
qualitative information about charge distribution can be obtained for microgel containing
surfaces.

To summarize, the charge distribution of microgels before and after exposure was
explored by mapping the topographical information and potential information of surfaces
using a two pass technique. These results showed promise as a method for monitoring
changes in surface potential due to environmental conditions, such as solvent conditions
(Figure 3.1) or exposure to an oppositely charged species (Figure 3.2). There proved to
be limitations in the method due to a lack of ability to gain quantitative information.
Future experiments should focus on developing a richer understanding of the qualitative
data obtainable during potential mapping. The development of a more quantitative
analysis of such films may give insight into the potential variations shown during damage
and healing, which would be helpful in gaining additional information about the
damaging and healing process of microgel thin films. In the interim, this technique
shows promise as a mode of detecting subtle changes in microgel charge density upon

environmental changes, which may be useful during microgel thin film development.
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CHAPTER 4
DIRECT VISUALIZATION OF THE INTERACTIONS OF MICROGEL THIN
FILM BUILDING BLOCKS
Portions adapted from:
Herman, E.S.; Lyon, L.A. Direct Visualization of the Interactions of Microgel Thin Film

Building Blocks. Colloid Polym. Sci. In Preparation.

4.1. Introduction

As discussed in previous chapters, microgels are an incredibly appealing class of
materials due to their inherent versatility. However, while it has been shown that the
inherent properties and versatility of microgels (i.e. deformability, swellability,
responsivity) are particularly appealing, the characterization of these materials has been
shown to be a difficult task. This is due to the complexity contained within the microgel
structure. This complexity stems from what is known as a polymer/colloid duality.® In
short, the microgel contains both polymeric and colloidal properties. This makes
microgels an incredibly versatile material, but also very complicated to define. Because
of this duality, the behavior of a microgel cannot be equated to that of a linear polymer
chain or a hard colloidal sphere. Instead, the properties and behavior of the microgel are
unique, and must be treated as such.

This characteristic properties of microgels have been probed in a wide variety of

1>2 to application.*  For example, one particular group of

studies, from the fundamenta
studies conducted in the Lyon lab has aimed to define the mechanical flexibility of the
microgel by analyzing their passage through glass nanopore membranes (GNM).%*° The

studies showed the translocation of microgel particles across GNM’s with a much smaller
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diameter than the microgel itself, and information regarding the mechanics and polymer
physics of individual microgels®® could be divulged. The development of this method
led to a better understanding of the capabilities of these flexible colloidal materials as
drug delivery vehicles.?

The mechanical flexibility and deformability of microgels has also become
integral in the formation of large scale microgel assemblies. One example of this can be
seen in the formation of microgel multilayer thin films, wherein microgels are deposited
using an active deposition technique. For this, negatively charged microgels are placed
onto an oppositely charged substrate by using centrifugal force.” This active deposition
technique creates monodisperse monolayers with greater packing and lower particle
footprints as compared to passive deposition, in which microgels are deposited by dip-
coating.® This close packing and decreased footprint can be attributed to the inherent
deformability and “softness” of the microgels. These well-packed monolayers are then
used as a template for the formation of multilayer microgel films using an oppositely
charged polyelectrolyte in conjunction with a modified layer-by-layer (LbL) technique.’
These multilayer assemblies have shown promise for applications, such as non-fouling,”’
self-healing® or responsive interfaces.'?

The compressibility and deformability microgels in colloidal crystals has also

been shown, '

and in one example a sample of smaller particles (~0.7 um in diameter)
was doped with larger microgels (~1.75um in diameter) and it was observed that the final
microgel colloidal crystal was defect free. This study beautifully showed the ability of
microgels to deform and create well-packed defect-forgiving monodisperse colloidal

crystals. ™
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Although the use of microgels within assemblies has shown great utility***° and

has been reviewed extensively, "

a complete picture of the complexity of microgels,
particularly within large scale structures, is still not completely understood. This again
can be attributed to the so called polymer/colloid duality of microgels,* which states that
the colloidal behavior as well as polymeric behavior of microgels must be considered
when characterizing this material. Because of this, the behavior of microgels within any
dispersion or assembly contains far more intricacies than hard spheres or linear
polyelectrolytes alone, and when characterizing these materials this must be considered.
This chapter is dedicated to understanding the behavior and interaction of
microgel thin film building blocks within early stages of microgel thin film assembly.
This behavior is assessed while keeping in mind the fundamental understanding of
microgel deformability and swellability as presented above and the complexity contained
within microgels. This work also seeks to divulge the fundamental differences between
the original film model (Scheme 1.3), which depicts each deposition step resulting in an
increase in film thickness, as well as irreversible incorporation of thin film building
blocks, and begin developing a true model of microgel thin film assembly. The process of
assembling a complex species such as the microgel with a linear polyelectrolyte, which

also can exhibit complex behavior, 2%

is multifaceted and therefore are not as easily
defined as purely linear polyelectrolyte films.®?*  Although the true nature of the
behavior of these two components within film assembly is a difficult question to divulge,
an understanding of the early stages of film assembly and the interactions contained

therein would aid in the creation of a more complete and robust picture of multilayer film

assembly, which ultimately would enrich the current understanding of the dynamic
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behavior of microgel multilayer films. This chapter will focus on creating a more full-
bodied understanding of the significant interactions at play during the early stages of film
assembly. By using varying microgel deposition parameters and monitoring the
distribution of polyelectrolyte with the first two microgel deposition steps, behavior and

interactions of the building materials of microgel thin films is visualized.

4.2. Experimental
4.2.1. Materials
All chemicals used herein and not listed below were purchased and used as
described in Chapter 2 and Chapter 3. Additionally, poly-L-Lysine (M.W. > 300,000)
was purchased from Sigma Aldrich and used as received. Alexa Fluor® 488 Carboxylic

Acid, Succinimidyl Ester was purchased from Life Technologies and used as received.

4.2.2. Microgel Synthesis and Characterization

Microgels composed of 88% NIPAm, 20% AAc and 2% BIS (MG-20) and 75%
NIPAmM, 10 % AAc, and 5 % BIS (MG-10) were used herein. The synthesis and
characterization by DLS of MG-20 and MG-10 microgels can be found in Chapter 2.
The lyophilized microgels were re-dispersed in a HIS PBS at a concentration of 1

mg/mL.

4.2.3. PLL* Preparation and Characterization

Poly-L-Lysine (PLL) was fluorescently labeled with the AlexaFluor 488
Carboxylic Acid, Succimidyl Ester by first re-suspending the AlexaFluor 488 dye at a
concentration of 10 mg/mL in tetrahydrofuran (THF). PLL with a MW >300,000 was re-

suspended in 20 mM HIS PBS at a concentration of 5 mg/mL. While stirring,
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AlexaFluor 488 Carboxylic Acid, Succimidyl Ester was added dropwise and allowed to
stir for 1 hat 4 °C. The conjugated PLL was purified by dialysis with distilled deionized
water using dialysis tubing with a molecular weight cutoff of 12-14,000 (VWR

Scientific). The mechanism for the conjugation is shown in Scheme 4.1 below.

NH4
HBr

o)

~NH

L n

Poly-L-Lysine AlexaFluor 488 Carboxylic Acid,

Succinimidyl Ester . N
Conjugated PLL (PLL)

Scheme 4.1. Conjugation of PLL to AlexaFluor 488 Carboxylic Acid, Succinimidyl Ester
to create the conjugated PLL (PLL ).

The % conjugation of the AlexaFluor dye to PLL was determined by UV-VIS.
For this, the fluorescent PLL (PLL") was diluted to varying degrees and the absorbance at
495 nm was measured. A Beer’s Law plot of the absorbance of the PLL" versus the PLL
concentration was constructed and the % conjugation was calculated. Figure 4.1 shows
the plot from which the % conjugation was calculated. The % conjugation was

determined to be 4.2 + 0.5%.
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Figure 4.1. Beer’s Law plot of absorbance (at 495 nm) versus PLL concentration
(mg/mL). From this, the % conjugation of AlexaFluor to PLL was calculated (4.2 +
0.5%).
4.2.4. Sample Preparation and Microscopy

To monitor the beginning stages of microgel film assembly, both passively and
actively deposited monolayers composed of MG-20 were built on a silanized substrate.
For this, an amine rich glass substrate was first prepared by placing 12 mm round
coverslips in a (3-aminopropyl) trimethoxysilane (APTMS) solution (1% v/v) for 2 hours
while shaking. The functionalized glass coverslips were then removed from solution and
rinsed with 70% ethanol and distilled deionized water and dried under N,. Glass
coverslips were then placed in individual wells within a 24-well plate and allowed to
equilibrate in HIS PBS. The PBS solution was then removed and replaced with a 0.1
mg/mL solution of microgels re-suspended in HIS PBS. Negatively charged microgels
were deposited onto the positively charged surface by passive deposition using varied
deposition times (10 min, 30 min, 1 hr, 2 hr, 3 hr, 4 hr, 5 hr, 10 hr, and 15 hr) or by
centrifugal deposition (2250 x g, 10 min). These samples were then rinsed with distilled
deionized water and placed in a 1 mg/mL PLL" solution for 2 hr while shaking.

Samples were then removed from the PLL" solution, rinsed, and dried under N,. Next,
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microgels were deposited onto the PLL rich surface by maintaining the same deposition
time or technique as was used for the previous microgel deposition step (varied passive
deposition time or centrifugal deposition).

Films were imaged before and after the deposition of the second microgel layer
using an inverted IX-71 Olympus microscope equipped with an oil-immersion 100x
objective and a Photometrics Coolsnap MY O charge-coupled device (CCD) camera
(Tucson, AZ). The location of PLL" was imaged during fluorescence excitation using an
LED light source equipped with an excitation band pass filter of 460-500 nm and
emission band pass filter of 510-560 nm. The location of microgels in brightfield and in
fluorescence was recorded using a cell counting plug-in available for the program ImageJ
as a means of determining the percentage of microgels containing PLL" before after after
the addition of the second microgel layer.

Samples containing the polyelectrolyte PDADMAC were also assembled to check
for consistency of behavior across varied polyelectrolyte species. For this, a centrifugally
(2250 % g for 10 min) deposited monolayer of MG-20 was first created on the clean,
silanized glass substrate. After rinsing, the monolayer was exposed to a 0.1 monoM
solution of positively charged PDADMAC (M.W. = 400-500 kDa) for 30 min while
shaking. Films were removed from PDADMAC, rinsed, and placed in a 0.1 mg/mL
solution of 10% AAc containing microgels (MG-10) for 10 min. This film was again
rinsed and exposed to PDADMAC for 30 min while shaking, rinsed, and placed ina 0.1
mg/mL solution of MG-20 for 10 minutes. The deposition of each layer was monitored

by AFM (see Section 2.2.4 for AFM details).
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Microgel film morphology after each microgel deposition step during the LbL
assembly of microgel films by active deposition was also monitored. For this, MG-20
microgels were deposited by centrifugation (2250 x g, 10 min), rinsed, and the sample
was placed in the polyelectrolyte, PDADMAC (0.1 monoM) for 30 minutes while
shaking. The sample was rinsed and additional 3 additional microgel and 2 additional
polyelectrolyte deposition steps took place. The morphology of the film after the

deposition of each microgel deposition step was monitored by AFM.

4.2.5. Real-Time Microgel Tracking

To monitor the interaction of microgels in solution with microgels on a surface in
real-time, passively and actively deposited microgel monolayers exposed to PLL" as
described above were placed on an IX-70 inverted microscope and a drop of HIS PBS
buffer was added to the sample to allow for a rehydration of the film. After the sample
had equilibrated, the buffer was removed and a drop of a 1 mg/mL solution of microgels
was placed on the sample. The interaction of the microgels in solution with the microgels
on the glass coverslips was observed using an Andor Luca electron multiplying charge
coupled device (EMCCD) camera (Belfast, UK) with a frame rate of 220 ms for a total of
1000 frames. Tracking was also done for microgels exposed to the polyelectrolyte,
PDADMAC, as a comparison of the observed interactions across different polyelectrolyte
species. The frame rate used for PDADMAC containing samples was 500 ms for a total

of 700 frames.

78



4.3. Results and Discussion

In Chapter 3 it was observed that the charge distribution and morphology of
microgels could be affected by the local environment (i.e. solvent or polyelectrolyte
exposure). In this case, an increase in potential was shown for microgels exposed to a
lower ionic strength, and a decrease in potential was observed for microgels after
exposure to PDADMAC and subsequent addition of microgels. In the latter example, the
change in potential was surprising because morphological changes were not limited to
microgels that were exposed to polyelectrolyte, but seemed to span to newly deposited
microgels. This result suggested a more complex interaction between microgel and
polyelectrolyte than originally thought. Within the realm of multilayer microgel films,
the deposition of the microgel and the polyelectrolyte has always been (perhaps naively)
considered a one-to-one process, wherein each deposition step results in irreversible (on
the timescale of deposition) incorporation. These early results from Chapter 3 suggested
this may not hold true and showed that there may be interactions at play not only between
the microgel and the polyelectrolyte, but also with subsequently deposited microgels.

As noted above, microgels are an intricate species due to their polymer/colloid
duality and their interactions with charged species are not instinctive. The results from
Chapter 3 emphasizes that microgel behavior with charged species cannot be compared
or modeled based on previously understood systems, such as purely polyelectrolyte
films? or nanoparticle-polyelectrolyte” films. A true understanding of microgel film
formation must be developed by monitoring the interactions and behavior of these

microgel thin film building blocks.
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4.3.1. Microgel Interactions with PLL-Labeled Microgel Surfaces

To divulge the interaction of microgel thin film building blocks, first the
polyelectrolyte was monitored by fluorescently tagging a well-studied polyelectrolyte,
PLL (herein called PLL*),%*?® and directly visualizing the location of polyelectrolyte
during two microgel deposition steps. For this, passive and centrifugal deposition were
used to deposit MG-20 microgels onto a surface, and the microgels were then exposed to
PLL" resulting in charge overcompensation and thus a positively charged surface. A
second MG-20 deposition step followed, keeping constant the deposition time and
technique used for microgel deposition. A first look at this behavior can be seen in
Figure 4.2, which shows a comparison of samples created by either utilizinga 1 hr

passive microgel deposition (Figure 4.2a-c) or active microgel deposition (Figure 4.2d-

).

Figure 4.2. Images of passively (a) and actively (d) deposited microgels after exposure to
PLL" are shown. After a second exposure to MG-20 by passive (b,d) and active (c,f)
deposition films were imaged in brightfield and fluorescence, respectively. Areas lacking
PLL" are shown in red squares and areas exhibiting PLL" diffusion are circled in blue.
Passive deposition time = 1 hr, scale bar =1
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Both deposition techniques shown in Figure 4.2 appear to show redistribution of
the PLL" to microgels deposited during the second microgel deposition step. This is more
obvious for the centrifugal deposition case (Figure 4.2d-f) as it appears that all of the
microgels deposited by centrifugal deposition are fluorescently labeled, regardless of the
deposition step in which they were deposited. The passive deposition case seems to
exhibit less uniform distribution of the polyelectrolyte and several microgels after the
second microgel deposition step (Figure 4.2c, red boxes) can be seen on the surface that
are not fluorescently labeled. This implies that the redistribution of polyelectrolyte is
dependent on the packing of microgels after the initial deposition step.

To understand the effect of packing on the redistribution of polyelectrolyte, a
varied passive deposition times were explored and samples were analyzed by brightfield
and fluorescence microscopy and compared to centrifugal deposition. To determine the
extent of PLL exchange, a % overlap was calculated after the second microgel deposition
step. For this, a brightfield image and a fluorescence image were taken of a
representative area of the sample and individual microgels were counted on each image.
A percentage of labeled microgels was determined by taking a ratio of these two values
and deemed the % overlap between the two images. Representative composite
brightfield and fluorescence images are shown in Figure 4.3a-d along with the % overlap
(Figure 4.3e) and microgels per pm? (Figure 4.3f) in samples prepared with varying

deposition times.

81



0177050 1 T2 73T 4T 5 T10T 15 Teent

10 15 ‘cent

Microgel Deposition Time Microgel Deposition Time

Figure 4.3. Composite images of samples composed from two microgel deposition steps
with passive deposition times of 1 hr (a), 5 hr (b), 15 hr (c), and centrifugal deposition
(d). The % overlap (e) and particles per pm? (f) are shown for varied deposition times (in
hrs) and centrifugation. n = 5, scale bar =5 pm.

The data presented in Figure 4.3 show the marked differences between films
assembled with varied deposition time and technique. The composite (brightfield
overlaid with fluorescence) images (Figure 4.3a-d) give a good visual representation of

the morphological changes of the microgels and suggest a redistribution of

polyelectrolyte. The increase in % overlap with increasing microgel deposition time adds
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validity to this suggested redistribution, as increasing % overlap is indicative of an
increase in PLL redistribution (Figure 4.3e).

To understand this % overlap, it is helpful to consider a film in which the
polyelectrolyte does not redistribute. If the same deposition condition is used during the
first and second microgel deposition stage, approximately the same number of microgels
should deposit during these two steps. If there was not any redistribution of
polyelectrolyte after the deposition of the second microgel layer, the % overlap would be
~50%, meaning that all of the microgels from the first layer were labeled, but the
microgels within the second layer did not incorporate the polyelectrolyte. If there were
redistribution, it would be expected that the % overlap will be > 50%, and the greater the
degree of redistribution the greater the % overlap.

In these studies, microgels deposited passively for 1hr had the lowest percent
overlap (61%) and the highest passive deposition time of 15 hr resulted in a 96 %
overlap. Centrifugal deposition exhibited the greatest degree of redistribution, with the %
overlap being ~100%. For passive deposition, increasing the microgel deposition time
creates greater coverage of the silanized substrate. The presence of a >50% overlap
regardless of deposition time indicated that even at short times, there is in fact some
amount of redistribution. However, increasing microgel deposition time allowed for
greater PLL redistribution. Results also show that even at long passive deposition times,
the highest degree of redistribution (100%) or complete redistribution could not be
achieved. This adds validity to previously published results,” which cited centrifugal
deposition as being not only a quicker method but also a more robust method allowing

for a greater packing and more well-formed microgel multilayers.
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The results also showed that centrifugal deposition created greater microgel
packing, as indicated by the microgels per pm? (Figure 4.3f), with centrifugal deposition
exhibiting the greatest number of microgels per pm? (1.43 microgels/um?) and 1 hr
passive deposition exhibiting the lowest (0.12 microgels/um?). Again, even at the longest
passive deposition of 15 hr, the microgels per um? (1.21 microgels/um?) was still lower
than with centrifugal deposition, indicating that the greatest packing could only be
achieved by centrifugal force. Considering this packing in conjunction with the %
overlap, the results suggest that increased packing allows for maximal redistribution of
polyelectrolyte upon additional microgel deposition steps which cannot be reached by
passive deposition alone. This builds a better picture of polyelectrolyte behavior within
the initial deposition steps of microgel film assembly. Keeping this behavior in mind, the
behavior of the microgel can now be explored and analyzed.

From an analysis of the % overlap and microgels per pm? of the above samples,
an unexpected behavior of the microgel emerged. Surprisingly, during the second
microgel deposition step newly deposited microgels appeared to pack with (or next to)
previously deposited microgels as opposed to positioning on top of previously deposited
microgels. This was true for both the passive and active deposition techniques, which is
somewhat surprising due to the fact that the overall surface charge of the sample after
PLL" exposure is positive and microgels within the second deposition step are negative.
At lower deposition times it could be true that microgels being deposited during the
second deposition step do not “see” previously deposited microgels. However,
centrifugally deposited microgels are considered optimally packed, so this lack of film

growth and instead continued monolayer packing is surprising.
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In order to begin developing an understanding of the interactions at play that
allow for a redistribution of polyelectrolyte and increased packing over film growth, real-
time monitoring of microgel deposition was utilized. For this, MG-20 microgels were
first deposited by passive or active deposition. These films were then exposed to PLL"
and the deposition of the second MG-20 microgel layer onto the PLL"- microgel surface
was monitored in real-time. From this, a variety of interactions were visualized that may
aid in developing a more detailed picture of the microgel and polyelectrolyte behavior
during early stages of film development. The interactions of microgels from solution
with a PLL-microgel surface in which microgels are passively deposited can be seen in
Figure 4.4. Areas of deposition are labeled with red circles and fluorescence images
(Figure 4.4d, g, |, p) were taken after tracking to analyze the movement (or lack thereof)

of PLL" into the newly deposited microgels.
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Figure 4.4. Real-time tracking of microgels depositing onto a PLL-microgel surface.
Microgels from solution deposited either directly onto the surface (a-d), “sampled” the
microgel surface before deposition (e-h), directly landed on microgels and slid to the
substrate surface (i-1), or landed and settled between previously deposited microgels (m-
p). Red circles indicate areas of deposition. Scale bar =1 pm.

Several types of interactions were observed by tracking the deposition of
microgels from solution onto passively deposited PLL -microgel surfaces and the

predominant interactions will be described here. First, microgels from solution can
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diffuse from solution to the sample surface and deposit directly onto the substrate without
interacting with the PLL-microgel surface (Figure 4.4a-c). The fluorescence image from
this deposition (Figure 4.4d) shows that the newly deposited microgel does not exhibit
any fluorescence and therefore has not incorporated any (measurable amount) of PLL".
Second, microgels from solution can fall from solution and interact with microgels on the
surface (Figure 4.4e-g, orange arrow) and then ultimately deposit on the glass substrate
(Figure4.4h). In this case, the microgel from solution appears to be sampling the surface
before ultimately landing on the silanized substrate. The fluorescence image after the
interaction and deposition (Figure 4.4h) of the circled microgel (red circle) suggests that
the microgel was either interacting in some way with the previously deposited PLL"-
microgels, or with the microgel in close proximity to the newly deposited microgel. This
is indicated because the newly deposited microgel is slightly fluorescent, indicating PLL"
movement. The other two interactions presented (Figure 4.4i-k and Figure4.4m-o)
show microgels from solution interacting with the microgels on the surface by originally
landing on a PLL-labeled microgel, but ultimately sliding off of the microgel and either
landing on the substrate surface (Figure 4.4i-k) or resting between two previously
deposited microgels (Figure 4.4m-0). Fluorescence images of these microgels after
deposition show that the newly deposited microgels are now fluorescent, suggesting a
redistribution of PLL" to the newly deposited microgels.

Microgels from solution showed less diverse interactions with PLL -microgels in
which microgels are centrifugally deposited as can be seen in Figure 4.5. Three
interactions are shown here that exemplify the events witnessed during tracking of

centrifugally deposited microgel surfaces after exposure to PLL and subsequent exposure

87



to a microgel solution. First, black arrows within Figure 4.5a and Figure 4.5c¢ indicate
newly deposited microgels that have landed directly onto a PLL - microgel within the
centrifugally deposited layer. Figure 4.5b and Figure 4.5d represent the point at which
this newly deposited microgel slides from the PLL-microgel surface to the substrate
surface. The amount of time required for this movement to take place is varied, here it
took 23.54 s for interaction 1 (Figure 4.5b, yellow square) and 17.38 s for interaction 2
(Figure 4.5d, red circle). Alternatively, microgels from solution could also diffuse from
solution and “sample” the underlying microgel surface and ultimately land directly on the
silanized substrate. (Figure 4.5e, blue square) Also worth noting is the tendency for these
newly deposited microgels to maximize surface coverage with previously deposited
microgels, wherein the rearrangement of the newly deposited microgels continued until
the microgel was packed into the previously deposited microgels at which point there was
no longer microgel movement. For all 3 interaction conditions, the fluorescence image
shows a redistribution of polyelectrolyte to the newly added microgels (Figure 4.5f). As
opposed to passive deposition, when microgels from solution interaction with a surface
containing centrifugally deposited microgels all interactions result in some amount of
PLL" redistribution. Taking into account the interactions shown in Figure 4.4, this may
indicate that limiting the available underlying substrate results in greater interactions of
microgels from solution with PLL-labeled microgels, and therefore greater PLL

redistribution.
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Figure 4.5. Real-time tracking of microgels depositing onto a centrifugally deposited
microgel surface after exposure to PLL. The yellow square shows microgel deposition
onto an underlying microgel (a) and slide-off onto the substrate (b). The red circle also
shows deposition onto the microgel (c) and slide-off onto the substrate (d). The blue
square shows deposition of a microgel between 3 PLL-labeled microgels. Fluorescence
images show PLL redistribution after microgel deposition (f). Scale bar = 1 um.

There are several implications worth noting from the tracked interactions of
microgels from solution with passively and actively deposited microgel surfaces. First,
tracking of surfaces containing actively deposited microgels, which predominately
exhibit, uniform redistribution, suggest that greater packing of the surface reduces the
probability that microgels will interact directly with the silanized substrate. This may
suggest that the greater polyelectrolyte redistribution witnessed for actively deposited
surfaces (Figure 4.3e) is not only attributed to the tighter microgel packing and smaller

microgel footprint, but also the limited availability of the underlying silanized substrate

for newly deposited microgels to directly interact.
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Alternatively, the tracking of passively deposited microgel surfaces suggest that
when microgels from solution interact with a surface containing poorly packed microgels
labeled with PLL", there is a lower degree of polyelectrolyte redistribution. When the
microgel from solution interacts directly with the silanized substrate without interacting
with the underlying PLL -microgel surface, redistribution of polyelectrolyte to the newly
deposited microgel is limited. This is most obvious in Figure 4.4d where microgels
deposited during tracking did not exhibit any fluorescence. Second, results suggest
microgels from solution “sample” the underlying surface, and during this process can
pick up polyelectrolyte before deposition onto the silanized substrate (Figure 5.4h).
Lastly, microgels from solution could land on PLL-microgels contained on the surface;
however these newly deposited microgels did not stay directly on the PLL-labeled
microgels and tended to slide from the surface of the microgel to the underlying
substrate. This suggests an array of possible interactions of the microgel in solution with
underlying PLL"-microgel surface, which can result in varying degrees of polyelectrolyte
redistribution. These interactions may be an indication of the varying degree of
redistribution observed for increasing passive deposition time (Figure 4.3e), wherein
increasing deposition time results in decreased substrate availability and therefore
increased interaction of microgels from solution with the underlying PLL"-microgel
surface. Additional testing is necessary to quantify this, but the interactions observed
give a good first insight into a direct visualization of the interactions that may be
attributed to the witnessed (or lack) PLL" redistribution (Figure 4.3e).

Results also suggest a preference of the microgel to ultimately deposit onto the

silanized substrate surface, which may be explained by either a desire to rest on a hard
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flat substrate as opposed to the soft contoured surface of the microgel or a preference of
the microgel to maximize contact with other microgels, which can be accomplished when
the newly deposited microgel “rolls” from the underlying microgel to its final location
between PLL -labeled microgels. An indication of the latter behavior is most obvious for
interaction 3 (blue square) from Figure 4.5e, wherein the microgel from solution arrived
at the underlying microgel surface and shifted position between microgels before
interacting permanently between three microgels (Figure 4.5e). Again, addition testing
is needed to quantify this behavior, but the observed interactions suggest the above.
Although a complete picture of the pathway for deposition of the microgel from
solution onto the underlying surface cannot be determined from these results alone, the
behaviors observed can give important insight into some of the behavior that may be
attributed to polyelectrolyte redistribution and thus the early pathway of microgel film
assembly. Whereas it had been thought in previous years that each microgel deposition
step led to an increase in microgel film thickness, the data presented within suggest that
microgel films will in fact grow laterally before growing in thickness regardless of the
packing of the initial microgel deposition step. These data also show an interesting
behavior of the polyelectrolyte, which had been previously thought of as a “glue” within
microgel multilayer thin films. Here, it can be seen that the polyelectrolyte exhibits
rearrangement with microgels depositing from solution. This suggests a behavior or
interaction between microgels and polyelectrolyte that has previously not been realized.
Additional insight into polyelectrolyte behavior within microgel assemblies will be
explored in Chapter 5, but the results shown herein serve as a first look and realization

of the intricacies involved with polyelectrolyte-microgel behavior and assembly.
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4.3.2. Microgel Interactions with PDADMAC-Labeled Microgel Surfaces
To this point, all of the data shown in this chapter have used the polyelectrolyte

PLL. PLL is considered a weak polyelectrolyte,**?*?’

which has a tendency to exhibit
diffusivity.”® To determine whether the redistributive behavior of PLL exhibited above is
limited to diffusive polyelectrolytes, a strong polyelectrolyte was explored. PDADMAC
is an inherently strong polyelectrolyte?® and was therefore chosen for these studies. By
showing that the interaction of microgels with polyelectrolyte is not limited to the
inherent charge characteristics of the polyelectrolyte, it can be determined that microgel
behavior with polyelectrolyte is due to in large part to microgel complexity. For this, a
microgel monolayer composed of MG-20 deposited by centrifugal deposition (Figure
4.6a) was exposed to PDADMAC and then MG-10 (10% AAc-containing) microgels
were passively exposed to the surface (Figure 4.6b). Although centrifugation created an
optimally packed monolayer, after exposure to PDADMAC and subsequent addition of
MG-10, the newly deposited microgels adhered to the substrate surface. This film was

then exposed to PDADMAC and MG-20 was passively deposited (Figure 4.6¢), and the

same result was seen.
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Figure 4.6. AFM height images of microgel films after a single MG-20 exposure (a),
after PDADMAC and subsequent MG-10 exposure (b) and upon an additional
PDADMAC exposure and subsequent deposition of MG-20 (c). Images are 20 x 20 pum.
When centrifugally deposited microgels are exposed to PDADMAC and then
exposed to a microgel of different composition, the second microgel type appears to show
preference to rest between the centrifugally deposited microgels as opposed to interacting
and assembling atop the microgels from the first deposition step. This matches well with
the results presented in Figure 4.5 and Figure 4.6 for microgels exposed to PLL, wherein
a variety of surface interactions were witnessed, however microgels from solution tended
to ultimately adhere to the silanized substrate surface as opposed to resting on the surface
of PLL-labeled microgels. As a next step, tracking was utilized to determine if the
interactions witnessed for PLL-microgel surfaces were also observed when microgels

from solution were exposed to a PDADMAC-microgel surface. The results for this are

shown in Figure 4.7 below.
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Figure 4.7. Real-time tracking of microgels from solution interacting with a
PDADMAC-microgel surface. Microgels from solution deposited directly onto a
PDADMAC-microgel (a) and slid off (b-c), deposited directly to the silanized substrate
(d), moved into PDADMAC-microgels after depositing onto the silanized substrate (e-g),
or sampled the PDADMAC-microgel surface and deposited onto the silanized substrate
(h-k). Microgel surface testing is marked with a black arrow (j). Interactions are shown in
red circles. Scale bar =1 um.

The images obtained by tracking the deposition of microgels from solution onto
PDADMAC-microgel surfaces show similar interactions as those exhibited by microgels
interacting with a PLL-microgel surface (see Figure 4.4 and Figure 4.5). First,
deposition of a microgel from solution to a PDADMAC-labeled microgel resulted in a
“slide-off”” event, in which the newly deposited microgel does not favor an interaction

with the PDADMAC-labeled microgel and instead ultimately rests between two

microgels on the substrate (Figure 4.7a-c). During the tracking of this first event,
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another deposition event was also witnessed in which a microgel from solution directly
deposits onto the silanized substrate without interacting with the PDADMAC-microgel
surface (Figure 4.7d). Similar to what was seen for PLL containing surfaces, microgels
from solution tested the PDADMAC-microgel surface before permanently attaching to
the substrate surface (Figure 4.7h-k). For this interaction, an arrow (Figure 4.7})
indicates a microgel that is “sampling” the surface before resting near PDADMAC-
microgels on the silanized substrate (Figure 4.7k). Also shown in Figure 4.7 is an
interaction in which the microgel attaches to the silanized surface (Figure 4.7f) and
appears to “move” into PDADMAC-microgels (Figure 4.7e). This interaction could be
another indication of the preference of microgels to maximize surface contact after
deposition, as the movement creates an increase in surface contact between the newly
deposited microgel and the PDADMAC-microgel surface.  Importantly, the
interactions observed for microgels from solution depositing onto a PDADMAC-
microgel surface are similar to those observed for PLL-microgel surfaces, validating that
this behavior is not polyelectrolyte dependent but an inherent feature of
microgel/polyelectrolyte surface interactions. In addition, this array of visualized
interactions by real-time tracking may be attributed to the visualized polyelectrolyte

redistribution (or lack thereof) as seen in Figure 4.3e.

4.4. Conclusions and Outlook
The data presented above mark the first visual representation of the dynamic
behavior of polyelectrolytes with microgels during deposition onto a charged substrate.
As noted earlier, the assembly process of microgel thin films by LbL with a linear

polyelectrolyte has been thought previously as a one-to-one assembly method, wherein a
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deposition of each charged species results in irreversible incorporation and each
deposition step results in an increase in film thickness. However, the data presented
herein shows that during the earliest deposition stages, the microgels from solution
exhibit an array of interactions with the surface and preferentially choose the silanized
substrate in order to create maximal packing. Even if centrifugal deposition is used to
create well-packed microgels during the first deposition step, microgels within the second
microgel deposition step choose to ultimately land on the silanized substrate. This means
that film growth or increase in film thickness may not take place until after the initial
substrate is completely covered. This complexity is another example of the
colloidal/polymer duality of the microgel, wherein the microgel does not act solely as a
colloidal sphere, but is able to contract and react to the environment to create an
optimally organized surface.

Aside from the packing of the microgels within the first two microgel deposition
cycles, the behavior of the polyelectrolyte was visualized. After the first microgel
deposition step, the microgel surface is exposed to a positively charged linear
polyelectrolyte and charge reversal results. After exposure of this polyelectrolyte-
microgel surface to another microgel deposition step, the polyelectrolyte exhibits
rearrangement (Figure 4.2). It was shown that as the packing of microgels after the first
microgel deposition step increased, the degree of polyelectrolyte redistribution increases.
When considering the various interactions witnessed during tracking, this increase in
redistribution can be attributed to a decrease in available types of interaction with the
surface. For instance, when the surface is maximally packed with polyelectrolyte-labeled

microgels, microgels in solution appear to prefer to interact in some way with the
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polyelectrolyte-microgel surface before ultimately resting on the substrate surface. In
contrast, when the surface is not maximally packed, microgels from solution are capable
of depositing directly onto the surface without contacting the polyelectrolyte-microgels
on the surface. For films containing PLL, a fluorescence image was taken after tracking
to visualize the fluorescently-labeled polyelectrolyte. These images showed that when
the newly deposited microgels interacted and deposited in such a way that it displayed
surface contact with PLL -microgels, they displayed fluorescence (Figure 4.5).
Alternatively, if the newly deposited microgel interacted minimally or not at all with the
underlying PLL-microgel surface, the newly deposited microgel displayed little to no
fluorescence (Figure 4.4). These studies show the first example of the polyelectrolyte
not acting as “glue,” but as a component which exhibits dynamic behavior with
microgels, and this behavior should be considered when building a complete picture of
film assembly.

The implications of this behavior on the larger scale cannot be inferred from this
data alone and the diffusivity and exchange of polyelectrolyte within larger scale films
will be explored in Chapter 5. However, this data does present the interactions at play
during the beginning stages of film development, and these interactions could have
significant implications on the microgel film assembly process. A visualization of
microgel films during multilayer assembly can show how these early stages affect film
growth. Using AFM, the assembly of a microgel film was visualized after the deposition
of each microgel layer by centrifugation. In Figure 4.8, the morphology of each
microgel layer is visualized by AFM after the addition of each deposition step for a 4

layer microgel film.
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Figure 4.8. AFM images of an MG-20 microgel film assembly after microgel deposition
1 (a), deposition 2 (b), deposotion 3 (c), and deposition 4 (d). PDADMAC was deposited
between each microgel deposition step. Images are 20x20 pum.

It can be seen in Figure 4.8 that complete coverage of the substrate is not
witnessed until the 3" or 4™ microgel deposition step. These images emphasize the
results seen previously, wherein complex interactions and rearrangement result in
substrate preference and lateral growth over growth in film thickness. As the substrate
becomes less available, the film begins to build in thickness. This shows that the
complex interactions at play at these early stages of film assembly are the deciding factor
in whether a film will grow in a well-defined uniform manner, or whether it will grow

poorly. Again, the results presented herein do not represent a complete picture of film

assembly, but these results do show how the complexity of the microgel with a charged
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species can dictate the growth behavior within the foundational stages of microgel film

assembly. These studies emphasize the previously reported polymer/colloid duality of

the microgel, showing how it affects interactions with other charged species and also how

this affects its behavior within assemblies. Continued efforts to understand the

interaction of these two intricate entities will aid in the development of a true model of

microgel multilayer film assembly.
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CHAPTERS
EXPLORING POLYELECTROLYTE BEHAVIOR IN MICROGEL
MULTILAYER THIN FILMS
Portions Adapted From:
Spears, M. W.; Herman, E. S.; Gaulding, J. C.; Lyon, L. A., Dynamic Materials from
Microgel Multilayers. Langmuir. 2014, 30, 6314-6323.
Herman, E.S.; Lyon, L.A. Polyelectrolyte Exchange and Diffusion in Microgel

Multilayer Thin Film Formation. Soft Matter. Submitted.

5.1. Introduction

The fabrication and self-assembly of functional polymeric thin films has been an
area of interest over the years for a variety of applications For example, the inherent ease
of incorporation of environmental responsivity within polymers has been used to create
microgel multilayer thin films for controlled drug release,*? polymeric brush thin films
for sensing applications,®* or self-healing hydrogel films,>® just to name a few. An
assortment of techniques has been explored in an effort to produce such films, with one
technique in particular being noted as revolutionizing the realm of thin film research.
Known as Layer-by-Layer (LbL) assembly, this technique allows for a simplicity,
reproducibility, efficiency, and versatility® previously lacking in other deposition
techniques. Several approaches can be employed for the production of films through
LbL,>* with the most common being Coulombic LbL. For this, a charged surface is
exposed to an oppositely charged species in solution. This charged species will decorate
the substrate surface, resulting in charge reversal and charge overcompensation.

Subsequent immersion into a solution of species exhibiting the same (new) charge as the
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surface will again result in deposition and an associated surface charge reversal. This
process can be repeated to a desired film thickness. The technique was first demonstrated
by ller et al in 1964, but was not popularized until 1992 when Decher et al. illustrated
the utility of the technique through the alternating deposition of charged
polyelectrolytes.'® This technique has since grown to incorporate and employ other
charged species, such as nanoparticles, proteins, and DNA.**°

As is true with many techniques, with a growing interest in Coulombic LbL came
an understanding that not all systems were as simplistic as described above. This has
become most evident in the extensive research in polyelectrolyte thin films.'” In the early
years, it was believed that films created through the LbL technique grew exclusively in a
linear fashion, with the same amount of polymer (or thickness) being added in each step.
However, significant complexity in film growth was brought to light when it was found
that the poly-L-lysine (PLL)/sodium alginate (Alg) system exhibited supralinear
growth.”® Although some polyelectrolyte pairs such as polystyrene sulfonate (PSS)/
polyallylamine hydrochloride (PAH) do interact in a way that produces linear film
growth,*® an increasing number of polyelectrolytes have been shown to interact in a way
that leads to exponential growth.?>#" Exponential growth has been attributed to the
mobility of one or both polyelectrolytes involved in film formation, which allows for the
diffusion of polyelectrolytes in and out of the film as each layer is added (Scheme 5.1).%*
2224 |f the film surface is not permeable to the polyelectrolyte solution to which it is
exposed, then the film will build at the film surface (linear growth), whereas if the film is
permeable, polyelectrolyte will diffuse in and out of the film upon exposure to the

oppositely charged polyelectrolyte or upon washing, which results in exponential growth.
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The structure of exponentially grown polyelectrolyte films and the permeability of

222526 and the influence

polyelectrolytes has been studied through a variety of techniques
of such behavior in response to external parameters, such as pH and salt concentration,
has also been characterized.?*#"*® Dynamic growth behavior has also been witnessed in
films containing a non-linear polyelectrolyte component, such as proteins® or
nanoparticles,® however our understanding of growth behavior and assembly in films

containing a non-linear polyelectrolyte component (i.e. a microgel) is currently under-

developed.
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Scheme 5.1. Schematic drawing of the mechanism of exponential polyelectrolyte film
growth, starting with a negatively charged film (a). The film is put in contact with a
polycation solution (b), which diffuses into the film concentrating at the top of the film
and creating charge overcompensation. After rinsing (c), some interpenetrated polycation
remains within the film. Exposure to an oppositely charged polyanion (d) creates
diffusion of the excess polycation “out” of the film and polyanion will diffuse “in”.
Concomitant charge overcompensation and charge reversal results (e).

The formation of polymeric thin films through the incorporation of soft colloidal

microgel-sized hydrogels (microgels) has been a useful area of study due to the porosity
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and versatility of microgels, which allows for the incorporation of various charged
species. These qualities have shown practicality in the formation of films with versatile
application, such as microgel films exhibiting self-healing behavior,* resistance to cell
adhesion®? and drug delivery capabilites.”* Microgel thin films are prepared in our lab
through a modified LbL technique wherein centrifugal deposition is used to allow for the
formation of well-packed negatively charged microgels followed by exposure to a
positively charged linear polyelectrolyte.*> This process is repeated until a desired
microgel-polyelectrolyte film thickness is achieved. Studies of these multilayer films
have revealed their ability to self-heal® and resist cellular adhesion.®* However, an
understanding of the interactions at play that allow for such behavior is under-developed
and a deeper understanding of these materials is desired. More recent research on these
microgel-polyelectrolyte films has gone into better understanding the role of the microgel
within dynamic behavior,*® but as noted therein additional testing is necessary to
understand the fundamental parameters of these microgel film components.

To that end, the role of the polyelectrolyte within microgel thin film assembly was
analyzed and the results are presented herein. For this, the diffusion of the
polyelectrolyte, Poly-L-Lysine (PLL), within microgel-polyelectrolyte films is explored.
Through the incorporation of fluorescently-labeled PLL (PLL") at various stages of film
construction, the incorporation of polyelectrolyte can be monitored by UV-VIS
spectrophotometry and polyelectrolyte diffusion can be visualized via confocal laser
scanning microscopy (CLSM). Mechanical stress is then used to visualize the behavior
of PLL during damage events and after healing to give insight into long-range

polyelectrolyte redistribution and exchange. This study seeks to gain a better
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understanding of polyelectrolyte diffusion and exchange within microgel thin films in
order to create a more complete picture of the interaction of microgel thin film
components. From a more detailed understanding, insight into the source of dynamic

behavior within microgel thin films may be realized.

5.2. Experimental
5.2.1. Materials
All chemicals were purchased and used as described in Chapter 2- Chapter 4. In
addition, fluorescent red carboxylate-modified polystyrene latex beads were purchased
and used as received. Water used in all reactions, particle purifications, and buffer
preparations was purified to a resistance of 18 MQ (Barnstead E-Pure System), and

filtered through a 0.2 um filter to remove particulate matter.

5.2.2. Microgel Synthesis and Characterization

Microgels (78% NIPAm, 10% AAc, 2% BIS) were synthesized as described in
Chapter 3. Microgels were purified through centrifugation and resuspension in distilled
deionized water and were lyophilized to increase storage stability. Microgels were

characterized by DLS as described in Chapter 3, with an r,= 495 nm.

5.2.3. Polyelectrolyte Preparation
Conjugated PLL (PLL") was prepared as described in Section 4.2.3. The
conjugated PLL was purified by dialysis with distilled deionized water using dialysis

tubing with a molecular weight cutoff of 12-14,000 Da (VWR Scientific).
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5.2.4. Microgel Thin Film Assembly

Microgel-PLL thin films were prepared by a modified LbL technique as
previously described.*? After functionalization with (3-aminopropyl)-trimethoxysilane
(APTMS), glass coverslips were placed in 24-well plates and submerged in pH 7.4 HIS
PBS. The HIS PBS was then removed and a 0.1 mg/mL microgel solution was placed
on the glass coverslips and the microgels were deposited through centrifugation at 2250 x
g for 10 min using an Eppendorf 5804R centrifuge equipped with a microwell plate rotor.
Films were then removed and rinsed with distilled deionized water and placed in either
labeled or non-labeled PLL at a concentration of 1 mg/mL. PLL was deposited while
shaking for 2 h. This process was repeated until a total of 11 microgel layers and 10 PLL
layers were achieved. Three types of films were prepared with fluorescently labeled PLL
introduced at layer 1, 5, or 10 (PLL";, PLL"s or PLL "1, respectively) while all other PLL
layers were non-labeled. A film containing fluorescently-labeled PLL throughout the
film was also constructed for comparison. Additionally, films visualized via CLSM
contained red fluorescent carboxylated polystyrene beads at microgel layer 1, 5and 11

for determination of film depth/thickness.

5.2.5. Polyelectrolyte Diffusion and Exchange Characterization

Polyelectrolyte behavior within the aforementioned films was monitored by
CLSM microscopy using a Zeiss LSM 700 confocal microscope with a plan apochromat
63X oil objective with a numerical aperture (NA) of 1.4 (Carl Zeiss, Inc., Thornwood,
NY). An excitation wavelength of 488 nm was used to image the z-stacks AlexaFluor
488 labeled PLL and 555 nm was used image the carboxylated red fluorescent beads. To

prepare samples, a rubber gasket was first affixed to a glass slide. A drop of water was
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placed in the center of the gasket and glass coverslips containing deposited films were
affixed to the rubber gaskets allowing for in-liquid CLSM imaging. Orthogonal views of
AlexaFluor 488 PLL/microgel films were analyzed using ImageJ software.
Polyelectrolyte diffusion into and out of the films was also studied using a Tecan
M200 Pro series plate reader. Films were created using the technique described above
(see Section 5.2.4.2) on a glass substrate. After the addition of each polyelectrolyte and
microgel layer, the film was analyzed by placing the one sample per well in a 24-well
plate and recording the absorbance at 495 nm. Films were created by introducing
fluorescently labeled PLL at varying layer number, with all films containing a total of 11

microgel layers and 10 polyelectrolyte layers.

5.2.6. Microgel Thin Film Thickness Measurements

The thickness of the swollen microgel films was analyzed by in-liquid AFM using
an Asylum Research MFP-3D AFM (Santa Barbara, CA). For in-liquid imaging, Asylum
Research iDrive cantilevers were used (Force Constant = 0.09 N/m). Films were
constructed on glass coverslips as described above and a scratch was made with a straight
edge razor to expose the glass surface. Films were fixated to a glass slide using silver
paint and samples were allowed to equilibrate in HIS PBS for approximately 30 min.
Films were then imaged perpendicularly to the scratch region with a scan size of 50 um
to allow for analysis of film height on either side of the scratch. The MFP-3D software
written in the IgorPro (WaveMetrics Inc., Lake Oswego, OR) environment was used to
analyze the height of films by drawing line traces across 4 height maps of scratched

regions.
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5.2.7. Mechanical Deformation and Polyelectrolyte Exchange in Microgel Thin
Films

To analyze PLL long-range redistribution, films composed on the elastic substrate
PDMS using the technique described above (modified LbL) were mechanical deformed
and healed by exposure to a solvent. Microgel films were stretched by 10%, and healed
upon exposure to water and subsequent drying. Films before and after damage as well as
after healing were analyzed by Atomic Force Microscopy (AFM) using a Nanosurf
(Boston, MA) Easyscan 2. Cantilevers used were aluminum coated silicon ACLA
cantilevers (Force Constant = 45 N/m) purchased from AppNano (Santa Clara, CA).

Confocal laser scanning microscopy (CLSM) was employed to visualize
polyelectrolyte behavior within microgel films before, during and after damage. Films
composed with varying fluorescent PLL introduction ((PLL";, PLL5, and PLL";0) and
films containing all fluorescent PLL were analyzed. A Zeiss LSM 700 confocal
microscope was used with a long working distance 40x objective with a numerical
aperture (NA) of 0.6 (Carl Zeiss, Inc., Thornwood, NY). An excitation wavelength of
488 nm was used to image z-stacks of the aforementioned films. The films were
prepared for imaging by affixing the non-microgel film containing PDMS side to a glass

slide.

5.3. Results and Discussion
To determine the behavior of the polyelectrolyte within microgel films, the
polyelectrolyte, PLL, was chosen for incorporation within such films. This particular
linear polycation was chosen for two reasons. First, PLL can easily incorporate a

fluorophore due to its primary amine group, which can be functionalized by coupling to
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an acid-containing fluorophore, and second this polyelectrolyte is well studied and its
diffusivity is well characterized within the realm of linear polyelectrolyte-based
films.**292234 It has been shown through extensive study of this particular
polyelectrolyte that its behavior within linear polyelectrolyte-based is diffusive, which
has been attributed to PLL being an inherently weak polyelectrolyte.**?*% Part of the
foundational work that led to the current model of film growth involved the first
visualization of the diffusivity of a polyelectrolyte, specifically PLL, through CLSM
wherein it was shown that PLL was capable of diffusing through an entire film
thickness.?? These results were used to build a model for non-linear growth behavior of
polyelectrolyte-based films, which was attributed to an “in” and “out” diffusion of
polyelectrolyte. Based on this literature precedent, this particular polyelectrolyte was
chosen for creating a foundational understanding of the polyelectrolyte behavior within

microgel-polyelectrolyte films

5.3.1. Polyelectrolyte Diffusion and Exchange

The first step in developing an understanding of the behavior of the
polyelectrolyte within microgel thin films was to investigate the diffusive properties of
the polyelectrolyte within such films using optical techniques. As described above, the
incorporation and diffusion of purely linear polyelectrolyte films is well studied, and
early approaches utilized microscopy techniques to show the ability of the diffusive
polyelectrolyte, PLL, to incorporate across an entire film depth regardless of point of
incorporation during film formation, creating a direct visualization of the “in” and “out”

diffusion process as had previously been described.?®** For this reason, CLSM was

exploited for PLL-microgel films. PLL" was incorporated into films at polyelectrolyte
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layer 1, 5, and 10 (designated PLL "}, PLL"s and PLL "3, respectively) within a film
containing 11 microgel layers and 10 PLL layers. The distribution of the PLL was
visualized in the z-dimension as shown in Fig. 2. Rhodamine-labeled anionic beads were
incorporated during microgel deposition layers 1, 5, and 11 as “markers” for the bottom,

middle, and top of the film.

Figure 5.1. CLSM images of PLL-microgel films containing 11 microgel layers gnd 10
PLL layers. Each panel shows the addition of a labeled polyelectrolyte layer, PLL ; (a,d)
PLL 5 (b,e) and PLL 44 (c,f). Scale bar (a,b,c) = 10 um and inset (red) = 2 um. Scale bar
(d,e,f) =5 um. Rhodamine-labeled polyanion beads are shown in microgel layers 1 and
11 (d) and in layer 5 (e,f) for film depth information.

From Figure 5.1, it can be seen that the incorporation of the fluorescently-labeled
PLL is highly concentrated at the layer of incorporation. It is important to note that these
observations are characteristically different from those reported for purely linear PLL-
containing films, wherein incorporation of a fluorescent tag resulted in uniform
distribution of PLL throughout the film thickness. It is not possible to conclusively
determine the degree to which the PLL* diffuses into and exchanges with PLL from

neighboring layers, however it seems clear from these data that any such exchange is

likely limited to approximately +/- 1 layer adjacent to the layer of PLL* addition.
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One could potentially say that the differences witnessed between the three films
portrayed in Figure 5.1 were due to differences in film assembly, uniformity, or
thickness. To address this claim, the morphology of the films was explored using in-
liquid AFM and the thickness was determined by measuring the height between the
substrate and the top of the film (Figure 5.2). Based on the observations made via AFM,
all 3 films have similar morphology and the distinctive heights of the films are not
characteristically different enough to create the drastic differences seen by CLSM of the

three film types.
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Figure 5.2. In-liquid AFM images of PLLso-microgely; films with PLL" (a) PLLs (b)
and PLL 1o (c). The heights of the films were calculated from height maps, and
representative height maps for a, b, and ¢ are shown in d (1.1 £0.2 um), e (0.9£0.2 um)
and f (1.3+0.2 pm), respectively.

To further probe PLL incorporation, diffusion, and exchange, the optical
extinction of the PLL-microgel films were recorded after the addition of each layer.
Recording the extinction after the addition of each layer should reveal the amount of
PLL" incorporated within each PLL addition, and from this the diffusion and exchange
behavior of the polyelectrolyte within microgel-polyelectrolyte films can be

distinguished. In Figure 5.3, the absorbance (at 495 nm) after every layer addition

(microgel and PLL) for the films described above is shown.
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PLL 5 (b) and PLL 1o (c). Green arrows indicate the point of incorporation of PLL .
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The microgel film containing PLL"; (Figure 5.3a) shows an increase in
absorbance after PLL"; incorporation (green arrow) indicating an influx of the fluorescent
polyelectrolyte followed by negligible (if any) loss of absorbance upon accumulation of
additional microgel and polyelectrolyte layers. Conversely, films with PLL s (Figure
5.3b) and PLL "3 (Figure 5.3c) show a large spike upon incorporation of the
fluorescently-labeled polyelectrolyte and a decrease in absorbance upon addition of more
film layers. Keeping in mind the previously described film model for thin film assembly
(see Scheme 5.1), this trend can be explained as follows. When the negatively charged
microgel surface is exposed to the positively charged PLL, the PLL diffuses into the bulk
of the film. Upon washing and exposure to an additional microgel treatment, excess PLL
is removed from the film and the absorbance decreases to a lower, but stable value. In
the case of the film containing PLL"; (Figure 5.3a), this plateau is reached immediately
since there is only one layer of microgels into which the PLL can diffuse. Further
evidence of this behavior was seen by collecting the washing solution after addition of
PLL’s and PLL";q and collecting the microgel solution after the addition of a subsequent
microgel layer. The absorbance of these solutions were recorded at 495 nm and

normalized against HIS PBS or a 0.1 mg/mL microgel solution to determine the amount
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of excess PLL" being released into the solution (Figure 5.4). These data show that after
3 washes with HIS PBS, the majority of the excess fluorescent polyelectrolyte has been
removed. Upon addition of another microgel layer and therefore exposure of the
positively charged surface to an oppositely charged species, further excess
polyelectrolyte is released. This suggests further that the characteristic diffusive

properties of the polyelectrolyte hold true in microgel containing films.
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Figure 5.4. Normalized absorbance (at 495 nm) of wash and microgel solutions. After
the addition of PLL 5 (a) and PLL 10 (b), films were washed 3 times and an additional
microgel layer was added. These solutions were collected and the absorbance was

recorded at 495 nm. n=44.

The results in Figure 5.4 strongly suggest that there is diffusivity of PLL" into
and out of the microgel-PLL films and that this diffusivity matches nicely with the
previously described model for diffusive polyelectrolytes. However, previous studies
have also addressed the issue of polyelectrolyte exchange that accompanies diffusivity.
Indeed, polyelectrolyte exchange, wherein polyelectrolyte from solution exchanges with
polyelectrolyte within the film, is recognized as being a prominent feature within purely
polyelectrolyte films.?® Although the absorbance data showed evidence for diffusion, the

CLSM data in Figure 5.1 suggested a lack of polyelectrolyte exchange due to fact that
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the fluorescence is concentrated at the layer of introduction of the fluorescently-labeled
polyelectrolyte. If there had been a significant amount of exchange throughout the film,
fluorescence would be more evenly distributed throughout the film thickness regardless
of the layer of introduction of the fluorescently-labeled polyelectrolyte, as has been seen
in previous studies.”® To determine the degree of exchange, films were constructed with
PLL" introduced at various polycation deposition stages and the absorbance was
analyzed. In this case, six different films were assembled with a single PLL" layer being
added at PLL deposition step 1-5, and 10. The absorbance after each layer (microgel or
PLL) was recorded at 495 nm and a plateau in the absorbance was observed for each
sample. This plateau was attributed to permanently incorporated PLL", or the point at
which exchange and diffusion is limited or non-existent. The value for the plateaued
PLL" absorbance was calculated from the point at which fluctuations in absorbance were

no longer present. The results for this can be seen in Figure 5.5 below.
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Figure 5.5. The plateau absorbance (at 495 nm) of films composed through the
incorporation of PLL " at varied PLL depogition step. PLL Deposition Step corresponds to
the PLL deposition step at which the PLL " was incorporated. n=44.
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From these data we can see that the plateau absorbance is approximately the same
for the PLL deposition step 1-5 films regardless of the point of incorporation of PLL".
This suggests that the amount of polyelectrolyte incorporated is not significantly
influenced by the thickness of the film to which it is exposed, which may be indicative of
a lack of polyelectrolyte exchange. If a significant amount of exchange were occurring,
the plateau absorbance would fluctuate with the increasing deposition step at which PLL"
is deposited. This is due to the fact that higher deposition steps also correspond to an
overall increased film depth and therefore more PLL availability for exchange. If
exchange were a large factor, this increased PLL availability would create fluctuations in
the absorbance depending on the deposition step in which PLL" is incorporated. The lack
of variation in the plateau absorbance across all films suggests lack of exchange, and this
matches well with the CLSM images, which show a concentration of the polyelectrolyte
at the point of PLL " incorporation. The significant difference between PLL " and the
other films, is due to the last deposition step being a microgel layer for this sample. Note
that while for all other films a decrease in absorbance was noticed after the addition of
microgels, the plateau in absorbance was not reached until the subsequent polyelectrolyte
deposition step. Since the PLL";o film was not exposed to an additional polyelectrolyte
deposition step, it apparently still contains excess PLL* that has not yet been displaced

by the next PLL treatment.

5.3.2. Mechanical Film Deformation
The above data show that the polyelectrolyte is diffusive and suggest that the
microgel film does not exhibit extensive exchange or redistribution of polyelectrolyte

during film formation. To further investigate polyelectrolyte exchange (or lack thereof),
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we measured the degree of polyelectrolyte redistribution following mechanical film
disruption. It has been shown previously that dry microgel films can be easily damaged
upon stretching, poking, or scratching, and this damage can be healed upon immersion in
water or even exposure to a humid environment.*** By stretching and scratching the
film and causing mechanical perturbation of the entire microgel film, the degree to which
this perturbation influences PLL™* redistribution can be determined. Self-healing
properties have been shown for films composed with the polyelectrolyte PDADMAC? as
stated previously and this phenomenon was also observed for microgel films composed
with the polyelectrolyte, PLL (Figure 5.6). In the AFM images presented in Figure 5.6,
areas outside of optimal imaging resolution are designated in red (high areas) and blue
(low areas), and can be attributed to film defects and do not designate areas of

deformation.

Figue .6.
healing (c). Images are 20 x 20 pum.

From Figure 5.6, we can conclude that films composed with PLL instead of the
polyelectrolyte PDADMAC exhibit the self-healing behavior that has been seen
previously with microgel containing films. This damage and healing can now be used to
mechanically deform the microgel film, and polyelectrolyte redistribution and exchange

can be explored across the entire microgel film depth.
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5.3.3. Mechanical Perturbation of PLL-Microgel Films

The data above has shown the complex interaction of the polyelectrolyte, PLL,
during microgel film assembly and how this behavior agrees or differs from the standard
model for purely linear polyelectrolyte film growth. However, a deeper understanding of
the behavior of the polyelectrolyte could be explored by perturbing the film as an entire
entity and looking at the long range rearrangement and redistribution of the
polyelectrolyte. It was hypothesized that the microgel-polyelectrolyte system lacked
significant exchange during film assembly, and a possible explanation for this could be a
strong interaction between the microgel and the polyelectrolyte, which does not allow for
significant exchange. By disrupting the system via mechanical damage, which causes
noticeable structural defects across the film, and then healing, additional insight into this
interaction might be obtained.

Figure 5.7 illustrates the characteristic damage and healing of a film constructed
with fluorescently-labeled PLL throughout (PLL ",) on an elastic substrate (PDMS) and

imaged using CLSM.
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Figure 5.7. CLSM images of the PLL ", film before (a), after stretching (b), after

scratching (c) and after healing (d) with representative orthogonal views (z-dimension).
Scale bar = 10 um.

As seen in Figure 5.7, the PLL " film showed the characteristic buckling of the
microgel film upon stretching,® which is marked by ridges of higher and lower film
density. After the introduction of deionized water and drying, the damage was no longer
visible. Scratching the surface also produced damage as seen previously>, wherein the
film is wrinkled in the direction of the damage. This damage also appears to create areas
of overlap of the microgel film, which are marked by areas of brighter fluorescence as
seen in Figure 5.7c. This suggests that scratching the film causes the film to fold upon
itself causing areas of increased film thickness. Prior to damage, the fluorescence is

evenly distributed throughout, and after healing this same even distribution is seen,
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suggesting that the healing phenomenon is operative both with respect to film
topography/morphology and polyelectrolyte distribution.

To further probe exchange, the films described previously (PLL";, PLL "5 and
PLL";0) were assembled and visualized as described above for PLL . Representative

images of such films before and after damage and healing are shown in Figure 5.8.

Pre-Damage Stretch Scratch Post-Damage

Figure 5.8. Cl.SM images of films with fluorescently labeled PLL at PLL™; (a-d), PLLs
(e-h) and PLL 1o (i-) before damage, during stretching and scratching, and after damage.
Scale bar for main images = 10 um, and inset image scale bar =5 um.

The damage and healing behavior of all 3 film types were strikingly similar,

regardless of the point of introduction of the fluorescently-labeled polyelectrolyte. Prior
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to damage, each of the films showed characteristic film morphology and features as
shown in Fig. 1. Interestingly, damage and healing does not seem to impact the
fluorescence profile as is shown in the inset images (Fig. 7a,d,e,h,i,l), which implies that
the localization of fluorescence is not influenced by mechanical deformation of the film.
These data suggest that the microgel/PLL interactions are not fully reversible under
mechanical deformation. This may add validity to the hypothesis presented above, which
stated that the polyelectrolyte lacks long-range exchange or redistribution within the film
and it also suggests that perhaps the microgel and polyelectrolyte are strongly
interrelated.
5.4. Conclusions and Outlook

Herein, we have shown the ability of PLL" to diffuse into microgel films during
deposition and out of microgel films during washing and subsequent microgel deposition.
This diffusion “in” and “out” of the film matches nicely with the standard model of
diffusive polyelectrolyte assembly. However, results obtained via CLSM and absorbance
measurements of films composed with varied PLL" introduction reveal little evidence of
polyelectrolyte exchange. To further probe this, mechanical disruption of microgel films
with varied PLL* introduction (PLL";, PLL"s, PLL ;0 and PLL"5;) was utilized and
results reveal a lack of exchange and redistribution of PLL and suggest a strong
PLL/microgel association that cannot be perturbed by mechanical deformation.

These results present similar diffusive properties but markedly different exchange
properties within microgel-polyelectrolyte films as compared to well-studied well-
defined linear polyelectrolyte films. A strong interaction of the polyelectrolyte with the

microgel is also revealed which stands to redefine the polyelectrolyte as a type of “glue”
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within microgel thin films. Rather, the microgel and polycation could be considered as a

complex species as opposed to individual components. Clearly, microgel multi-layer

films are quite complex and continued efforts to visualize the components of such films

during formation will aid in developing a more robust picture of microgel film formation,

dynamic behavior, and subsequently future applications.
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CHAPTER 6

CONCLUSIONS AND FUTURE DIRECTIONS

6.1. Hollow Microgels

In Chapter 2 it was shown that “hollow” microgels could be created by first
synthesizing core microgel particles with an incorporated degradable component and
adding a non-degradable microgel shell. It was also shown in that chapter the variation in
incorporation of the degradable component during synthesis depending on the choice of
monomer. This emphasized the complex degradation pathways present for core
microgels composed with DHEA as shown in previous studies® and consequently hollow
microgels contained varying degrees of “hollowness.” Previously, synthesis and cross-
linker concentrations have been shown to create varied polymer distribution® and the
studies described in Chapter 2 highlight this complexity in the formation of microgel
particles. Two types of hollow constructs were analyzed via DLS and AFM, and the
results suggested a higher swellability of hollow microgels formed from core/shell
microgels wherein the degradable core exhibited greater density and even incorporation
of the degradable cross-linker.! Future studies could focus on understanding the payload
capacity of the two hollow microgels studied herein to assess the viability of one over the
other as a hollow microgel container with potential application in drug delivery. For
instance, a fluorescent component could be incorporated into the core, along with the
degradable component. The extinction coefficient can be measured for the degradation
of the core to calculate the amount of core lost upon degradation and the 2 core/shell
types could be compared. Similarly, the “hollow” constructs could be loaded with a

fluorescent component after degradation and the absorbance can be measured to
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determine the loading capacity of the core/shell microgel. From studies such as these, the
loading capacity of these two “hollow” microgel types can be determined and their

application can be further understood.

6.2. Surface Charge of Microgels and Microgel Assemblies

In Chapter 3, KPFM was explored as a method for measuring the surface
potential of individual anionic microgels. KPFM has been utilized previously as a
method for monitoring changes of the surface potential of charged species in different
environmental conditions.>* Similarly, this method was employed for the
characterization of individual anionic microgels in differing deposition conditions and
upon exposure to a cationic polyelectrolyte. From this study it was determined that
lowering the ionic strength of the solution in which the microgels are deposited results in
less charge shielding of the anionic microgels and therefore a greater surface potential. It
was also shown that the surface potential of the anionic microgel decreases upon
exposure to a positively charged polyelectrolyte, and surprisingly this decrease in overall
potential is also present after a subsequent second microgel solution deposition. The
results of Chapter 3 implied a complexity between microgels and another charged
species, a linear polyelectrolyte. These initial studies showed the prospective application
of KPFM for analyzing individual microgels and continued efforts with this technique
could be dedicated to developing a method for obtaining more quantitative information
regarding changes in potential. These studies could begin by exploring the effect of
flooding the chamber with N, to eliminate reactive oxygen species, or altering the
humidity of the AFM chamber to determine the effect of environmental conditions on the

recorded surface potential. Also worth exploring would be measuring the surface
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potential of a range of charged hard spheres with known surface charges to create a group
of standards. These standards could then be compared to the measured surface potential
of the microgel and the surface potential of the microgel could be quantitatively
determined.

Once a method for gaining quantitative information is developed, the application
of KPFM could be expanded. For example, initial studies encompassing the analysis of
surface charge on damage and healing of microgel multilayer thin films were shown in
the preliminary results of Chapter 3. A developed quantitative method for analyzing
individual microgels could be translated to a microgel assembly. However, it may be
difficult to measure the surface potential accurately on a non-conductive substrate, in
which case alternate materials would need to be explored. One method to be explored
would be the formation of a microgel multilayer thin film on an elastic substrate
containing a conductive component. This could be done by either incorporating a
conductive component into a substrate such as PDMS, or alternatively plastic coverslips,
which are capable of plastic deformation, could be functionalized with a conductive
material similar to the method used for functionalization of the glass coverslips used in
Chapter 3. This may create a robust method for probing the charge distribution within

microgel assemblies.

6.3. Polyelectrolyte Behavior in Microgel Multilayer Films
The remainder of the dissertation focuses on the multifaceted interaction of
microgels with other charged species. In Chapter 4, the newly realized intricate
interaction of an anionic microgel with a linear cationic polyelectrolyte was explored to

build an understanding of the ability of the polyelectrolyte to diffuse between microgels
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localized in close proximity to one another. Chapter 3 suggested the diffusive behavior
of the polyelectrolyte and Chapter 4 used optical methods to confirm this behavior and
disclose the close relationship between the localization of the microgel and the diffusion
of the polyelectrolyte. The complexity of the microgel due to its polymer/colloid duality®
was also shown to play an essential role in this diffusive behavior as microgel packing
affected the degree of polyelectrolyte diffusion and rearrangement within newly
deposited microgels.

Unveiling the dynamic behavior of anionic microgels with linear cationic
polyelectrolyte opened questions of their behavior within multilayer assemblies, which
have been an area of study in the group for a number of years.>”®° The behavior of the
polyelectrolyte had previously been thought of as a “glue” that held together layers of
microgels, but the studies of Chapter 4 suggested this was not necessarily true. Chapter
5 uses CLSM and UV-vis spectroscopy to visualize the underlying behavior of the
polyelectrolyte with the microgel during the creation of microgel-polyelectrolyte
multilayer films. An in-depth analysis of the behavior of the polyelectrolyte revealed that
the polyelectrolyte was in fact diffusive throughout the entire film depth, but the
polyelectrolyte was only permanently integrated at the site of incorporation and the
diffusivity witnessed in Chapter 4 was a localized phenomenon. The behavior witnessed
in Chapter 5 also suggested that although the polyelectrolyte is diffusive, the amount of
polyelectrolyte added upon each polyelectrolyte deposition step is approximately the
same, regardless of the point of incorporation. This suggests that the microgel and

polyelectrolyte are strongly interrelated and act as a single unit, as opposed to separate
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entities which may give insight into the dynamic behavior witnessed for microgel

multilayer films.®"*

6.3.1. Future Directions

Keeping in mind the close relationship between the polyelectrolyte and the
microgel, several research directions could be explored. Knowing that the
polyelectrolyte exhibits complex behavior with the microgel opens an avenue of
experiments that had not previously been considered. To expand upon the work shown in
this thesis, several avenues could be explored to more completely define the behavior of
the polyelectrolyte with the microgel. For example, the incorporation of a fluorescently
labeled microgel in conjunction with the fluorescently-labeled polyelectrolyte would
allow for an analysis of the movement (or lack thereof) of the microgel, and the
colocalization of the microgel and polyelectrolyte could be explored by CLSM. This
would also allow for an analysis of the two components simultaneously.

Another avenue to explore would be to change the environmental conditions
(such as pH or temperature) and monitor how this affects the interaction of the two
charged species. This could be done on the scale utilized in Chapter 4, or could also be
used during film assembly. For instance, the effect of deswelling the particles during
film assembly on the deposition of the polyelectrolyte could be determined. This may
also give insight into the localization of the polyelectrolyte since the ability of the
polyelectrolyte to localize within the microgel is limited in the deswollen state.

Within the realm of understanding interactions within microgel assemblies, a
fluorescently-labeled charged species could also be delivered after film assembly, and the

localization of this charged species could give insight into the overall charge distribution
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of the film, or which species dominates the microgel multilayer film. Preliminary results
within the Lyon lab by Dr. Ling Zhang (unpublished) suggested that microgel multilayer
films absorb negatively charged protein more easily unless deposition conditions are
altered. By incorporating a fluorescently-labeled charged species, perhaps in conjunction
with a fluorescently-labeled microgel thin film component, the interaction of loading and
the charged species located within could be better understood. For instance, this analysis
may reveal additional movement of charged species after loading, which may indicate a

less permanent association of charged species within microgel multilayer thin films.

6.3.2. Preliminary Results

Also worth noting are experiments aimed to understand the utility of microgel
multilayer films from the polyelectrolyte perspective. Primarily, research has focused on
the microgel because of its inherent complexity, but perhaps by analyzing the behavior of
the polyelectrolyte within such films, new and interesting information regarding film
formation and assembly can be revealed.

6.3.2.1. Revealing Microgel Multilayer Film Growth Behavior

In Chapter 5, the behavior of the polyelectrolyte was analyzed by incorporating a
fluorescently-labeled linear polyelectrolyte at various stages during microgel multilayer
film formation. This varied incorporation revealed that the amount of polyelectrolyte
irreversibly incorporated after each polyelectrolyte deposition step was approximately
equal regardless of the layer of incorporation, suggesting a lack of long range exchange
and a strong interaction between the microgel and the polyelectrolyte. This
understanding of the degree of incorporation of polyelectrolyte during film formation

may be used in analyzing the assembly of multilayer microgel films. For this, microgel/
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polyelectrolyte multilayer films wherein the polyelectrolyte is fluorescently-labeled could
be analyzed after every deposition step to reveal multilayer growth behavior. Preliminary
results of this are shown in Figure 6.1. For this, the fluorescently-labeled

polyelectrolyte, PLL", is used as described in Chapter 4.
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Figure 6.1. Absorbance (at 495 nm) of rpicrogeI-PLL* films after each deposition step as
recorded by UV-VIS spectrometry. PLL was added at each polyelectrolyte deposition
step.

The absorbance data above show a stair step-like pattern that can be attributed to
an influx of polyelectrolyte during polyelectrolyte deposition and efflux of
polyelectrolyte upon washing and subsequent addition of microgels. After each microgel
deposition step the absorbance reading represents a point at which the majority of

unincorporated polyelectrolyte has been removed. A plot of the absorbance (at 495 nm)

of each microgel deposition step is shown in Figure 6.2.
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Figure 6.2. Absorbance (at 495 nm) as a function of microgel deposition step, or layer
number.

The absorbance behavior in Figure 6.2 shows two patterns, with the absorbance
within the first four deposition steps increasing at a faster rate than the subsequent
deposition steps. Linear fits of the two regimes shows good correlation between the data
points. Taken in conjunction with previous results from Chapter 5 suggesting even
incorporation of polyelectrolyte at every deposition step, the absorbance data may
correspond to the growth behavior of the microgel multilayer film. These results are
preliminary and future experiments could aim to understand this correlation and the
resultant growth behavior, perhaps in conjunction with AFM which has been used
previously to measure film thickness. In this way, the thickness of the film can be
determined by AFM (either in-liquid or dry) for each microgel deposition step and in
conjunction the amount of polyelectrolyte associated with each layer can be monitored by
UV-vis spectrometry. This may give insight into the pattern of microgel thin film
assembly (linear versus non-linear). This would also give insight into whether the
foundational layers, or the stage of film assembly in which the substrate is still exposed,

creates alterations in the growth of microgel multilayer thin films. This was suggested by
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the work in Chapter 4, but AFM in conjunction with UV-vis may give additional insight

into the effect of exposed substrate on film assembly behavior.

6.3.2.2. Altering the Incorporation of Polyelectrolyte

The results presented within Chapter 4 and Chapter 5 represent a fundamental
study and subsequent understanding of the behavior of polyelectrolyte within microgel-
polyelectrolyte films. Building upon this fundamental understanding, possible
applications could be visualized. For example, knowing the permanent incorporation of
the polyelectrolyte is localized at the layer of deposition, the incorporation of
polyelectrolyte could be controlled to create microgel multilayer films with multiple
types of positively charged polyelectrolytes or positively charged species. A first pass
method for determining the validity of this application would be to incorporate two types
of polyelectrolytes at different stages of film formation. The studies presented herein use
the fluorescently-tagged polyelectrolyte, PLL. Since the behavior of PLL has been
studied extensively previously and its interaction with microgels has been documented in
this dissertation, this polyelectrolyte could be used in conjunction with another
fluorescently-tagged polyelectrolyte such as Rhodamine-labeled PDADMAC (Rh-
PDADMAC). Rh-PDADMAC has been provided by Andre Laschewsky'® of the
University of Potsdam and initial results suggest a difficulty of the lyophilized
polyelectrolyte to re-suspend. Future experiments should focus on optimizing the
conditions for re-suspension and deposition of Rh-PDADMAC followed by the
deposition of Rh-PDADMAC and PLL" at varied stages of microgel film assembly to
determine if microgel multilayer films with multiple regions of positively charged species

or functionalities could be created.
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6.4 Concluding Remarks

This dissertation aims to develop a greater fundamental understanding of
microgels as they exist as a single entity and as they exist in complex assemblies. This
includes developing a fundamental understanding of the other component of microgel
assemblies, the polyelectrolyte. A more robust understanding of the interactions of
microgel thin film building blocks has resulted in a more developed picture of microgel
thin film assembly, and as outlined above many experiments still exist to create a more
developed, robust understanding of these materials. An even deeper fundamental
understanding would give insight into dynamic behavior exhibited for microgel
multilayer films and possibly increase the potential applications of these materials. The
results presented within represent the first stages of understanding the interactions of the
building blocks of microgel multilayer thin films and future efforts should aim to expand
upon these fundamental findings shown in this dissertation to continue the development

of these materials.
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APPENDIX A
THE FORMATION OF GLASS NANOPORES FOR USE IN RESISTIVE PULSE

ANALYSIS (RPA)

A.l. Introduction

A versatile method for analyzing materials within the nano- to micrometer size
range, such as small molecules, nucleic acids, and colloidal particles,” is a technique
known as resistive pulse analysis (RPA). The principle of RPA centers on the use of a
pore of a defined size through which current flows. An object can be driven through this
pore by various methods, such as by electrophoresis or pressure, at which point this
current is interrupted. The duration and amplitude of the interruption in electrical signal
can be analyzed in such a way that information regarding structure or dynamic properties,
such as softness can be recognized.>® Aside from gaining structural information of
nanomaterials, resistive pulse analysis with nanopores can be used to give insight into the
interaction of materials with a biological environment, which would be useful in
applications such as drug delivery wherein an understanding of the cellular uptake or
filtration of the drug delivery vehicle from the body is desired.**

The composition of the nanopores used within this method ranges from
biological, such as a-hemolysin,” to solid-state, such as glass” or silicon nitride
membranes.® Glass nanopores in particular have been applied for the analysis of
microgel translocation. Because microgels are “soft”, they are capable of deforming and
translocating through pores that are ~10 times smaller than the diameter of the microgel.?
This has allowed for the analysis of single translocation events that gave insight into the

structural properties of the microgel, such as softness and flexibility, and how these
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properties affect the ability of these materials to transverse across membranes.”® This
appendix is dedicated to the construction of glass nanopore membranes for use in RPA
analysis of microgels during translocation events. Although the application of glass
nanopores was not achieved, the construction of such pores was accomplished and this

will be discussed herein.

A.2. Experimental

A.2.1. Materials

For the beginning stages of pore fabrication wherein a disk electrode is built
(described below), Pt wire (D =25 um, Alfa Aesar), tungsten rods (D = 0.010, FHC, Inc),
glass capillaries (O.D. = 1.65 mm, I.D. = 0.75, Dagan Corporation), Loctite® 0151™
Hysol® two-part epoxy, and Ag paint (FHC, Inc.) were purchased and used as received.
For intermediate fabrication processes, sodium cyanide (NaCN), potassium hydroxide
(KOH), and calcium chloride (CaCl,) were purchased from Sigma Aldrich and used as
received. Microcut silicon carbide grinding paper in 3 grit sizes (P800, P2400, P4000),
Microcloth (D = 77 mm), and Micropolish Alumina powder (D = 0.05 um) were
purchased from Buehler and used as received. For the characterization of disk electrodes
and glass capillaries, ferrocene was purchased from Alfa Aesar, and tetra-n-
butylammonium hexafluorophosphate (TBAPFg), acetonitrile, KCI, bleach and Ag wire
(D =1 mm) were purchased and used as received from Sigma Aldrich All solutions were
made using distilled deionized water purified to a resistance of 18 MQ (Barnstead E-pure

System).
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A.2.2. Disk Electrode Formation

Glass nanopores were fabricated by a method developed by the White group at
the University of Utah.® To begin, a Pt wire (around 1-2 cm in length) is first attached to
a tungsten rod using conductive Ag paint. The Pt wire attached to the tungsten (W) rod is
placed in a glass capillary and the rod is bent slightly to secure the rod inside of the
capillary. The W rod is moved to expose the Pt wire at the surface of the glass capillary,
and the Pt wire is gently maneuvered until the wire it is exactly centered in the middle of
the glass capillary and parallel to the glass capillary walls. The Pt wire is then
electrochemically etched using a 6 M NaCN/ 0.1 NaOH solution. This is achieved by
first attaching the W wire to a micromanipulator, which allows for precision when
placing the Pt wire in the etching solution. A counter electrode composed of platinum is
also placed into the solution and both the W wire and the counter electrode are hooked to
a function generator (see Scheme A.1). Once the Pt wire is placed only slightly into the
etching solution an AC voltage (sine wave with 3.6 V amplitude and 100 Hz frequency)
is applied and bubbling signifies the etching of the Pt wire. When etching has completed,
the bubbling subsides and the wire is removed from solution. The Pt tip is then rinsed

with distilled deionized water.
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(Electrolyte)

Scheme A.1. Scheme showing the experimental setup for the chemical etching of Pt
Wires to produce sharp Pt tips.

After etching of the Pt wire, the Pt wire pulled back and sealed into the glass
capillary by softening the glass in a H,-O, flame. The melting was monitored frequently
using an optical microscope to ensure even melting, lack of bubbles, and to monitor the
degree of melting. Over-melting must be avoided at this stage in order to minimize the
time required for Pt etching when creating the glass nanopore (described below) and also
to minimize the size of the pore, which can be achieved at the apex of the sharpened Pt
tip. Under-melting can also cause problems because this can lead to a loose association of
the glass capillary with the Pt wire. This loose association will lead to removal of the Pt
wire before sanding of the glass capillary (described below), which will eliminate the
ability to create Pt electrodes and thus glass nanopores. Once the glass capillary has been
melted sufficiently, the open end of the capillary is sealed using epoxy.

Next, the glass capillary is sanded to expose the Pt surface (thus creating a Pt electrode).
For this, sand papers of different grit were used to sand the capillary down and create a
smooth capillary surface. During the sanding process the capillary was checked
frequently via optical microscopy to monitor the depth of sanding, the smoothness, and
the contact angle. As the sanding approached the Pt wire, a reflection of the Pt wire
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could be seen if the capillary was held at the right angle. This reflection was used to
monitor how close the Pt wire was to being exposed. The closer the reflection to the
actual Pt wire, the closer the Pt wire was to being exposed. Once the Pt wire and its
reflection were adequately close to one another (almost touching), sanding was continued
using a polishing pad wetted with a conductive 1M KCI solution and a small amount of
micropolish. A conductivity sensor is also used during this step to monitor the exposure
of the Pt wire. For this, a wire is placed under the polishing pad, which is conductive due
to the KCI solution, and a second wire is connected to the W rod that is still attached to
the Pt wire. These are then connected to a home-built conductivity meter that can
monitor the resistance across the polishing pad and the W rod. The original design for
this came from the White group® and the unit used in these studies was built by Richard
Bedell of the Georgia Tech electronics shop. The unit designed by Richard Bedell
improved upon the previously designed model,’wherein the authors described a
conductivity circuit that suffered from leakage current and inefficiency in the signal
obtained upon exposure of the platinum wire. The conductivity circuit designed by
Richard contained a reference voltage, which was added to eliminate changes in signal
due to battery strength, and several components to increase sensitivity and eliminate
noise or excessive currents. Careful testing by Richard verified the improvements of the
newly built conductivity meter, wherein the results obtained were reproducible over a
range of resistances. Figure A.1 shows the general principal behind the use of the
conductivity meter. This image shows the resistance of a glass-sealed Pt disk electrode
during polishing computed from simulations conducted in the White group. Before the Pt

tip is exposed to the surface, the resistance of the glass layer dominates. Upon exposure
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of the Pt, the resistance spreads at the electrolyte/wire surface. The conductivity meter is
designed to give an audible signal when a certain resistance (R) is obtained, which
corresponds to a certain Pt disk radius based on Equation A.1:

R = (4xa)~ 1 Equation A.1.
where « is the conductivity of the KCI solution and a is the radius of the Pt wire, or
electrode as it now exist at the glass surface. This was used as the model for the creation
of the conductivity meter used by the White group and is a good method for determining
the point of exposure of the Pt surface and the in-home built conductivity meter produced
by Richard Bedell was modeled after the conductivity meter produced by the White

group.’
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Figure A.1. Resistance versus disk radii. These results were obtained from simulations
of the resistance of a glass-sealed Pt disk electrode during polishing.’

Although the conductivity meter worked as a first method for determining the
exposure of the Pt surface, a more quantitative method for determining electrode size was
desired and a previously published method for this determination was used.’ Here, the
disk electrode is placed in a 5 mM ferrocene solution with 0.1 mM TBAPFgin

acetonitrile. A wire is connected to the W rod and an Ag/AgClI counter electrode is also
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placed in the solution. A cyclic voltamogram (CV) is collected by sweeping across 0.2 to
0.7 V at 10 mV/s. If the Pt wire is exposed, the CV will show an oxidation and reduction
of the ferrocene from which the size of the Pt disk can be calculated and the magnitude of
the change is dependent on the electrode size. Figure A.2 shows a representative CV of
ferrocene, and Equation A.2 represents the method for determining the Pt disk size.
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Figure A.2. CV representing the voltammetric response of a Pt microelectrode in a

ferrocene solution.

. Ai Equation A.2.
"~ 4nFCD

Above, Equation A.2 represents the method for determining the radius (r) where
Al is the difference between the plateau and the baseline current, n is the number of
electrons (n=1), F is Faraday’s constant (96,485 Amp-s/mol), C is the ferrocene
concentration (0.004623 mol/L) and D is the ferrocene diffusion constant (0.000025
cm?/s). From this equation, a pore size of 25 nm was calculated for the disk electrode
shown in Figure A.2. Pt disks measuring < 1 pm were used to create glass nanopores as

described in the next section.
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A.2.3. Glass Nanopore Formation

Once the Pt electrode size was defined and its viability as a glass nanopore was
determined, the Pt disk was etched from the glass membrane. Here, a function generator
is used in conjunction with a ramp function from +3.0to -2.9 V at 1 kHz. One lead is
attached to the W rod, which is still attached to the Pt wire, and another lead is attached
to a Pt electrode and both are placed in a 20% CacCl, etching solution. After a couple of
weeks, the Pt should be etched from the surface. To finish creating the nanopores, the
remaining Pt wire must be removed by scoring the glass capillary and gently twisting and
pulling the glass capillary end that is epoxied to the W rod with the remaining Pt wire
from the glass surface (see Scheme A.2). Once this is done, the glass nanopore is rinsed

with and stored in distilled deionized water until use.

CaCl, W rod/Pt Wire
Etch Removal

Scheme A.2. Pt wire etching with CaCl, and subsequent removal to create a hollow glass
nanopore.

Once constructed, glass nanopore can then be sized by monitoring current flow
through the open pore. First, Ag/AgCI electrodes are created by exposing Ag wire to
bleach. These newly made electrodes are then placed inside the pore and in the
surrounding solution. A 1M KCI solution, which is sufficiently high enough to reduce
rectification, is placed inside and outside of the glass nanopore. The voltage was then

swept from -0.1 V to +0.1 V and the current was recorded. A representative graph of this
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voltage sweep across a glass nanopore can be seen in Figure A.3 and the analysis of

these results to determine the pore radius was achieved by using Equation A.3.
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Figure A.3. A representative graph of the current as a function of applied potential for a
glass nanopore.

1 1 1 Equation A.3.
5 )
kR, \1ttan® 4

The radius of the glass nanopore (rp) can be determined from Equation A.3 above,
wherein « is the solution conductivity, R, is the pore resistance, and 6 is the half-cone
angle. The pore resistance is determined from the slope of the current as a function of
applied potential and the half-cone angle can be determined from the half-cone angle
from the Pt wire used in the creating of the glass pore. For the graph shown in Figure

A.3, the pore size was determined to be 223 nm using Equation A.3.

A.3. Conclusions and Future Outlook
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In this Appendix, the production of glass nanopore membranes was described.
Ultimately, the utility of these glass nanopores would be RPA, wherein microgels are
passed across the membrane and fluctuations in the current are recorded and analyzed to
learn information about microgel softness and deformation across small pores. However,
throughout these studies the pores proved to be unable to provide microgel passage and a
change in current was not witnessed. Future experiments should focus on understanding
the current shortcomings or errors present within the fabrication technique in order to
bring this technique to fruition. Alternative methods for fabricating pores for RPA could
include pipette pulling to create micropipettes of approximately 300 nm to 6 pm in size,™
or ion-beam sculpting to create SisN4 membranes with diameters around 100 nm.** The
benefit of glass nanopores membranes by the technique described herein is of course cost
effectiveness as the other two methods described here would require expensive
equipment. However, if efforts towards the production of glass nanopore membranes
continue to be ineffective, other methods may need to be explored to understand microgel
softness and deformability on the single particle scale. Currently, the use of Izon’s
gNano has shown promise as an alternative nanopore-based detection system, which uses
Tunable Resistive Pulse Sensing (TRPS) to monitor single particle events across a
synthetic adjustable nanopore. As the first commercially available nanopore system, this

may be a good alternative is glass nanopore production continues to be limited.
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APPENDIX B
DESIGN PARAMETERS FOR THE SYNTHESIS OF LARGE SCALE AND

DEUTERATED MICROGELS

Portions adapted from:
Liu, W.; Scotti, A.; Hyatt, J. S.; Herman, E. S.; Lyon, L. A.; Gasser, U.; Fernandez-
Nieves, A., The CONTIN Algorithm and Its Application to Determine the Size
Distribution of Microgel Suspensions. In Preparation.
Gasser, U.; Hyatt, J. S.; Lietor-Santos, J. J.; Herman, E. S.; Lyon, L. A.; Fernandez-
Nieves, A., Form Factor of pNIPAmM Microgels in Overpacked States. J. Chem. Phys.
2014, 141, 034901(1)-034901(9).
B.1. Introduction

As described in Chapter 1, microgels are cross-linked polymer networks in the
nano- to micrometer size range that are capable of responding to changes in
environmental factors, such as temperature,' pH,? or external osmotic pressure.® Because
of their inherent softness, versatility and responsivity, microgels have found utility in a
variety of applications.* Because of this, fundamental studies have been employed to
monitor the viability of these materials across a diverse array of disciplines. For
example, the phase transitions and crystallization of microgel suspensions have been an
area of fundamental study within the physics community due to the volume fraction
dependence on size and swelling transition®® as well as the inherently different behavior

of microgels in packed colloidal phases as compared to hard spheres.’
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The characteristically distinct behavior of microgels in suspension as compared to
other colloidal systems stems from their interparticle interactions, which can result in
microgel compression, de-swelling, or interpenetration of polymer chains.® In one
particularly interesting example, packed colloidal microgels showed an ability to affect
de-swelling of microgels through the incorporation of larger microgels within a packed
colloidal phase wherein the larger microgels were able to compress and deswell to form a
defect-free colloidal crystal.” These interactions are not present in hard sphere colloidal
systems, wherein the interparticle interactions are solely dictated by (invariant) excluded
volume.™® Because of this distinguishing behavior of microgels within close packed
systems, the intricacies involved within have been of interest in order to develop an
understanding of the structural properties of densely packed microgel systems.

In this Appendix, the formation of various microgel compositions is presented and
their use in characterizing packed colloidal systems is discussed. First, microgel
solutions with varied hydrodynamic radius were created by varying the surfactant
concentration during polymerization. In an effort to understand the size and size
distribution within packed systems, small angle neutron scattering (SANS) was explored
by Andrea Scotti at the Paul Scherrer Institute (PSI). First, SANS was used to unveil the
validity of the CONTIN method for obtaining the size distribution of microgel colloidal
suspensions*! and continued efforts within this realm are being conducted to understand
the polydispersity effect on glass transition. Deuterated microgels and hydrogenated
microgels with similar composition and size were also synthesized for SANS
experiments aimed at understanding internal structure and single-particle size.** These

SANS experiments were done by Urs Gasser (PSI) and John Hyatt (Georgia Tech). From
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this work, a deeper understanding of the behavior and characterization of microgels
within packed colloidal phases was obtained, and in conjunction a detailed understanding
of the synthetic conditions required to obtain hydrogenated and deuterated microgels of a

required size was determined.

B.2. Experimental

B.2.1. Materials

All reagents were purchased from Sigma-Aldrich (St Louis, MO) and used as
received, unless otherwise noted. The monomer N-isopropylacrylamide (NIPAmM) was
recrystallized from hexane (VWR international, West Chester, PA) and dried under
vacuum prior to use. The monomer, deutered N-isoproplyacrylamide (D-NIPAmM) was
purchased from Polymer Source, Inc. (Montreal, Quebec) and used as received. The
surfactant sodium dodecyl sulfate (SDS), initiator ammonium persulfate (APS) and cross-
linker BIS (N,N-methylenebisacrylamide) were used as received. Water used in all
reactions and particle purifications was purified to a resistance of 18 MQ (Barnstead E-

Pure system).

B.2.2. Synthesis of Microgels with Varied ry

Microgels with varied hydrodynamic radius (r,) were prepared by precipitation
polymerization with a total monomer concentration of 100 mM. The NIPAM monomer
(98 wt%), the crosslinker, N,N’-methylenebisacrylamide (BIS, 2 wt%) and surfactant
sodium dodecyl sulphate (SDS), at a concentration that varies between 0.50 mM and 1.25
mM depending on the aimed particle size, are all dissolved in 1995 mL of distilled,

deionized water, which is then subsequently filtered through a 0.2 um Supor membrane
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filter into a 2L 3-neck round bottom flask. The solution is then heated to 70°C by
immersion into a water bath and subjected to a nitrogen atmosphere while stirring. After
1 hour, the reaction is initiated by addition of 5 mL of ammonium persulfate (APS, 1.0
mM) and the reaction proceeds for 22 hours. The resultant suspension is then cooled
down to room temperature, filtered through a 0.8 um Supor membrane filter to remove
undesired aggregates, and cleaned using dialysis. Samples were then freeze-dried for
prolonged viability.

Microgels were also prepared by altering the total monomer concentration for a
total monomer concentration between 100 mM and 190 mM to determine the feasibility
of altering the monomer concentration as a means to control microgel size. For this, the
surfactant, SDS, was kept constant at 1.0 mM and all other conditions were maintained as

described above.

B.2.3. Synthesis of Deuterated Microgels

Deuterated microgels (D1-NIPAmM) were synthesized using precipitation
polymerization and similar synthetic conditions as were previously published*? with a
total monomer concentration of 120 mM. D-NIPAm (98%), BIS (2 %) and SDS (2.0
mM) were dissolved in 99 mL of distilled, deionized water. Solution was filtered through
a 0.2 um Supor membrane filter into a 200 mL 3-neck roundbottom flask. Solution was
heated to 70 °C in an oil bath under nitrogen while stirring (400 rpm). After 1 hour,
reaction was initiated through the addition of 1 mL APS (4.0 mM). The reaction took
place for 22 hours and was terminated by cooling to room temperature. Solution was
filtered through Watman paper (pore size-42.5 mm) to remove aggregates. The particle

solution was purified through centrifugation at 468,442 x g for 1 hour at 20 °C. The
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supernatant was then removed, and particles were re-suspended in distilled deionized
water. This process was repeated twice to ensure the removal of unreacted monomer,
cross-linker, surfactant and initiator. Synthesis and purification were repeated twice for a
total volume of ~300 mL.

Hydrogenated microgels (H-NIPAm) of similar size to D1-NIPAm were desired,
and for this a total monomer concentration of 80 mM was used. The H-NIPAm (98%),
BIS (2 %) and SDS (1 mM) were dissolved in 245 mL of distilled, deionized water. The
monomer solution was filtered through a 0.2 um Supor membrane filter into a 500 mL 3-
neck roundbottom flask and heated to 70 °C in an oil bath under nitrogen while stirring
(450 rpm). After 2 hours, the reaction was initiated through the addition of 5 mL of APS
(1 mM). The reaction took place for 14 hours and was terminated by cooling to room
temperature. The solution was filtered through Watman paper (pore size-42.5 mm) to
remove aggregates and purified through centrifugation at 70,000 rpm for 20 minutes.
The supernatant was then removed and particles were resuspended in distilled, deionized
water. Centrifugation was repeated twice ensure the removal of unreacted monomer,
cross-linker, surfactant and initiator. The total volume after synthesis and purification
was ~250 mL.

In addition to hydrogenated and deuterated microgels of the same size, it was also
desired to achieve deuterated microgels of larger size. To polymerize larger D-NIPAmM
microgels, the SDS concentration was altered. For this, an SDS concentration of 1.5 mM
(D2-NIPAm) and .95 mM (D3-NIPAm) were used and all other synthesis conditions

were kept consistent as listed above for D1-NIPAm, with a total monomer concentration
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of 120 mM. for D2 and D3-NIPAm, microgels were cleaned by dialysis and freeze-dried

for extended lifetime of the samples.

B.2.4. Characterization Techniques

Dynamic Light Scattering (DLS; Protein Solutions DynaPro DLS equipped with a
temperature-controlled microsampler) was used to determine the hydrodynamic radius
(rn) and polydispersity of microgel samples. All DLS measurements were taken at 20 °C.
Light scattering data was recorded in intervals of 10 seconds with an average of 20
measurements with a photodiode detector fixed at 90° relative to the incident laser light
(783.9 nm). The Dynamics Software package was used to calculate the diffusion
coefficient for the microgel particles from the autocorrelation decay of the fluctuations in
scattered light intensity. The average r,, was calculated from the measured diffusion
coefficients by using the Stokes-Einstein equation. The dispersion medium used for the
measurements was distilled deionized water.

Microgels were also characterized by Andrea Scotti and John Hyatt by DLS using
an LSinstruments 3D DLS Spectrometer in the lab of Alberto Fernandez-Nieves, which is
equipped with a vertically polarized He-Ne laser with wavelength 632.8nm as the light
source, a motor driven goniometer, two APD photon detectors, and a two channel
multiple tau digital correlator connected to a PC. All measurements were made in water
(refractive index, n=1.331 at A=632.8nm) and at 21°C, where the viscosity is 7= 9.78x10"
“cP.

Microgels were also characterized by small-angle x-ray scattering (SAXS) and
small-angle neutron scattering (SANS) at the Swiss Light Source at Paul Scherrer Insitut

(PSI) in Villigen Switzerland Andrea Scotti and Urs Gasser.
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B.3 Results

B.3.1. Neutral Microgels with Varied ry,

As stated above, the characteristically distinct behavior of microgels creates
unique behavior in suspension. This in turn causes differences in the phase behavior of
microgel suspensions compared to systems with hard colloidal particles, wherein the
fraction of space occupied is the main concern. Because of this, it would be beneficial to
find additional methods for characterizing microgel suspensions in an effort to be able to
unveil the interactions and complexities involved in the phase behavior of said
suspensions. For this, microgel solutions with varied size and polydispersity were
desired. From this, regularization methods for defining the particle size and
polydispersity can be developed and compared to previous methods for determining these
values. By developing better regularization methods, better, more robust values can be
obtained for size and polydispersity that better define the colloidal suspension.

To this end, a method for synthesizing microgels, which allowed for control over
microgel size, polydispersity, and reproducibility was desired. Several parameters can be
adjusted in order to adjust the size of microgels, such as temperature, monomer, initiatior
or surfactant concentration. For example, surfactant free emulsion polymerization in
conjunction with temperature ramping has been used to create large microgels with
diameters on the order of 2.5-5 pm** Alternatively, controlling the surfactant and
initiatior concentration have been used to create nanogels.”® Each parameter presents a
different method for controlling the size of the microgel, but a detailed description of the
modification of each parameter is not recorded or intuitive. To begin, the monomer

concentration was altered to see the effects of altering the total monomer available during
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synthesis, while maintaining the same initiator and surfactant concentration. From a
hypothetical standpoint, it would seem that maintaining the initiator while increasing the
monomer concentration would create microgels with a greater over size. This is due to
the fact that the initiator, ammonium persulfate (APS), is a free-radical initiator, and upon
heating it breaks to form radicals and therefore a source of oligoradical growth. By
maintaining the intiator while increasing the monomer concentration, the available cites
for oligoradical growth are maintained while the available monomer available for chain
growth is increased. Select results for this are shown in Table B.1.

Table B.1. DLS r, data of microgel solutions with varied total monomer concentration
during synthesis. *Value obtained by Akriti Singh.

Sample | Monomer Cross- SDS, APS, [Total rh, | PolyD
linker mM mM Monomer], nm
mM

1 NIPAm, BIS, 2% | 1.0 1.0 190 131 |10%
98%

2 NIPAm, BIS, 2% | 1.0 1.0 170 138 |11%
98%

3 NIPAm, BIS, 2% | 1.0 1.0 150 131 |12%
98%

4* NIPAm, BIS, 2% | 1.0 1.0 100 130 | 21%
98%

Surprisingly, changing the monomer concentration did not have a significant
effect on the r, of microgels. Knowing this, a different technique for controlling the size
of microgels was desired. Next, the concentration of the surfactant, sodium dodecyl
sulfate (SDS) was used to try to control the size of neutral microgels. Surfactant acts as a
stabilizer for the growing microgel. By increasing the surfactant concentration, the
stability of the microgel at early stages of microgel growth is increased causing a
decreased probability of aggregation with other microgels in early stages of growth and

therefore an increase in particle number and decrease in particle size.”> By varying the
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SDS concentration between 0.5 mM and 3 mM while maintain the monomer composition
(98% NIPAmM and 2% BIS), monomer and initiator concentration, the size of microgels
could be controlled. Table B.2 shows representative examples of this control.

Table B.2. DLS Cumulants data and SAXS data of microgel samples prepared with

varied SDS concentration (sample number and measurements provided by Andrea
Scotti).

Sample | SDS, | APS, | [Total Monomer], | Cumulant | Error | r,, nm | PolyD
mM mM mM M, NM SAXS
S31 3.00 1.0 100 77 0.6 /l /l
S27 2.00 1.0 100 97 0.9 Il /l
S112 1.50 1.0 100 113 1.0 /l /l
S122 1.25 1.0 100 125 1.0 /l /l
S17 1.00 1.0 100 132 0.8 131 10 %
S131 0.95 1.0 100 149 1.0 /l /l
S71 0.75 1.0 100 164 1.0 170 11%
S61 0.50 1.0 100 182 2.0 186 12%

From the DLS data shown above, control over the microgel size can be acquired
by changing the SDS concentration while maintaining the other synthesis parameters.
From this, microgels ranging in size from ~77 nm to ~180 nm can be acquired in a
reproducible fashion. Although it has been shown previously that SDS and APS could be
altered simultaneously to acquire negatively charged microgels,’ these results present the
first example of maintain the APS concentration while altering the SDS concentration to
attain microgels reproducibly of a particle size with an acceptable polydispersity (~10%).
By preparing samples using SDS concentrations ranging from 0.5 to 3 mM,
monodisperse samples of a specific size could be used for analyzing the validity of a
regularization method, known as CONTIN. Monodisperse samples as well as mixed
microgel samples with varied polydispersity were analyzed by this method in conjunction
with the Cumulants method and SANS. Results showed that the CONTIN method was a

powerful method for the determination of colloid size and distribution, adding to methods
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for analyzing colloidal suspensions.** In addition to unveiling the CONTIN method as a
regularization method, the reproducibility of synthesizing monodisperse microgel
samples of a particular size allows for the analysis of samples of a particular
polydispersity by mixing such samples and this polydispersity effect on the formation of
packed colloidal phases and/or glassy states. These parameters are currently under

investigation by Andrea Scotti at PSI.

B.3.2. Deuterated NIPAmM Synthesis

Another method for understanding the behavior of microgels within packed
colloidal phases has also been explored through the incorporation of deuterated microgels
(D-pNIPAm) within microgel suspensions. These mixed deuterated/hydrogenated
microgel suspensions are analyzed by SANS using two methods. The first method is
known as a “tracer” method, in which small amounts of hydrogenated microgels (H-
pPNIPAmM) are placed into a dense solution of deuterated microgels which is contrast
matched with a mixture of H,O/D,0. By contrast matching the solvent to D-pNIPAm,
the information obtained from SANS will directly correlate to H-pNIPAm. Secondly, the
zero average contrast (ZAC) method® is used to obtain information from a 50/50 mixture
of H-pNIPAm and D-pNIPAm. A detailed description of these analyses will not be given
here, but the synthesis conditions that allow for an analysis of such systems will be
described. For a detailed description of the analysis of these systems, the reader is
referred to reference 12.

In order to analyze the systems described above, it was necessary to develop a
method for synthesizing monodisperse samples of D-pNIPAmM microgels of a specific

size. In this case, it was desired that the size of the D-pNIPAmM be smaller than 200 nm,
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and these microgels must size match microgels composed of H-NIPAm. Early synthesis
results for D-pNIPAmM microgels suggested that the synthesis conditions required for
deuterated NIPAmM were markedly different than those required for hydrogenated

NIPAmM. An example of this can be seen in Table B.3., wherein H-pNIPAm and D-
pNIPAmM microgels of similar size were synthesized, but the synthesis conditions required
were dissimilar.

Table B.3. DLS data are shown for D-pNIPAm and H-pNIPAm microgels of similar

size. *Values presented were taken from Reference 12 and were obtained by John Hyatt.
Differences in ry and polydispersity can be attributed to variation in solvent.

Monomer | Cross- | SDS, | APS, [Total Ih, NM *h, NM | *rp, Nm
linker | mM mM | Monomer] SANS
mM
D-NIPAm, | BIS, 2.0 4.0 120 140+20% | 136+5% | 132+2%
98% 2%
H-NIPAm, | BIS, 1.0 1.0 80 141+14% | 149+5% | 146+£2%
98% 2%

Differences in the synthesis conditions required for the production of D-pNIPAm
microgels can possibly be due to the limitation of the availability of self-crosslinking
cites on the deuterated NIPAm. In Chapter 2, the sites of self-cross-linking on NIPAm
were presented and the possible implications of varied reaction rates between monomer
and cross-linker were presented. For D-NIPAmM and H-NIPAm, the reaction rates may
not differ greatly, but one site of self-crosslinking is unavailable. The tertiary hydrogen
located on the isopropyl group is unavailable for self-cross-linking in D-NIPAm as it is
deuterated and will not be as easily removed for initiation at this site. The degree of self-
cross-linking in H-NIPAm containing microgels has been shown to have great effect on

I, and cause changes in the microgel growth behavior.

the heterogeneity of the microge
This lack of a self-cross-linking site in D-NIPAm could be the source of differences in

the required synthesis conditions. Although this cannot be proven from this work alone,
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this may be a good starting point for understanding differences in the synthetic conditions
required.

Once synthesis conditions were optimized to form monodisperse D-pNIPAmM
microgels of a desired size, conditions for varying the D-pNIPAm microgel size were
explored. For this, once again the SDS concentration was altered in order to generate
varied microgel size. As shown above, altering the SDS concentration created H-
pNIPAmM microgels of various sizes in a controlled manner. This same technique was
utilized for D-pNIPAmM microgels in an effort to find a way to also control deuterated
microgel size. Table B.4. shows the results of this.

Table B.4. DLS data for D-pNIPAm microgels produced through varying the SDS
concentration.

Monomer | Cross-linker | SDS, mM APS, mM | [Total Monomer] | rp, nm
mM

D-NIPAm, | BIS, 2% 1.50 4.0 120 148+50%

98%

D-NIPAm, | BIS, 2% 0.95 1.0 120 304+21%

98%

As shown in the Table B.4, the SDS concentration could be used to alter the size
of the D-pNIPAmM microgels, but the microgels suffered from polydispersity. Part of this
polydispersity could be due to solvent conditions, as the deuterated microgel solutions
were diluted in distilled deionized water, but due to the deuteration of the particle size
measurements may be better suited in deuterated solvent. Additional work within this
realm is needed in order to determine if these results are consistent or if D-pNIPAm
microgels can be synthesized across a specific size range in any controlled manner.
Future efforts could be aimed towards changing other synthesis conditions, such as
initiator concentration or synthesis temperature, to obtain a more reproducible,

monodisperse sample of deuterated microgels.
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B.4. Conclusions

This appendix has presented synthesis conditions for the production of H-
pNIPAmM microgels in a controlled manner, in which the SDS concentration was varied in
order to control the hydrodynamic radius of microgels as well as synthesis conditions for
the production of D-pNIPAm in a controlled manner. The control over the size of H-
pNIPAmM using SDS concentration as a tool for controlling size is extremely useful
obtaining microgel suspensions with a controlled polydispersity, as well as in the efforts
ongoing in which the effect of polydispersity on the formation of the glassy state of
microgels is explored. The formation of D-pNIPAmM microgels is currently limited as
only a single deuterated microgel size can be synthesized in a controlled manner.
Continued efforts within this area should focus on understanding the parameters
necessary for creating deuterated microgels of controlled size and polydispersity as work
continues within the realm of understanding microgel systems within colloidal

suspensions.
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