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Introduction

The rising concern of climate change and its anticipated effects across the globe has
prompted the scientific community to gain a better understanding of this impending crisis.
Special consideration has been focused on peatlands, a freshwater ecosystem characterized by
the accumulation of deep organic matter (i.e. peat) up to several meters belowground (Turunen,
2003; Beilman et al., 2008). Peatlands form when the sequestration of photosynthetically fixed
carbon belowground exceeds its decomposition. This typically occurs in northern climate zones
prone to consistently cool temperatures and waterlogged environmental features. While
peatlands make up only 3% of global surface area, accumulated peat stores nearly a third of all
terrestrial carbon (Maltby and Immirzi, 1993). The response of this major carbon repository to
environmental stressors, such as warming or atmospheric carbon dioxide enrichment, has yet to
be fully understood (Gorham, 1995). Historically, northern peatlands have operated as a net
carbon sink, but recent [climate change simulations have indicated a shift to a greater production
of methane and carbon dioxide in these environments, potentially putting this classification at
risk (Hopple et al., 2020).

The cycling of substrates, such as carbon, through an environment is largely controlled
by microbial metabolism. Fundamental features of northern peatlands shape the resident
microbial community, and in turn control the extent of microbial decomposition that occurs
belowground. These features are typically categorized by three peat layers according to soil
depth: the primarily oxic region which is closest to the surface (acrotelm), the periodically
oxic/anoxic (mesotelm), and the deepest layer that is completely anoxic (catotelm). The
availability of oxygen plays a large role in the types of microbial decomposition that can occur

within these different regions. In its absence, alternative electron acceptors, such as SO4%", NOz™



, and Fe(ll1), are used to break down complex molecules. However, because many peatlands are
classified as ombrotrophic environments in which all nutrient inputs are dependent on
precipitation, they are typically limited in nutrients and alternative electron acceptori Microbial
metabolism is further constrained by the low pH and the persistently low temperatures typical of
peatlands. Due to the vastness of the carbon repository and its heterogeniety in plant species
composition and soil chemistry, a variety of microbial metabolic guilds exist in peatlands.

Fungal decomposition is believed to thrive in the oxic acrotelm due to the ample
availability of plant litter and plant-associated [exudates\. The hydrolytic exo-enzymes produced
by fungi and certain types of Ibacterial break down complex carbons to produce metabolic
intermediates that can be utilized by higher trophic levels (Berman et al., |2000|). In the
mesotelm, where oxygen availability is more limited, fermentation takes place and is important
for the its role in the mineralization of organic matter in peatlands. | This represents a critical
step in the decomposition of complex organic matter into intermediates that serve as
methanogenic substrates (Drake et al., 2009). Another critical component of these two zones is
the fact that they typically constitute the rooting zone of vascular plants in peatlands. This
rooting zone can further shape the belowground microbial community by recruiting microbial
guilds that form tight associations with the roots and surrounding rhizosphere.

The relationship between plants and their root-associated microbial partners is widely
regarded as a mutualistic relationship that promotes plant health and microbial growth. Bacterial
assemblages with plants are known to play a role in pathogen suppression and provide key
nutrients to the plant roots (Berendsen et al., 2012). In turn, plants recruit host-specific root
microbiomes through rhizodeposition of complex plant products, the production of oxygen

through the roots in anoxic soils, and the recruitment of genotype-dependent endophytic



assemblages (Bulgarelli et al., 2013). This relationship is important to peatland ecosystems
considering the impact of harsh conditions of low pH, low nutrient availability, and generally
low temperatures to both plants and microbes.

Below the water table depth, the anoxic catotelm stores ancient peat deposits in a
completely water-logged environment (Blodau, 2002). Microbes active in this zone depend
entirely on anaerobic metabolism to survive. A key component of this zone is the role of
methanogenesis as one of the terminal steps of anaerobic decomposition. The production of
methane, an extremely potent greenhouse gas, makes it an important component relevant to
future climate change.

Another important characteristic of peatlands is the composition of the surface into
distinct hummock-hollow microtopography (Nungesser, 2003). This type of microtopography is
formed through physiological features such as water content, differing rates of decomposition,
nutrient availability, vascular and non-vascular plant species distribution and productivity.
Hummocks represent elevated and more aerated mounds of vegetation, while hollows are much
more waterlogged regions present at lower elevations (Nungesser, 2003). An important feature
of peatland surfaces also includes the domination of Spruce trees (Picea mariana), Larch trees
(Larix laricina), and a variety of shrubs in plant vascular vegetation. These features play a role
in determining nutrient availability in the root microbiome through plant-specific rhizodeposition
and the release of oxygen from roots.

Rising global temperatures and elevated levels of atmospheric carbon dioxide may cause
peatlands to release this carbon repository to the atmosphere as either methane or carbon dioxide,
which would further exacerbate the current greenhouse effects (Gorham, 1995). The

ambivalence revolving around this ecosystem as either a carbon source or sink with the onset of



drastic climate changes may be resolved using a whole-ecosystem prediction experiment
(Hanson et al., 2017).

The Spruce and Peatland Responses Under Changing Environments (SPRUCE) project,
led by the Oak Ridge National Laboratory, represents an innovative approach to examine the
effects of climate change on peatland ecosystems. The project site is located in the S1-Bog of
the Marcell Experimental Forest (MEF) near Grand Rapids, Minnesota and hosts 12 m
enclosures that artificially warm the entire ecosystem from the deep peat to surrounding air in
increasing temperature increments. These enclosures also have the ability to raise the level of
atmospheric carbon dioxide to 500 ppm above ambient concentrations, to further simulate the
effects of climate change on the environment. The response of peatlands to these perturbations,
and the effects on their substantial carbon repository, are largely orchestrated by the
microorganisms present in the belowground environment.

Thorough characterization of the root-soil interface is important to climate change
considerations because it is thought to house a hotspot of microbial activity belowground
(Reinhold-Hurek et al., 2015). Plant roots exude photosynthetically fixed carbon substrates that
stimulate the activity of surrounding microbes. These root-associated microbes are believed to
drive an increased release of greenhouse gases through organic matter decomposition of both old
and new peat carbon deposits (Fan et al., 2013). As plants experience warmer temperatures and
increased availability of carbon dioxide, they are expected to increase production of these carbon
exudates, potentially causing an elevated generation of greenhouse gasses in the peatland
environment and fueling a process known as “priming” (see Literature Review) (Walker et al.,

2016).



This study will examine the effects of simulated whole-ecosystem warming and elevated
levels of carbon dioxide on the microbial communities within the root-soil microbiomes of
vascular plants in peatland[s\. Root samples obtained from the SPRUCE site in Minnesota will be
used to carefully characterize the microbial communities in the root tissue and the surrounding
rhizosphere. The microbial communities can then be examined for any effects of whole
ecosystem warming and the enrichment of carbon dioxide in the atmosphere, creating a glimpse
into the future of peatlands and the associated effects of climate change drivers. This study
marks an important step on a path to a greater understanding of peatland root microbiomes and

climate driven effects on these microbial communities.

Literature Review

Peatland ecosystems represent an at-risk environment to the main drivers of climate
change, including increased temperatures and elevated levels of carbon dioxide in the
atmosphere. Despite the major role of these ecosystems in the global carbon cycle, the predicted
response of peatlands to future climate change is only just beginning to be [understood\. A key
area of current research revolves around gaining a deeper understanding of the ecological role of
plant microbial partners in peatland environments.

One of the more recent foci of research in peatland ecosystems has been the
characterization of microbial communities within plant microbiomes and their correlation with
specific environmental features. Extensive research has gone into elucidation of the Sphagnum
moss microbiome; a plant which is a major contributor to the development of peat in this

ecosystem (Kostka et al., 2016). There exists a high degree of specificity among Sphagnum



species and their bacterial endophytic communities, which has been shown to be even stronger
than geographic association (Opelt et al., 2007).

However, much remains to be explored and resolved on other types of microbial
associations. Fungal assemblages have been shown to relate to vegetative succession and the
chemical composition of organic litter (Artz et al., 2007; Trinder et al., 2008). In addition,
fungal and bacterial community profiles consistently vary vertically with depth (Williams and
Crawford, 1993; Morales et al., 2006; Lin et al., 2014a&jbb. However, Morales et al. (2006)
found no significant correlations of bacterial communities with site chemistry, vegetation
composition, or geographical characteristics in 24 peatland bog sites. In contrast, Yan et al.
(2008) found that different vegetation types support functionally distinct rhizosphere
communities based upon substrate-based respiration assays. This finding is likely due to a
combination of effects including the density and distribution of plant roots, the chemical
composition of specific plant species rhizoexudates, and interactions between the root and
microbes as mutualistic partners (De Deyn et al., 2008). This project examines the effects of
microtopography, microbiome compartment, and vascular plant type in relation to fungal and
bacterial root microbiome assemblages.

Current research on peatlands has focused on future climate change predictions and the
stability of the vast carbon storage within the ecosystem. However, the complex and
multifaceted relationship between the production of greenhouse gasses (such as carbon dioxide
and methane) by microbes and peatland warming remains understudied. This is especially true
when applied to microbial assemblages and plant symbionts. Hines et al. (2008) observed a
definitive increase in microbial methanogenesis with greater vascular plant coverage replacing

Sphagnum moss, which is a common response of peatlands to warming and drying out of the



bog. In order to rectify this knowledge gap, Oak Ridge National Laboratory has devised an
innovative whole-ecosystem warming approach to model future climate change effects in
peatlands.

The Spruce and Peatland Responses Under Changing Environments (SPRUCE) project,
led by the Oak Ridge National Laboratory, leads the way in climate manipulation experiments
(Hanson et al., 2017). The researchers have developed a whole-ecosystem warming experiment,
including both deep-peat warming and atmospheric heating in order to simulate comprehensive
temperature increases. This detailed design has provided many research groups the opportunity
to devise projects that can examine the intricate effects of climate change on |peat|ands\.

Due to the great interest in the stability of C storage in peatlands, several groundbreaking
studies at the SPRUCE site have undertaken addressing this question. Wilson et al. (2016)
demonstrated that although deep-peat warming increases CH4 production, it only affected the
surface peat processes and not the stability of the deeper, anoxic layer of peat known as the
catotelm. However, this assessment seems have been made before the effects of warming could
be fully observed. After five years of warming and two years of elevated CO; treatments,
Hopple et al. (2020) measured continued exponential release of methane from the surface peat as
well as a positive response of CH4 production in the deep peat soil layers. This means that more
ancient carbon sources are now being degraded, creating a positive feedback response than can
further exacerbate warming of the planet.

A potential explanation for the degradation of ancient peat sources during extended
warming stems all the way from microbial root assemblages with the process of ‘priming’.
Priming refers to the degradation of previously stable organic matter following the introduction

of labile C on account of the associated changes in microbial biomass, community structure, and
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metabolic activity (Aertz, 2009). Recent experiments conducted by Oak Ridge National
Laboratory have shown that this process may be occurring during prolonged warming and
catalyzing a shift in the availability of certain nutrients as warming increases in these
ecosystems. The presence of plant-available nutrients was shown to increase with warming
(Iverson, unpublished data). As temperatures increase and atmospheric carbon dioxide climbs,
plants increase their metabolic activity and release more photosynthetically fixed carbon,
rhizoexudates, from their roots. Priming occurs as the rhizodeposition of these organic
substances by roots increases the microbial activity in the rhizosphere through the primary use of
newly available carbon sources, and the subsequent intensive microbial utilization of more
recalcitrant nutrients from the soil organic matter (Kuzyakov, 2002). In peatland ecosystems, the
recalcitrant organic matter is made up of ancient and vast peat deposits, putting the stability of
these in question with increased warming[. A thorough characterization of the root microbiomes
associated with peatland plants may give insight into the potential effects on community
structure and diversity that may indicate the occurrence of priming. |

This study will utilize the SPRUCE peatland site to obtain root samples from a range of
artificially warmed ecosystems from +0°C to +9°C above ambient temperatures, as well as those
subject to elevated levels of atmospheric CO,. The bacterial and fungal communities will be
examined for correlation with environmental parameters (microtopography type, root
microbiome compartment, and plant type) as well as significant community structuring changes
with warming and elevated carbon dioxide.

Methodology

The goal of this project is to characterize the bacterial and fungal microbial communities

present in the roots of vascular plants in peatland bogs, an environment significant for its role in
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the global carbon cycle. The methodology outlined below is based upon the protocol by
Simmons et al., 2018.
Sample Collection

The sample roots in this experiment originated from the Spruce and Peatland Responses
Under Changing Environments (SPRUCE) site managed by Oak Ridge National Laboratory in
the S1 Bog of the Marcell Experimental Forest in Grand Rapids, Minnesota. The site contains
whole-ecosystem warming chambers elevated to +0, +2.25, +4.5, +6.75, and +9 degrees Celsius
in a regression-based design measured from the ambient atmospheric temperature. This site
houses a second replication of all the heated chamber treatments with the addition of atmospheric
CO:; levels that have been elevated to 800-900ppm, approximately 500 ppm above ambient
concentrations. Two plots consisting of only the structural base of the enclosures were built as
negative controls to account for any chamber induced effects. In-growth cores consisting of
autoclaved peat wrapped in plastic mesh netting were incubated in each of these enclosures for
six months before retrieval. This setup was used to ensure that all of the fine roots contained
within the cores were grown under the treatment conditions. The cores were extracted from the
ground using aseptic technique in October 2017 and stored at -20°C at Oak Ridge National
Laboratory. They were then transported from Oak Ridge National Lab to Georgia Institute of

Technology on blue ice in July 2019 and stored at -20°C until processing.

Separation of the Root Endosphere and Soil RhizosphereEach in-growth core was thawed+« [Formatted: Space Before: 0 pt

overnight in a 4°C cold room and homogenized in a sterile plastic bag when sufficiently
defrosted. Individual roots greater than 0.5 cm in length were carefully picked out of the soil and
sorted as either originating from a tree or shrub plant with the closely-associated soil still

attached. All root sorting was performed at 4°C. The sorted roots were suspended in 20mL of
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filter-sterilized (0.2 um pore size) Epiphyte Removal Buffer (6.75 g of KH2POg4, 8.75 g of
K2HPOQOg4, and 1 mL of Triton X-100, to 1 L of sterile water). The samples were agitated via
sonication for 10 [min\ and washed three times with sterile water to remove any surface soil. At
the end of this process, the clean roots and the detached soil were processed separately as
endosphere root tissue and rhizosphere soil, respectively. The cleaned roots were ground into
powder using 3 washes of liquid nitrogen in a mortar and pestle to ensure cell lysis in the DNA
extraction protocol. The rhizosphere suspensions were centrifuged at 8000 x g for 10 minutes at
4 °C to form a distinct peat pellet at the bottom of the tube. Any supernatant was discarded
before storing both the rhizosphere soil and endosphere fractions at -80°C until the DNA
extraction process.
DNA Extraction and PCR Amplification

Genomic DNA was extracted from 0.10 g-0.25 g of source material using a series of cell
lysing and product cleaning steps documented in the Qiagen PowerSoil DNA Extraction kit. All
of the rhizosphere samples used 0.25 g in the DNA extraction while the endospheric samples
ranged from 0.10 g - 0.25 g depending on the amount of source material available. The
concentration of extracted DNA was measured using the Qubit high-sensitivity benchtop
fluorometer. Polymerase chain reaction (PCR) was used to amplify the 16S rRNA region of the
prokaryotic DNA for taxonomic classification using the primer set 806F and 515R (Caporaso et
al., 2012). Two Peptide Nucleic Acid (PNA) clamps were used: the anti-mitochondrial PNA
(mPNA) 5'-GGCAAGTGTTCTTCGGA-3’ and the anti-plastid PNA (pPNA) 5'-
GGCTCAACCCTGGACAG-3' were ordered from PNA Bio. The lyophilized PNA was
resuspended in sterile water to a concentration of 100 uM (Lundberg et al., 2013). Each DNA

sample was PCR amplified in duplicate using 0.5ul of Bovine Serum Albumin (BSA;
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20mg/mL), 0.19l of mitochondrial PNA (100uM), 0.19ul of chloroplast PNA (100uM), 5ul of
F primer (1uM), 5ul of R primer (1uM), 2.5ul of 10X Buffer (Thermo Scientific DreamTaq
Buffer), 2.5ul of ANTPs, 0.125ul of Tag (Thermo Scientific DreamTagq DNA Polymerase),
3.995ul of molecular grade water, and 5ul of sample genomic DNA per PCR sample reaction.
The thermocycler conditions for the 16S rRNA gene primer reactions were 98°C for 180s,
followed by 30 cycles of 98°C for 45s (denaturing), 78°C for 10s (PNA annealing), 50°C for 60s
(primer annealing), and 72°C for 90s (extension), then 10min at 72°C followed by a hold at 4°C.
A separate PCR reaction was used to amplify the ITS2 region of the fungal DNA using the
ITS86F and ITS4 primer set (Vancov & Keen, 2009). Each DNA sample was amplified in
duplicate using 0.4ul of BSA (20mg/mL), 0.08ul of F primer (100uM), 0.08ul of R primer
(100uM), 10ul of Qiagen Taq Hot Start Master Mix, 4.44pl of molecular grade water, and 5pl of
sample genomic DNA per PCR sample reaction. Thermocycler conditions were 95°C for 5 min,
30 cycles of 94°C for 45s (denaturing), 55°C for 45s (primer annealing), and 72°C for 120s
(extension), then 7 min at 72°C followed by a hold at 4°C. The amplicons of each primer type
were screened for size and contamination using agarose gel electrophoresis.
Illumina Sequencing and Data Analysis

The amplified DNA fragments, or amplicons, were delivered to the Sequencing Core at
Georgia Institute of Technology to be further purified, pooled in equimolar concentrations, and
sequenced on an Illumina MiSeq Platform. The sequencing results included in this analysis are
from various rhizosphere and endosphere samples taken from the ambient negative control plots
with and without PNA clamps to ensure their efficacy. Specifically, these include 15 samples
(made up of 6 root endosphere samples, 7 rhizosphere soil samples, a negative control for DNA

extraction kit contamination, and a sample of autoclaved peat) both with and without PNA
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clamps. The sequencing run was repeated due to low quality results in the first run. As a result,
the data presented are the combined duplicates of two MiSeq runs, giving a total of 60 samples in
the final analysis.

All subsequent work proceeded in the bioinformatic analysis of the sequencing results
from these two runs using Rstudio. During the analysis, low quality DNA reads were removed
and taxonomy was assigned to visualize the bacterial and fungal community compositions within
the different treatment plots. These processes were performed using the DADA2 package and
standard pipeline [(Callahan et al., 2016) ]in Rstudio. In the first run, F reads were truncated at
150bp and R reads at 120bp, while the higher quality results of the second run were truncated at
140bp and 160bp. The filterandTrim function of DADA2 was used to ensure reads were
truncated and of sufficient quality. For each run, a unique error model was constructed in
DADAZ2. The derepFatsq function was used to dereplicate the reads and used to infer the
sequence variants in each sample. Forward and reverse reads were paired using the mergePairs
function. Sequences were filtered for length within the expected length of 251-255bp. Finally,
chimeras were removed using removeBimeraDenovo function. Taxonomy was assigned to the
reads within mothur using the Silva SSU Ref v132 (Quast et al., 2013; Yilmaz et al., 2014) . The
phangorn package was used to create the phylogenetic tree. The resulting data was merged into
a phyloseq object for further downstream analysis using the phyloseq package I(McMurdie etal., 7
2013). | Any reads outside of the bacterial domain were removed from further analysis. The
phyloseq object was further processed using the decontam program to remove sequences that
were significantly associated with the negative controls of autoclaved peat and DNA extraction
kit contamination. Any remaining mitochondrial and chloroplast reads were removed

bioinformatically and the read abundances were normalized using the cumulative sum scaling
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(CSS) normalization available in the metagenomeSeq Bioconductor package (Paulson et al.,
2013).

Using different metrics of diversity, | examined how several environmental features
affected the microbial community composition of peatland root microbiomes. The primary
environmental factors examined in this analysis are the rhiziophere soil versus the endosphere
root tissue, hummock versus hollow microtopography, and association with a tree or shrub type
root. In this project, | used the Shannon Diversity test to examine whether alpha diversity varied
with these factors. | also employed a weighted UNI-FRAC metric to determine the beta diversity
of the sampled root microbiomes. 1 also used a Kruskal-Wallis Abundance Test to determine
which specific microbial taxonomic groups were statistically different between environmental
factors.

Statistical Analysis

The Mantel permutation test was used to determine whether the association between an
environmental parameter and community composition can be statistically correlated using two
distance matrices. | used a Bray-Curtis dissimilarity test to create a distance matrix for the taxa
abundance among samples. Euclidean distances were used to create unique distance matrices for
the delegation as either a hummock or hollow, rhizosphere or endosphere, and root species type.
The Mantel test used the abundance distance matrix and each environmental parameter distance
matrix to determine any statistical correlation with p<0.05 performed using the vegan package in

R.
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Methodology

6 month Incubation Separation of Rhizosphere and Endosphere Root Grinding
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Figure 1: /An illustration of the methodology employed in this project to characterize the root Commented [CP20]: Nice figure!

microbial communities of peatland plants.

Results

The goal of this project was to fully characterize the microbial community of the root
endosphere and rhizosphere in peatland plants. This begins with implementing a successful
protocol to separate the root tissue (endosphere) from the surrounding soil (rhizosphere). The
methodology must also isolate bacterial genomic DNA as well as fungal genomic DNA and

successfully amplify the ITS2 and 16S V4 regions as amplicons in the polymerase chain reaction

(PCR). In the 16S rRNA gene amplifications, the use of PNA clamps must be verified in order Commented [CP21]: This should be written out earlier in
the thesis. The first time it is mentioned you write it out
to prevent the amplification and subsequent sequencing of mitochondrial and chloroplast genes i SO, Ee i e G B e

abbreviation in all subsequent mentions

in the root tissue. After the methodology is confirmed to complete the intended purpose of

successfully characterizing a microbial community using a small subset of samples, the same
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methodology will be applied to all samples. At this point, the only available results are those of
the methodology optimization using samples that were not subject to the warming and elevated
temperature treatments. The entire set of samples will undergo the same process and will feature
the same data analysis protocol.
Successful Application of Peptide Nucleic Acid (PNA) Clamps

The PNA clamps were implemented into the PCR protocol during the 16S rRNA gene
amplification to prevent the overwhelming amplification of mitochondrial and chloroplast
amplicons that are abundant in the plant root tissue from ancient endosymbiosis. In Figure 2
below, the abundance of these genes is illustrated in the root and soil samples with and without
PNA clamps. The success of the PNA clamps is predicated as a reduction in the abundance of
mitochondrial and chloroplast genes in the samples with added PNA. A dramatic reduction in
the abundance of chloroplast genes was observed with the use of PNA clamps in the endosphere
samples (Figure [ZD The abundance of chloroplast reads within the samples ranged from 0 % to
55 %, while mitochondrial reads were more restricted within the range of 0 % to 22 %. Within
the soil samples, no significant differences were found Ibetween\ samples with and without PNA
clamps, indicating that few mitochondrial and chloroplast genes were present.
Taxonomic Diversity of the Root Microbiome

An important step in characterizing a microbial community using 16S rRNA genes is
determining whether there is a significant difference in the species diversity within each habitat.
In microbial ecology, communities can be compared using a taxonomic bar plot that showcases
the relative abundance of each taxonomic group between samples. In this study, the taxonomic
groups of microorganisms were shown to be remarkably similar between the root endosphere

and the soil rhizosphere at first glance (Figure 3). In order to determine whether these root
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compartments house different microbial communities, a clustering of samples by beta diversity is
needed and a Mantel test will determine the statistical significance of the environmental
parameters.

Beta Diversity of the Root Microbiome

In order to compare the diversity of microbial species between each habitat, metrics of
beta diversity are often employed to illustrate how similar or different certain microbial
communities are. Using a weighted UNI-FRAC distance method, the beta diversity of the
different microbial communities were displayed in an PCoA plot (Figure 4). In this type of plot,
the closer two microbial communities are to each other, the more similar in species composition
they are. In this project, we are hoping to define what environmental parameters influence the
composition of these communities and what taxonomic groups are responsible for their
differentiation. Microbial communities clustered by their presence in either the root endosphere
or the soil rhizosphere (49% Axis 1). Clustering was also observed according to peatland
microtopography (23.3% Axis 2), by hummock and hollow environmental features. However,
clustering along the PCoA axis does not necessarily indicate that the effect of these features is
statistically significant.

The Mantel permutation test is used to determine whether the association between an
environmental parameter and the community composition can be statistically correlated. h’he
correlation between the environmental parameter, hummock or hollow, and the taxonomic
abundance is not strongly related, although remains statistically significant (Mantel statistic R:
0.3628, p-value: 1e-04). The species Bray-Curtis dissimilarity matrix and the root species

(Tree/shrub) designation produces a weaker association (Mantel statistic R: 0.1314, p-value:
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0.0099). The strongest environmental parameter association with the species abundance is with
the rhizosphere and endosphere compartment (Mantel statistic R: 0.645, p-value: 1e-04).
Variation of Specific Microbial Taxonomic Groups with Environmental Features

The significance of different microbial groups between the environmental parameters of
the 16S rRNA gene dataset was determined using a Kruskal-Wallis Abundance Test. The top 50
amplicon sequence variants (ASVs) with p < 0.05 varying between microbiome compartment,
microtopography, and root species type are displayed in Figures 5-10 by the Phylum and Family
taxonomic levels. f‘l’he most statistically significant differentially abundant ASVs between the
endosphere and rhizosphere originate from a total of seven phyla. Acidobacteria, Bacteriodetes,
Plactomycetes, and Verrrucomicrobia have a greater representation within the rhizosphere than
the endospheric root tissue (Figure 5). On the other hand, Proteobacteria represents between
20% and 50% of the relative abundance within the endosphere compared to less than 20% of any
soil samples. The distinction between the hummock and hollow microbiomes looks to stem from
the complete presence or absence of specific microbial taxa, rather than a differential abundance
(Figure 7). Several phyla present in the hummock samples and absent from hollows includes
Actinobacteria, Dependentiae, Planctomycetes, Bacteriodetes, and Verrucomicrobia.

Figures:
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Figure 2: Abundance plot of the presence of chloroplast and mitochondrial genes in the sequenced

samples with and without peptide nucleic acid (PNA) clamps
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Figure 3: Histogram depicting the relative abundance of microbial communities associated with
the root/soil microbiome at the order level including the presence/absence of Peptide Nucleic

Acids clamps (PNAs).
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Figure 4: Beta-diversity plots (PCoA) showing the clustering of microbial communities. The
uppermost plot shows differences in community composition between the endosphere and
rhizosphere compartments. The lower plots show differences between hummocks and hollows

(left) as well as shrubs and trees (right).
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Figure 7: Box plots of the Phylum level distributions of the top 50 ASVs that significantly differ

between the hummock and hollow microtopographies.
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Figure 10: Boxplots of the most significant families in the top 50 ASVs that differ between the

association with tree or shrub roots.

Conclusions

The ultimate objective of this project is to fully characterize the microbial community of
the root endosphere and rhizosphere in peatland plants. To work towards this objective, | have
developed and successfully implemented a protocol to sort plant roots from ingrowth cores,
separate roots from the surrounding rhizosphere, and amplify extracted DNA that is of sufficient
quality for next-generation sequencing (NGS). The subsequent analysis of the sequenced 16S
rRNA gene amplicons for a limited set of samples demonstrates that the methodology is ready to
be applied to the entire dataset. The addition of PNA clamps prior to PCR amplification
dramatically reduced the amount of mitochondrial and chloroplast genes present in the amplicon
dataset (Figure 2). The rhizosphere and endosphere samples differed significantly, indicating
that the different compartments are colonized by distinct microbial communities (Figure 3). The
communities were also affected by the peatland microtopography, as seen by differences in
community composition between the hummocks and hollows.

Comparisons of beta diversity revealed that the composition of root microbial
communities is strongly shaped by specific environmental factors | !The distinction of a tree or a
shrub root seems to make a less important contribution to the community structuring indicating
that the different types of plants present within the peatland harbor similar microbial
assemblages.

The increased abundance of certain microbial taxonomic groups potentially reflects the

changing presence of functional abilities between environmental features. Comparisons of the
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root microbiome compartments reveal a greater abundance of taxa in the VVerrucomicrobia,
Acidobacteria, and Planctomycetes phyla within the rhizosphere when compared to the
endosphere. Acidobacteria represents a common phylum within peatland soils, [but is commonly
noted for its exclusion from the root endosphere and its difficulty to isolate using culture
dependent studies and, as a result has a lesser understood metabolism (Bulgarelli, 2013).
Members of the phylum Planctomycetes are common inhabitants of boreal peatlands and have
been found to have hydrolytic capabilities via metatranscriptomics, suggesting an important role
in degrading plant-derived carbon including those originating from rhizodeposition (Dedysh and
Ivanova, 2019). Certain members of the phyla VVerrucomicrobia have been found to be capable
of performing methanotrophy in extremely acidic environments (Dunfield et al., 2007). The
endosphere compartment was dominated by members of the Proteobacteria, an incredibly diverse
phylum commonly found in soil environments that encompasses a diverse range of metabolisms
(Kersters et al., 2006).

The microtopography of peatlands also plays a role in shaping the makeup of the root
microbiome. Hummocks typically represent a more aerobic environment with a greater
abundance of vascular plants compared to peat moss. A greater presence of Actinobacteria in
hummocks could signify more hydrolytic enzymes with the increased vascular vegetation
(Dedysh et al., 2006; and Rheims and Stackebrandt, 1999). However, vegetation species type
seems to play a smaller role in shaping the root microbiome. None of the phyla mentioned above
varied between shrub and tree roots. The phyla that did vary were generally composed of lesser
abundant taxa, suggesting that the species-specific characteristics of rhizodeposition of complex
plant polymers may play a relatively smaller role in shaping the root microbiome in peatlands.

The microbial species diversity and potential functional capabilities of the root microbiome in
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peatlands is indicative of the potential effects of priming in these environments and is critical to
understanding the stability of the vast carbon repository that defines peatland ecosystems.
Future Directions

The future of this project is predicated on the completion of the entire methodology
outlined above and the production of the same type of results using the entire sample set. This
translates to the sequencing of 16S rRNA genes for microbial communities from the root and soil
samples subjected to artificial warming and elevated levels of carbon dioxide. This project is
also looking to characterize the entire fungal community by using the ITS2 primer set in addition
to the bacterial community. This primer set has already been tested on DNA extracts from root
and soil samples, demonstrating successful extraction and amplification of fungal DNA using the
described methods. Both of these sequencing datasets will give detailed information on the
taxonomic classification of the fungal and bacterial communities, but limited insight into the
function of these microbes. The inclusion of RT-qPCR of genes involved in methane cycling,
such as the mcrA gene, would yield quantitative results on the subset of the microbial community
that is capable of producing methane (Hallam et al., 2003). This information could be utilized to
make inferences about the presence of methanogenic microbes in peatland root microbiomes

under the influence of climate change drivers.
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